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Abstract 

 
This study concerns the valorization of lignin in the context of three green industrial 

applications: a) nano-materials and biocatalysis; b) bio-inks; and c) biosensors. 

In the first section of the thesis, the production of novel nanocapsules of lignin and 

lignin mixed polyphenols is reported, and their antioxidant activity, UV-shielding 

properties, and electrochemical responsiveness adequately discussed. Mixed nanodevices 

showed physical and chemical properties higher than the homopolymer counterpart and 

of the native polyphenol, highlighting the presence of synergistic effects between the 

different components. The presence of UV-visible bathochromic shift in the analysis of 

the novel devices confirmed the occurrence of J-aggregates between the aromatic 

moieties of the polymers, affording a parallel orientation of the molecular units along the 

longitudinal direction by a head-to-tail repetitive motif. In addition, nanocapsules of 

mixed polyphenols showed a layer aggregation state higher than references, the specific 

morphology of their surface being dependent on the structural arrangement of the 

different components. 

In the second section of the thesis, lignin nanoparticles have been applied in the 

immobilization of tyrosinase by different technologies, including physical adsorption, 

encapsulation and layer-by-layer (LbL) deposition, with or without the assistance of the 

glutaraldehyde reticulation procedure. Functionalized lignin nanoparticles were stable 

after the immobilization of tyrosinase, and the enzyme retained the catalytic activity in 

the selective synthesis of a large panel of bioactive catechols. The efficacy of the catalyst 

was dependent from the specific immobilization procedure. In the preparation of a second 

set of biocatalysts, lignin nanoparticles were used in the immobilization of laccase from 

Trametes versicolor using the procedure previously reported for tyrosinase. The activity 
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parameters and kinetic properties of the novel catalysts are described in detail, and cyclic 

voltammetry and amperometric analyses highlighted the occurrence of pseudo direct 

electron transfer (pseudo-DET) and mediated electron transfer (MET) mechanisms in the 

performance of the immobilized enzyme. The novel catalysts converted alcohols to the 

corresponding aldehydes with high selectivity in the presence of low molecular weight 

redox mediators, retaining the activity for more runs. Finally, lignin nanoparticles were 

used as a platform for the immobilization of horseradish peroxidase, in order to prepare 

biocatalysts useful for the bio-desulfurization of liquid fuel from recalcitrant and pollutant 

sulfur derivatives. In this latter case, the immobilization of the enzyme was facilitated by 

the use of concanavalin A. The novel catalysts were applied in the oxidative degradation 

of dibenzothiophene, that is a well recognized model of the recalcitrant sulfur derivatives. 

The reactions were performed with hydrogen peroxide as a green oxidant in a water 

biphasic system at 45 °C and room pressure. The catalytic activity was retained for more 

transformations highlighting the beneficial effect of the support in the reusability of the 

catalyst. 

In the second section of the thesis, enzyme functionalized lignin nanoparticles were 

applied in the preparation of polyvalent bioinks, in order to remove toxic ingredients from 

the actual ink formulations. In these bioinks, the pigment, vehicle, binder, and additive 

are included in a single confined spherical space, that is the lignin nanoparticle. Bioinks 

with different shades of color, encompassing black, gray, yellow-like, pink-like, and 

red/brown hues, have been prepared by appropriate selection of the reactants and of the 

pigmentation process. In addition, lignin nanoparticles were able to protect the  pigments 

from alkaline and UV-degradation treatments. 

In the third section of the thesis, lignin nanoparticles have been used in the layer-by-

layer immobilization of cascade of enzymes, namely horseradish peroxidase (HRP) and 

glucose oxidase (GOX). The role of concanavalin A as a molecular spacer in ensuring the 

correct orientation and distance between the two enzymes was confirmed by Forster 

resonance energy transfer measurements. Polyelectrolyte layers with different physical 

and chemical properties finely tuned the activity and kinetic parameters of the enzymatic 

cascade, cationic lignin performing as the best polyelectrolyte in the retention of the 

sensoring activity. Electrochemical properties, temperature and pH stability, and 

reusability of the novel nanodevices have been studied, as well as their capacity to 

perform as colorimetric biosensors in the detection of glucose using ABTS as redox 

mediator and dopamine as chromogenic substrate. The limit of detection (LOD) of these 
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devices was better than, or comparable to, that previously reported for other sensors. 

Thus, renewable lignin platforms worked as smart and functional devices for the 

preparation of green biosensors in the detection of glucose. 
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1.1 Renewable polyphenols from lignocellulosic biomass   
  

Circular Economy and Green Chemistry are the pillars for the emergence of a new 

eco-sustainable strategy based on the valorization of renewable materials and 

agroindustrial wastes, possibly avoiding the use of petroleum-based resources .1  

The objective of this strategy is a new economical system in which the traditional 

market laws are balanced by environmental considerations. 2 In this thesis, green bio-

nanotechnological processes have been developed to valorize polyphenols from 

lignocellulosic wastes.3 The chemical composition of lignocellulosic biomass, 

comprising crystalline and partly amorphous cellulose fibrils (35-50%) embedded in a 

disordered matrix of hemicellulose (15-35%) and lignin (5-30%), is reported in Figure 

1.1 for the representative case of Coniferous tree. 

 
Figure 1.1 The hierarchal structure of wood. (a) Coniferous tree. (b) Photograph of trunk section from 

a pine tree. (c) Electron microscopy image of the tissue structure softwood. (d) Electron microscopy image 
showing the ultrastructure wood cell wall. CL, cell lumen; CML, compound middle lamella; S1, S2, and 
S3 denote layers of the secondary cell wall. (e) Schematic of the nanoscale architecture of lignocellulose. 
(f) Idealized depiction of an amorphous lignin polymer and a cellulose elementary fibril decorated with 
hemicellulose (microfibril). (g) Atomic models of cellulose elementary fibrils exhibiting the nanostructural 
geometry obtained by computational analysis of transmission electron tomographic reconstructions. Blue- 
color indicates cellulose, and gray color indicates lignin. 

 

The production of lignocellulosic wastes is manly related to forestry and agro-

industrial activities, catering, household garbage, and large-scale distribution. The use 

of these wastes as a primary/secondary material in industrial applications represents a 

big challenge, since they are responsible for pollution.4 In fact, the inappropriate 

storage and the burning of lignocellulosic biomass results in the production of 

ammonia and methane that contribute to global greenhouse gas emission.5,6 
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In the last years, biorefinery platforms have been realized for the valorization of 

lignocellulosic materials. They encompass a cascade of operative units for the 

separation of the main components present in the raw material (extractives, cellulose, 

emicellulose and lignin), followed by the transformation of any fraction in high-added 

value products. In this context, polysaccharades are generally converted into bio-fuels 

by fermentative processes,7 while extractives and lignin are used for the production of 

fine-chemicals, specialties and commodities.8 Despite the efforts, further technological 

innovation is required for the complete valorization of lignin, due to the high amounts 

of wastes actually available for this polymer. 9,10 Potential applications can be 

envisaged in the preparation of advanced and functional materials, pharmaceutical 

products and devices, and sensoring.11 In this thesis, the development of nano-

materials and biocatalysis, bio-inks and biosensors, has been discussed in the context 

of the design and application of lignin nanoparticles. 

 

1.2   Lignin: structure and properties   
 

Lignin is the most abundant polyphenol in nature. It is produced as a waste from 

biorefinery and pulp and paper industries.12 The attention for the valorization of lignin to 

high-added value products greately increased in the last 20 years13 by developing novel 

technologies for its conversion to bio-fuels, specialties, commodities and advanced 

materials.  A schematic representation of the targets actually proposed for lignin wastes 

is reported in Figure 1.2. Only a little part of these applications has come to the final 

market. This is in part due to the gap existing between the lignin producers and market 

off-takers, which slows down lignin market penetration, as well as to the necessity of 

developing a novel lignin targeted technology. Moreover, the new lignin applications 

need to be tested and adequately improved to meet market specifications and to become 

adequate to end-users. 14 The increment in the market of lignin is expected to increase in 

the context of Circular economy and Green chemistry perspectives.15 The worldwide 

production of lignin is approximately 100 million tonnes/year, and the annual growth rate 

calculated to be 732.7 million of dollars in 2015, and evaluated in the future as 913.1 

million of dollars in 2025.16 (CAGR) is expected to increase to 2.2% every year. The 

relative marked has been calculated to be 732.7 million of dollars in 2015, and evaluated 

in the future as 913.1 million of dollars in 2025.16 
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Figure 1.2 Actual lignin valorization strategies for the production of biofuels, products and 

composites.  
 

 

1.2.1   Lignin biosynthesis and biological functions 
 

Lignin is commonly distributed in primary and secondary cell walls in a wide range 

of plants.17 It acts as a structural component adding strength and rigidity to the cell, and 

allowing the transport of water and solutes through the xylem system. In addition, it 

provides a physical barrier against pathogens and other environmental stresses.18 Inside 

the cell lignin is usually indicated as protolignin. The 3D ultrastructure of protolignin is 

difficult to analyze without distruptive procedures. Computational analysis19 suggests the 

presence of a certain degree of regularity in protolignin.20 Fadon and Hatcher postulated 

for protolignin two different levels of conformational structure, represented by ordered 

helicoidal oligomers organized in a spiral-like network (Figure 1.3).21, 22 

 

Figure 1.3 Proposed model for protolignin oligomer and lignin from gymnospermous wood. Helical 
conformation of protolignin oligomeric structure by computational model. (a) plan view, (b) side view. In 
panel (c-e) three-dimensional representation of the resulting structure of ordered lignin (c) The dashed line 
separates the two helical systems. (d) Three-dimensional representation of the structure in plan view (e) 
Three-dimensional representation of the structure viewed from the side. 
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The biosynthesis of lignin can be induced by various biotic and abiotic conditions, 

including wounding, pathogen infection, metabolic stress, and perturbations in the cell 

wall structure.23 

Lignin is a polyphenol produced from the shichimic acid pathway by formation of 

phenyl alanine as a key intermediate (Figure 1.4). 24 After a deamination step, and a series 

of hydroxylation, O-methylation reactions, and reduction steps, the starting compound is 

transformed into three lignin monomers (monolignols), namely p-coumaryl (4-

hydroxycinnamyl) alcohol, coniferyl (3-methoxy 4-hydroxycinnamyl) alcohol, and 

sinapyl (3,5-dimethoxy 4-hydroxycinnamyl) alcohol. Upon incorporation into the lignin 

structure these monomers are referred as p-hydroxyphenyl (H), guaiacyl (G), and syringyl 

(S) units.  

Except for a few numbers of cases, lignin from Gymnosperms is abundant in G-

units (with minor quantities of H-units), while in the angiosperm dicotyledonous consists 

mostly of both G- and S-units.25 H-units are found in high amounts in softwood lignin 

and grass.  

 
Figure 1.4 An overview of lignin distribution, biosynthesis, and structure. Gray arrows follow this 

progression from the whole organism to the tissue, cellular, and molecular levels. 
 
Monolignols are exported at the extracellular space (apoplast) for incorporation into 

the polymer.26 After reaching the apoplast, monolignols undergo single-electron 
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oxidation coupling mediated by wall-bound redox enzymes, laccases and peroxidases, 

that act in synergy to form reactive phenolic radical intermediates.27 These radicals allow 

the formation of a large panel of dimeric sub-units, such as β-β, β-O-4, and β-5 dimers 

(Figure 1.4). 

 
Figure 1.5. Pathways for the biosynthesis of monolignols. The enzymatic steps  are catalyzed by 

PAL, (phenylalanine ammonia-lyase); C4H, (cinnamate4-hydroxylase); 4CL, (4-coumarate:CoA ligase); 
CCR, (cinnamoyl-CoA reductase);CAD, (cinnamylalcoholdehydrogenase) ;HCT, 
(hydroxycinnamoylCoA:shikimate/quinate hydroxycinnamoyl transferase); C3′H, (4-coumaroyl shikimate 
3-hydroxylase); CCoAOMT, (caffeoyl-CoA 3-O-methyltransferase); COMT, (caffeic acid/5-
hydroxyconiferaldehyde 3-O-methyltransferase); F5H, (ferulate/coniferaldehyde 5-hydroxylase).  

 
The synthesis of monolignols from phenylalanine requires a series of enzymatic 

reactions: after the preliminary step of deamination, the hydroxylation step may occur at 

one, two, or three positions of the aromatic ring, successively the hydroxyl groups are 

methylated in one or two positions.28 At the end of this biosynthetic pathway, two 

successive reductions of the monolignol side chain occur. (Figure 1.5). These enzymatic 

reactions are catalyzed by specific enzymes: ammonia-lyase (PAL), three different 

cytochrome P450-dependent monooxygenases (C4H, C3’H, and F5H), two 

methyltransferases (CCoAOMT and COMT), and two oxidoreductases (CCR and CAD). 

In addition to these enzymes 4CL and HCT are required to synthesize intermediates that 

serve as substrates for subsequent reactions (for the synthesis of flavonoids, tannins and 

stilbenes). 4CL is an ATP-dependent CoA ligase that catalyzes the synthesis of p-

coumaroyl CoA.29, 30 
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1.3 Lignin isolation method: technical lignin  
Large amounts of lignin wastes are obtained from biorefinery and pulp and paper 

industries. Lignin is present naturally in plants for approximately 300 billion tons,31 and 

at least 100 million tons of technical or industrial lignins are collected per year. These 

industrial lignins are a useful material for the preparation of high value-added products.  

The extraction processes for the separation of lignin from lignocellulosic biomass 

have a significant influence on the lignin structure, properties, and purity.32 Expensive 

enzymatic extraction methods that allow the isolation and characterization of lignin with 

a structure as close as to protolignin have been developed for analytical purposes.33 They 

are not useful for industrial aplications. At a larger scale, technical lignins with a highly 

modified structure are produced as a waste during the palp and paper process.34 Industrial 

lignin wastes include: lignosulfonates from sulphite pulping,35 kraft lignin from kraft 

pulping,36 and soda lignin from the soda pulping process.37 The latter processes are 

classified as alkaline treatments, otherwise, organosol lignin is obtained by organic 

solvent extraction under neutral conditions. 38 

 

i) Sulphite pulping  

The sulphite pulping is based on the use of acids and sulphites (usually Ca/MgSO3) 

at around 150°C.39 In this case, sulphur is incorporated into the lignin as sulfonic acid 

functionalities. This confers to the product a relatively good water solubility.  

ii) Kraft pulping  

The kraft pulping requires the use of sodium hydroxide and hydrogen sulphide. This 

process results in hydroxylation and sulphytilation of lignin with concomitant degradation 

to relatively low molecular weight fragments.36 One of the main degradative during the 

kraft pulping is the cleavege of the β-O-4 linkage35 (see Figure 1.6 for detailed 

information).  

 
Figure 1.6 β-O-4 cleavage in kraft pulping.  
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i) Soda pulping process 

The last alkaline process consists in the use of hydroxides and alkaline metals under 

relatively high pressure and temperature, favouring the cleavage of α− and β. ether 

linkages.40 In this way, oligomeric lignin in the range of 1-5 KDa are produced.  

ii) Organosolv process 

Organosolv treatment is an extractive technique based on the use of organic solvents 

in combination with water. Acid catalysts can be added leading to relatively short lignin 

fragments (ca. 5 KDa). Organosolv is a promising alternative to standard pulping 

processes. In the organosolv treatment, lignin shows a lower content of residual 

carbohydrates and ash. Together with a cellulose pulp, high purity lignin and 

hemicellulose-derived products are coproduced and easily separated. Many types of 

organosolv processes have been developed based on different solvents and acids. Most 

commonly, organosolv processes use aqueous ethanol, typically adding sulphuric acid as 

a catalyst. However, Alcell lignin, which has been produced at the pilot scale, was 

generated without adding a catalyst.41  

The isolation processes provide technical lignins with a different degree of 

polymerization and altered distribution of the functional groups.42 For example, in the 

case of Kraft lignin or lignosulphonate, a significant amount of sulfur is introduced in the 

polymer. Low molecular weight lignin polymers and oligomers are usually obtained from 

the pulping processes. The most common types of technical lignin and their most 

representative properties are summarized in Table 1. 

 

Table 1. Main properties of common technical lignins. 
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1.4 Chemo-physical and rheological properties 
 

1.4.1 Chromophores group and lignin colour 
 

The structure and color of technical lignins differ from their native counterpart. Native 

protolignin is expected to be a colorless or pale-yellow polymer.43.44 After acid and alkali 

treatment, or organic solvent extraction, the color of lignin changes from light brown to 

dark brown (Figure 1.7). For example, kraft and sulphite pulping produce a reddish-

brown lignin powder containing quinones and thiolic groups as chromophores.45 

 
Figure 1.7 Colour of 45 lignin samples arranged in order of decreasing brightness 

The complexity shade of color in technical lignins (Figure 1.7) is related to the fine 

modification of the chromophore groups. The chromophores in lignin include quinoids, 

catechols, aromatic ketones, stilbenes, conjugated carbonyls, and metal complexes.46 All 

chromophores and leucochromophores (precursors of chromopheres) are summarized in 

Figure 1.8.  

 

 
Figure 1.8 Chromophores and leucochromphores from lignin 
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The dark color of technical lignin is a limitation for the development of novel 

products.47,48 For this reason, few examples are available for the application of technical 

lignins in cosmetic and cosmeceutical formulations.46 Recently, procedures for the 

lightening of technical lignins have been reported,49 they use both chemical and 

enzymatic treatments.50 In addition, Wang and co-workers described a UV procedure 

combined to hydrogen peroxide  oxidation for the lightening of lignin.51  

 

1.4.2 Thermal and rheological properties of technical lignin 
 

As previously stated, lignin contributes to the rheological behavior of cell walls, 

conferring rigidity and modulating the viscoelastic properties of wood. 52 

Technical lignins have been tested as rheology modifier in polymeric materials. In this 

context, kraft lignin showed a limited solubility and high thermal deformability than other 

lignin types. Instead, organosolv lignin showed higher rigidity and lower glass transition 

temperature (Tg) with respect to kraft lignin (170° for Organosolv lignin versus 190°C of 

kraft lignin) (Figure 1.9).53 These effects are mainly due to the alteration of thermal 

viscosity and melting point of the composite. 54,55,56 

 
Figure 1.9. Structural characteristics and rheological behaviors of two technical lignin. Organosolv 

lignin and a kraft lignin. Representative chemical structural units of Organosolv lignin (A) and chemical 
structural unit of Kraft lignin (B).  

 

The longest and most intensively application of technical lignins is reported in 

thermosetting materials and in a green alternative to toxic phenolic resins.57 Organosolv 

lignin was used as a green alternative to phenol-formaldehyde resins, which are 

genotoxics.58 Since 1980s, technical lignins have been used as stabilizers of thermoplastic 

materials,59 being able to improve thermal properties, processability, oxidative and light 

stability. 60-62 For instance, a small amount of lignin added into polypropylene (PP) 

improves the mechanical and chemical stability of the composite under UV-light 

exposure.63,64 Lignin is used as additive and filler in PE, ABS, PMMA, styrene-butadiene 
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rubbers,65-67 and polylactic acid (PLA).68 In particular, the Young module value of PLA 

was higher than the native polymer in the presence of lignin.69 Amine salts of kraft lignin 

were used as dispersing agents in water-based pigments and binders in printing 

processes,70 while organosolv lignin has been applied as a filler in ink formulations, 

improving the viscosity of the medium.71 In a similar way, nitrate alkaline lignin esters, 

carboxylate softwood lignin, and acetylated lignin are binders in ink formulations.72 The 

rheological properties of technical lignins is further improved by chemical 

functionalization procedures. The standard functionalization methods involve the use of 

crosslinking agents, such as isocyanate, polyamines, polyacrylate, and epoxy groups.73 

Recent examples of the application of technical lignin in advanced materials after 

functionalization procedures are reported in Figure 1.10. 

  
Figure 1.10 Semi-commercial products with lignin—(A) Prototype printed circuit board manufactured 

with glass fiber-reinforced (organosolv) lignin-containing (50%) epoxy resin (B) Prototype shell of 
injection-molded chair made from polypropylene/lignin derivative blend; and (C,D) commercial 
compostable waste bag made with melt-blown films of blends of hydroxypropyl (Kraft) lignin derivative 
and biodegradable polyester.74 

 
1.4.3 Antioxidant activities and UV shielding properties 

 

Lignin shows antioxidant property due to the huge amount of aromatic and phenolic 

moieties present in its structure.75,76 The main factors that influence the antioxidant 

properties of lignin are the content of guaiacyl and syringyl units and the number of α-

benzylic groups.77 The antioxidant activity of lignin is usually evaluated by the 2, 2-

diphenyl-1-picrylhydrazyl radical (DPPH•) assay.78 A schematic  pathways for the 

reaction of lignin with DPPH• is reported in Figure 1.11. 
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Figure 1.11 Possible reaction pathways of lignin with DPPH• free radical. 

 

The applications of lignin as antioxidant have been reported in several studies,79,80 

making lignin a good alternative to toxic commercial compounds such as butylated 

hydroxytoluene (BHT) or butylated hydroxyanisole (BHA).81 

Lignin has several UV chromophoric groups that absorb UV-A, UV-B and UVC 

radiation, such as carbonyl, cinnamaldehyde, hydroxyl groups and double bonds.82 (see 

Figure 1.12). 

 

 
Figure 1.12 Chromophores in lignin structure and their approximates wavelenghts in the top part, and 

lignin UV absorption spectrum in the bottom part.  
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UV-radiation is responsible for biological damage due to formation of reactive oxygen 

species (ROSs) and superoxide anion radicals.83 UV rays are also responsible for the 

degradation of organic compounds, discoloration of dyes and pigments, weathering and 

yellowing of plastics and films.84-88 The presence of organosolv lignin in sunscreen 

formulations increased the sun protection factor (SPF) in a significant amount.89  In 

addition, lignin can improve the photostability of UV sensitive natural substances, e.g. 

flavonoids.90 Quercetin and other natural flavonoids are excellent antioxidants and have 

some benefits for human health, such as anti-cancer, anti-inflammatory, and anti-diabetic 

activities. The photostability of quercetin was significanly improved by lignin. 91 

 
1.4.4. Electron transfer and boosting effect on redox enzymes 

 

The electron transfer properties and electrochemical responsiveness of lignin make it 

an attractive biopolymer for the development of biosensing and sustainable charge 

storage devices.92,93 Lignin may work as an active component for reversible redox 

reactions through absorbing and releasing electrons and protons, due to the presence of 

reactive quinone/hydroquinone redox sites.94,95,96 (see Figure 1.13) 

 
 Figure 1.13 Lignin structure and the reversible redox reaction between quinone and hydroquinone 

 

The application of lignin in electrochemistry includes the use of lignosulfonates and 

kraft lignin in the construction of renewable electrodes by incorporation into conductive 

electrode materials, such as glassy carbon, 97 conductive carbon, 98 and gold modified 

electrodes.99 In all the cases, lignin exhibits high redox reversibility during the electro-

oxidation cycle and the fastest electron transfer kinetics. Cyclic voltammetric 

investigations revealed that the surface modification of glassy carbon electrode with 
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lignin enhance the electroactivity of the overall system.97,100 In particular, electrodes 

modified with lignin showed an efficient electroactivity towards the oxidation of 

histamine in phosphate buffer solution.100 Glassy carbon electrodes functionalized with 

lignosulphonated showed a high sensibility in the detection of nicotinamide adenine 

dinucleotide (NADH) for biomedical applications. 101  

This promising technology was employed in the fabrication of eco-friendly lithium-

ion batteries, 102 as well as for rechargeable batteries and supercapacitors.103 A recent 

study evaluated the electrochemical responsivness of multi-walled carbon nanotubes 

(CNTs) functionalized with kraft lignin. The presence of lignin on the surface of CNTs 

exhibits higher electroactivity with respect to the pristine form, due to the formation of 

redox active quinone moieties. The reversible redox behavior of lignin after the 

adsorbtion on carbon nanotubes was utilized for charge storage purposes.92  

The electron transfer properties of lignin increase the activity of copper-based 

enzymes.104   Recently, it was demonstrated that lignin oligomers can act as a shuttle for 

the electron transfer processes to the active site of redox enzymes,105 such as laccases, 

tyrosinase and Lytic Polysaccharide MonoOxygenases (LPMOs). 106   
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Chapter 2 
Micro-nano scaled lignin  
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2.1 Polyphenols: π-π supramolecular interaction 
 

The π-π stacking interactions are effective in a broad range of biotechnological 

applications, such as protein immobilization, supramolecular interactions, and 

nanomaterial construction.107 

The π-π stacking interactions are non-covalent interactions that occur between π 

orbitals of the aromatic rings. 108, 109 Four configurations of π-π stacking of the benzene 

rimg are possible as reported in Figure 2.1 (panel A). 110 X-ray crystal analysis and 

computational studies110,112 confirmed that the most stable conformations are the parallel 

(Y shaped geometry) and perpendicular conformations (T shaped geometry), representing 

a minimum of energy (Figure 2.1 panel B).113,114  

 
Figure 2.1 Typically visualization of benzene interaction, in panel A the four possible motifs. In panel 

B, the most stable π-π interactions.  
 
The π-π supramolecular interactions influences the charge transfer processes and the 

spectral properties of polyphenols.115 For example, in the case of lignin, the 

 π−π interaction may result in two types of supramolecular aggregation states, namely H– 

and J–aggregations.116 The energy level of H– and J–aggregations (in Figure 2.2) 

depends from the tilt angle θ between the molecular axis that connect the center of 

chromophores and the transition dipole moment of each chromophore. In particular, when 

the tilt angle is less than 54.7°, the aromatic groups of lignin form J–aggregates. When 

the tilt angle is higher than 54.7° the H- aggregates occurs.117 
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Figure 2.2 Schematic representation of the arrangement for H and J aggregation and their different 

energy levels. θ is defined as the tilt angle between the axis connecting the center of chromophores in the 
aggregate and a transition dipole moment of each chromophore. 

 
When the aromatic groups are oriented in an ordered and stable structure, the 

abundance in J-aggregation modify the spectral properties of lignin.118 According to this 

theory, called “coupling of molecular excitons”, the enhancement of the J-aggregation 

would lead to a “redshift” of the UV and fluorescent spectrum (bathochromic shift).119 

The redshift favor the occurrence of electron and charge transfer processes, 120,121 

providing novel redox and chemical patterns. In addition, π–π interactions regulate the 

self-assembly of lignin at the nanoscale level. The formation of these supramolecular 

interactions also provides the emergence of novel rheological and chemo–physical 

properties.122,123,124 

 

 
2.2 Synthesis of lignin nanostructures 

 

The application of renewable feedstocks in  nanomaterials science received a great 

attention due to Green Chemistry and Circular economy concerns.125-127 In this context, 

lignin polymers emerged as attractive alternatives to conventional organic materials.128 

Several procedures have been made in order to obtain nanostructured lignin, 

encompassing nanotubes, nanosheets, nanorods, nanoparticles, and empty nanocapsules. 

Nanoparticles and nanocapsules have proved to be very advantageous for many aspects, 

including their greater surface to volume ratio and electron transfer properties. In the last 

years, the methods for the preparation of lignin nanoparticles (LNPs) increased 

significantly overcoming drawbacks such as the low yield, the use of toxic solvents, and 

very long processing time. LNPs can be produced from different technical lignin under 

various synthetic methods as summarize in Scheme 2.1. These procedures can be 

classified into two main types; i) no precipitation methods and ii) precipitation 
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methods.129 The no precipitation methods involve water/oil emulsion processes, 130 

homogenization treatments,131 and sonochemical preparations (with or without 

crosslinking agents).132 These methods are ineffective for the scale-up due to the low yield 

of LNPs. Conversely, the precipitation methods provide high yield production of LNPs. 

The acid precipitation has been the earliest reported method for the preparation of size-

controlled, biocompatible and stable LNPs.133 

 
Scheme 2.1 Summary of methods and procedure used for synthesis of LNP classified as precipitation 

method and non-precipitation method.  

 

Subsequently, Lievonen et al. introduced the dialysis procedure.134 This process is 

based on a slow solvent exchange between a lignin solution in THF and a H2O 

counterpart. Lignin, which is notoriously non-soluble in water, tends to minimize the 

contact with water, which slowly replaces THF. Some major drawbacks of dialysis 

procedure include its time-consuming feature and the need for treating large amounts of 

wastewater. 

The nanoprecipitation procedure is another effective method for the preparation of 

LNPs. 135 In brief, lignin after solubilization in the organic solvent is poured fastly into 

water to yield lignin nanoparticles instantaneously. An example of nanoprecipitation of 

lignin nanoparticles in colloidal form (CLPs) is shown in Figure 2.3. CLPs were obtained 

with an average size of 80–100 nm, and remained stable for up to 30 days in different 

pHs conditions and temperatures.  
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Figure 2.3 Schematic illustration of the nanoprecipitation process for production of CLPs 
 
 

 

2.2.1  Nanoprecipitation and Ouzo-Effect  

 
The nanoprecipitation mechanism is defined as a spontaneous microemulsification 

process, also denoted as ouzo effect.135  

The “Ouzo effect” was named by Vitale and Katz from the generic example of the 

Greek beverage.136 The major components of Ouzo (Pastis in France) are water (~55%), 

alcohol (~45%) and transanethol (~0.2%), a water-insoluble oil extracted from anise 

seeds. Upon dilution with water, anethol is no longer solubilized in the water/ethanol 

mixture. Ouzo becomes spontaneously milky due to the formation of long-lived 

metastable oil droplets.137 A similar microemulsion process has been used for the 

synthesis of nanoparticles from poly(lactic acid) (PLA), poly(lactide-co-glycolide) 

(PLGA),  poly(alkyl cyanoacrylate) (PACA), and poly(ε-caprolactone) (PCL).138  

The theoretical background of the ouzo phenomena implies the study of the complex 

interactions that occur in a ternary system (solute, solvent, and water) (Figure 2.4). The 

efficiency and the overall stability of the nanostructuring process is mainly linked to the 

optimal concentration of the solute.139,140 The optimal concentration of the solute must be 

very high; this concentration is called supersaturation, defined as ouzo region. 
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Figure 2.4 Phase diagram of the ternary solute/solvent/water system with the bimodal line that represent 
the miscibility limit, the spinodal line that represent the limit of thermodinamical stability and the ouzo 
region (supersaturation zone) in wich the nanoparticles formation may occur 

 

At the supersaturation region, some nucleation centers are formed. The fluctuation 

around these nuclei led to the formation of a cluster of nanoparticles.141 The efficiency of 

the nanoprecipitation process, the colloidal stability, and the number of cluster of nuclei, 

results to be strictly dependent from the supersaturation value, the interfacial tension, and 

the diffusion coefficients of the solute molecules.138  

The supersaturation plays an important role in controlling the yield and size of 

nanoparticles. For example, the supersaturation region for the production of lignin 

nanoparticles was evaluated using the green solvent γ-valerolactone, (see Figure 2.5).142 

The supersaturation region comprised a range of concentration relatively higher with 

respect to other nanoprecipitation procedures, the amount of lignin in the final solution 

being in the range of 25 g/L to 125 g/L.  

 

 
Figure 2.5 Saturated concentration of lignin in γ-valerolactone water soluble mixture with different 
Solvent and lignin contents. 
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In order to better perform the nanoprecipitation process there are four main type of 

technologies: 143,144 i) dropwise process, ii) pressure drive injection device; iii) impinging 

jet mixer; and iv) the Y junction. In the first case, the nanoprecipitation occurs by 

dropping the organic solution into the aqueous phase. Unfortunately, this technology 

induces a continuous change in the composition of the solute/solvent/ non-solvent 

mixture. On the other hand, the other processes, involve a rapid mixture of the two phases 

and a continuous flow apparatus for the recovery of nanoparticles.138 

Recently, Conner et al.145 set up a pilot scale process for the production of lignin 

nanoparticles with the technology of impinging jet mixer in semi-continuous flow (see 

figure 2.6). The technology consists of a vessel that holds the pure water at the beginning 

of the process and at the end contains the LNP suspension in acetone. In particular, water 

circulate through the system and it is recycled in a loop using a micropump. 

Contemporarly, a syringe pump continuously injects lignin into the flowing water stream.  

 
Figure 2.6 Synthesis of a suspension of concentrated lignin nanoparticles by impinging jet mixer in semi-
continuous flow. 
 
 

2.2.2 Biocompatibility and biodegradable lignin nanoparticles  
 

Lignin can be considered safe, but the nano size level imposes some insights about the 

toxicity for the human cells and the environment. In humans, the nanostructures easily 

cross biological membranes and long exposure leads to their accumulation in cells, tissues 

and blood.146 To overcome these issues, different authors have conducted 

biocompatibility studies. Recently, the cytotoxicity of lignin nanoparticles was performed 

on murine macrophage cell lines and the lignin nanoparticles showed high 
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biocompatibility for these immune cells.147 Other authors incubate kraft lignin 

nanoparticles with three types of cell lines for 72 hours: human breast adenocarcinoma 

(MCF-7), human alveolar epithelial adenocarcinoma (A549) and human embryonic 

kidney (HEK-293). The cytotoxicity MTT assay showed that lignin nanoparticles are less 

toxic in the case of normal cell line HEK 293 than the other cases, the cytotoxicity 

increasing for human breast cancer cell lines.148 The in vivo genotoxicity of different 

concentrations of kraft lignin nanoparticles was evaluated by the viability and phenotypic 

assay on the larvae and adults of Drosophila melanogaster. These tests demonstrated the 

lack of significant genotoxicity. For example, the trypan blue staining test of the larvae 

treated with lignin nanoparticles showed the absence of the typical yellow color that occur 

when trypan blue binds damaging cells (Figure 2.7 panel A). In addition, a similar 

experiment was conducted for the Drosophila Melanogaster in adult form. The 

monitoring of the differences in the phenotypes after the treatment with lignin 

nanoparticles showed no relevant modifications in body, eyes, bristles and wing (Figure 

2.7 panel B). 

 
Figure 2.7 Trypan Blue staining of larvae after treatment with LNPs. In panel A and phenotypic changes 

in adult in panel B.  
 

The biocompatibility of lignin at the nano-scale level opens a new scenario for the 

development of safe and environmentally friendly bionanotechnology in the field of 

biomedical and drug delivery devices.  

Lignin nanoparticles are biodegradable in the soil149 and could improve the 

biodegradability of bioplastics, as in the case of PLA.150,151  
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2.3 Functionalized lignin nanoparticles 
 

The functionalization of lignin nanoparticles could improve the technological 

application of this polymer in the field of bionanotechnologies. In this thesis, lignin 

nanoparticles are used as a platform for the immobilization of different molecules 

(protein, enzymes, or other biopolymers). Mild and sustainable strategies were used in 

order to reach this objective. General informations about these procedures are reported in 

the following paragraphs. 

 

2.3.1 Protein interactions  

 
The protein-based nanomaterials offer a wide range of contributions in technological 

applications.152 The functionalization of lignin nanoparticles by direct absorption of 

proteins provides an improvement in the development of functional materials, biobased 

technologies and sustainable biocatalysts. The understanding of the nature of the 

interactions between the lignin surface and the protein is based on two levels of 

complexity, that are the linear form of peptides and the 3D folding of protein.  The first 

level comprises the interactions between lignin and linear peptides. In this case, 

Yamaguchi et al. in 2016 153 showed the importance of various amino acid side-chains on 

the interaction with lignin. Peptides containing histidine, phenylalanine, proline, and 

serine residues showed the highest affinity to lignin surface. On the other hand, proteins 

are complex 3D-structured molecules with different folding structures (random coiled 

and globular folding). This 3D complexity affects the protein adsorption on lignin 

nanoparticles.155 The main chemical interactions between lignin and proteins were 

identified and indicated in the Figure 2.8 as coulombic forces and hydrogen bonds. 156 

 
Figure 2.8 Main chemical interactions between lignin nanoparticles and proteins.  
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In addition, the hydrophobic force can improve the protein adsorption on lignin surface 

by π-π interactions between the aromatic moieties of lignin and the hydrophobic side 

chain of proteins.  

 

2.3.2 Layer by layer technology  
 

The Layer-by-layer technology (LbL) consists of the sequential deposition of poly- 

electrolytes with an opposite electrical charge.157 The LbL is considered a self-assembly 

technique and an eco-friendly tool for the preparation of multi-component 

nanomaterials.158,159 In the LbL technique the negative charge is overcompensated by one 

layer of cationic polyelectrolyte. Successively, stratification of double layers (positive 

and negative) stabilize the overall LbL system, the stability increasing with the increase 

of the electrostatic interactions (the steps are shown in Figure 2.9).160  

 
Figure 2.9 The layer by layer technology based on the self assembly of anionic and cationic 

polyelectrolytes 
 

In the case of lignin nanoparticles, the LbL technique is beneficial for green 

functionalization methods. When lignin nanoparticles are dispersed in water, the phenolic 

hydroxyl groups and the carboxyl groups provide a negative surface charge. The negative 

charge of lignin nanoparticles is influenced by the lignin source.161 Note that the zeta 

potential analysis shows two different values (-45 mV and -35 mV) for kraft lignin 

nanoparticles and for organosolv lignin nanoparticles, respectively. Some authors 

reported that the surface charge of the lignin nanoparticles could be reversed by the 

coating of an appropriate amount of synthetic cationic polyelectrolyte: poly(diallyl 

dimethylammonium chloride) PDDA.134 The coating of lignin nanoparticles with cationic 

polymer can improve the stability of colloidal systems, conferring higher thermal stability 

and resistance to a wide range of pHs. Towards a more sustainable process, the layer-by- 

layer technology was tested with natural cationic polyelectrolytes instead of synthetic 

PDDA; the structure of these three polymers is shown in Figure 2.10. 
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Figure 2.10. Chemical structure of synthetic and natural polyelectrolytes.  

 

The most widely known natural cationic polyelectrolytes are chitosan and cationic 

lignin (CATLIG).162,163 In particular chitosan is derived from the deacetylation of chitin, 

which comes from wastes of fishery industries. Chitosan has a cationic charge when 

dissolved in acidic water and was used efficiently to enhance the sustainability of layer- 

by-layer coating processes. CATLIG is a derivative of kraft lignin, in which quaternary 

ammonium groups of glycidyl tetramethylammonium chloride (GTMAC) are added to 

lignin structure. The final product is lignin with cationic charge, with the zeta potential 

of +32 mV.  

Both chitosan and CATLIG have been used to enhance the enzyme immobilization 

processes described in this thesis. 

 

2.3.3 Bionanocatalysts: procedures and benefits 
 

The field of bionanocatalysis has experienced a rapid growth due to recent advances 

in nanotechnology.164 The bionanocatalysis born with the fusion of the enzyme 

immobilization strategy and the nanostructured materials.165  

As natural biocatalysts, enzymes have been applied to practical use in medicine, 

biosensors and material science. Enzymes have the excellent role of catalyze the reactions 

with high specificity under mild conditions. Enzymatic catalysis continues to open new 

pathways to site and stereoselective transformation and synthesis of bioactive substances, 

fine chemicals, polymers and pigments. Expensive and rare enzymes are not favored to 

be used in industries in the free state as they are difficult to be separated from the products 

and consequently are lost after the first use. The enzyme immobilization procedures have 

the aim to enhance the stability of enzymes while maintaining the enzyme activity and 

easy recyclability under various conditions. Nanomaterials serve as excellent platform for 

enzyme immobilization because they offer the optimal equilibrium between the efficiency 
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of the biocatalyst (including surface area, minimized mass transfer processes, etc) and the 

effective enzyme loading.166  

Lignin at nano-scale levels offers a sustainable and efficient platform for enzyme 

immobilization. The use of this renewable support is poorly emphasized in literature. 

Sipponen et al. 167 showed that adsorption on lignin solid carriers increases the activity 

and stability of lipases and cutinases. Other types of enzymes immobilized on lignin 

nanoparticles are described in the following chapters. 

An innovative bionanotechnology approach involve the co-immobilization of two or 

more enzymatic cascade processes on lignin nanoparticles. This technology is of central 

relevance for the design of bio-transformations and of novel biosensoring technologies. 

The co-immobilization can be produced via five chemical approaches (Figure 2.11): (a) 

random co-immobilization, (b) sequential immobilization, (c) positional immobilization, 

(d) site-specific co-immobilization, and (e) scaffold-free cross-linking, which can be 

further divided into non-specific or controlled immobilization.168,169  

 

 
Figure 2.11 The main chemical approaches to immobilize multienzymatic complex. 

 

In an ideal co-immobilization procedure,  the enzymes are linked in a controlled and 

oriented manner. 170 It is reported that the use of natural lectins is beneficial for obtain a 

co-immobilization in an eco-friendly procedure. Lectins are defined as carbohydrate-

binding proteins that can recognize specifically two or more glyco-enzymes.171 For the 

oriented immobilization studies reported in this thesis, the lectin Concanavalin A (Con 
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A), originally extracted from the jack bean (Canavalia ensiformis), was selected as the 

optimal spacer. 171 Lectins are homotetramer, that specifically binds ɑ-D-mannosyl and 

ɑ-D-glucosyl residues in terminal position of ramified structures of β-glycans. Each 

subunit binds one metallic atom, usually Mn+ and Ca+. The metals may directly stabilize 

the saccharide-binding residues in their active conformation and enhance the stability of 

glycoproteins.172 

Apart from single enzymes or enzymatic cascade processes, other biological molecules 

can also be immobilized on lignin nanoparticles such as nucleic acids, antigens, peptides, 

and drugs. In this context further studies are required. 
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2.4 Layer-by-Layer preparation of microcapsules and 
nanocapsules of mixed polyphenols with high antioxidant 
and UV-shielding properties  
 
2.4.1 Aim of work 
 

Microcapsules and nanocapsules containing renewable materials have been prepared 

in order to explore innovative pharmaceutical and technological applications.173 The main 

advantage of these devices resides in the high biocompatibility and in the emergence of 

specific scale-dimensional chemical and physical properties.174,175 Present day, capsules 

containing only one type of polyphenol have been described, irrespective to the nature of 

the starting materials and to the specific preparation procedure. On the other hand, 

capsules of mixed polyphenols are expected to increase the physical and chemical 

properties with respect to their simple homo-polymer counterpart, as a consequence of 

possible synergistic effects between the different active components. The Layer-by-Layer 

(LbL) procedure, consisting on the sequential deposition of polyelectrolytes with opposite 

electrical charge, is a pivotal tool for the preparation of multicomponent devices,176 

allowing the assembly of different compounds by electrostatic, dipole-dipole, hydrogen 

bonds, and van der Waals interactions.177 In these systems, one layer is responsible for 

the chemical and physical properties, while the remaining one is mainly involved in the 

stabilization of the overall structure. 178 

We studied the layer-by-layer preparation of microcapsules and nanocapsules of mixed 

polyphenols, sulfonate lignin (LS) and tannic acid (TA), using MnCO3 and organosolv 

lignin nanoparticles as core templates, and polydiallyldimethylammonium chloride 

(PDDA) and chitosan (CH) as supporting layers. LS is a no toxic raw lignin produced in 

large amount during the sulfite pulping industrial process. The novel microcapsules and 

nanocapsules showed antioxidant activity, UV-shielding properties, and electrochemical 

responsiveness higher than that of the respective homo-polymer counterparts, confirming 

the beneficial role of the contemporary presence of two different polyphenols in 

enhancing both chemical, physical and biological properties. These devices are useful 

ingredients in different application fields, such as the preparation of bioplastics,179 drug 

delivery technology180 and sunscreen development in cosmetic and cosmeceutical 

formulations.181 
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2.4.2  Experimental Part 
 

Materials 

Tannic acid (TA, 90% pentagalloyl glucose, SigmaAldrich), chitosan (CH, low 

molecular weight) with 20% chitin units, sulfonate lignin calcium salt (LS, Mw ~18,000, 

average Mn ~2,500), organosolv lignin (OL), poly(diallyldimethylammonium chloride) 

(PDDA, 20%v/v water solution), poly(sodium 4-styrenesulfonate) (PSS), deuterated 

chloroform (CDCl3), ethylenediaminetetraacetic acid (EDTA), 2-chloro-4,4,5,5-

tetramethyl-1,3,2-dioxaphospholane, chrome (III) acetylacetonate, and 2,2-diphenyl-1-

picrylhydrazyl (DPPH), were purchased from Sigma-Aldrich and were used without any 

further purification. Ascorbic acid (AA), 2,2’-Azino bis(3-ethylbenzothiazoline-6-

sulfonic acid) (ABTS), boric acid (H3BO3), acetic acid (CH3COOH), ortophosphoric acid 

85% (H3PO4), potassium persulfate (K2S2O8) and potassium chloride (KCl) were 

purchased from Sigma-Aldrich (Buchs, Switzerland). All solutions were prepared using 

Milli-Q water (ρ = 18.2 MΩ cm a 25 °C; TOC < 10 μg L−1, Millipore, Molsheim, France). 

 

Preparation of microcapsules 

The microcapsules were prepared by the LbL protocol, consisting in the sequential 

addition of polyelectrolytes with different electric charge to inorganic particles used as 

templates.182 Briefly, the sodium acetate solution (0.5 mL, pH 5.0) of the appropriate 

polyphenol (1 mg/mL; LS or TA as negative charged layer), and of the appropriate 

polyelectrolyte (1 mg/mL; PDDA or CH as positive charged layers), were alternatively 

added to MnCO3 particles suspension (20 mg suspended in 4.0 mL in sodium acetate 

solution pH 5.0) at room temperature. After 20 min, the solution was centrifuged (6000 

rpm, 20 min) and the supernatant removed. Experiments were performed by deposition 

of three and five couple of layers. At the end, the microcapsules were MnCO3 core was 

dissolved with EDTA (3 mL, 0.1M; pH 5) to yield empty microcapsules with general 

formula (X/Y)n, where X and Y are the different polyphenol and polyelectrolyte in the 

sequential deposition order with respect to the inorganic core, and “n” represents the total 

number of coupled layers. Microcapsules (PDDA/LS)3 1, (PDDA/LS)5 2, (CH/LS)5 3, 

(PDDA/TA)5 4, (CH/TA)5 5, (PDDA/TA/PDDA/LS)5 6, (CH/TA/CH/LS)5 7 and 

(PDDA/LS+TA)5 8 (where LS+TA is the mixture of sulfonate lignin and tannic acid in 

the 1:1 ratio) were prepared and successively characterized. Homo-polyphenol
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 microcapsules 1-5 were used as references for the mixed polyphenol systems 6-8 in 

the chemical and physical assays.  

 

Preparation of nanocapsules 

Nanocapsules were prepared by the dialysis protocol using nanoparticles of organosolv 

lignin (OL) as organic template.134 Briefly, commercially available OL (20 mg) was 

dissolved in THF (20 mL), followed by filtration (0.45 μm syringe filter) and dialysis 

against deionized water for 24h at 25°C. The solution (1 mL; sodium acetate buffer pH 

4.5) of the appropriate polyphenol (0.5 mg/mL; LS or TA as negative charged layer), and 

of the appropriate polyelectrolyte (0.5 mg/mL; PDDA or CH as positive charged layers), 

were alternatively added to 30 mL of previously prepared organosolv lignin nanoparticles 

(NOL) in sodium acetate buffer (0.1 mL/mg; sodium acetate buffer pH 4.5) at room 

temperature. After 20 min, the solution was centrifuged (6000 rpm, 20 min) and the 

supernatant removed. Experiments were performed by deposition of five couple of layers. 

The nanocapsules were rinsed with deionized water, recovered by centrifugation (6000 

rpm, 20 min) and lyophilized to yield nanocapsules with general formula (X/Y)n, where 

X and Y are the different polyphenol and polyelectrolyte in the sequential deposition 

order with respect to the organic NOL  ore, and “n” represents the total number of coupled 

layers. Nanocapsules NOL(CH/TA)5 9, NOL(CH/LS)5 10 and NOL(CH/TA/CH/LS)5 11, 

were prepared and characterized. Nanocapsules 10-11 were used as references for the 

mixed polyphenol system 9. The mass percentage of polyphenols in microcapsules and 

nanocapsules has been evaluated by use of the Folin-Ciocalteu assay to measure the 

amount of polyphenol content in the residual solution after any layer deposition.183 As 

reported in Table 2, microcapsules and nanocapsules showed a similar total amount of 

coated polyphenol. 

Typically, the calibration curve was prepared using gallic acid solution as standard at 

different concentrations (20%, 40%, 60% and 80% from a 10 mg/mL starting solution). 

The samples were obtained from the residual solutions recovered during the layer-by-

layer deposition, and were analyzed at the appropriate dilution factor after addition of 800 

μL of NaCO3 (5% water solution) and Folin (100 μL) reagent at 40 °C for 20 min. Finally, 

the samples were analyzed at 560 nm by UV-vis spectrophotometer. The total amount of 

polyphenols (mg of polyphenols for mg of capsules) was calculated as a difference 

between the starting amounts of polyphenol with respect to the recovered one in the 

residual solutions. Note that the various types of microcapsules and nanocapsules did not
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released appreciable number of polyphenols in the solution after 7 days of storage in water 

(pH 7.0) at room temperature, as evaluated by UV-vis analysis (Folin-Ciocalteu assay). 

Similarly, the novel capsules showed mechanical stability as they retained the original 

spherical shape under similar experimental conditions in optical microscopy analysis 

(Leitz. Ergolux AMC). 
 

Table 2. Total amount of polyphenols deposited in microcapsules and nanocapsules. 
  

Entry Sample Adsorbed polyphenols (mg/mL) 
1 (PDDA/LS)3 1 0.45 
2 (PDDA/LS)5 2 0.47 
3 (CH/LS)5 3 0.51 
4 (PDDA/TA)5 4 0.46 
5 (CH/TA)5 5 0.52 
6 (PDDA/TA/PDDA/LS)5 6 0.52 
7 (CH/TA/CH/LS)5 7 0.55 
8 (PDDA/LS+TA)5 8 0.54 
9 NOL(CH/TA)5 9 0.58 

10 NOL(CH/LS)5 10 0.59 
11 NOL(CH/TA/CH/LS)5 11 0.69 

aThe amount of polyphenols is expressed as mg of adsorbed polyphenols for mg of each capsule. All 
experiments were conducted in triplicate. 
 

Electron microscopy analysis 

For Scanning Electron Microscopy (SEM), microcapsules 1-8, and nanocapsules 9-11 

were fixed with 3% glutaraldehyde in 0.1 M cacodylate buffer (pH 7.2), washed and post-

fixed in OsO4 (1% weight) in the same buffer at room temperature. Specimens were 

dehydrated in a graded ethanol series. They were then air dried, sputter-coated with gold 

in a Balzers MED 010 unit. The bservation was made by a JEOL JSM 6010LA electron 

microscope. For Transmission Electron Microscopy (TEM), nanocapsule 11 was fixed 

and dehydrated as described above and embedded in LRWhite resin (Multilab Supplies, 

Surrey, England) as a selected sample. The resin was polymerised in tightly capped 

gelatine for 48 h at 50°C. Thin sections were cut with Reichert Ultracut and LKB Nova 

ultra-microtomes using a diamond knife, collected on copper grids, stained with uranyl 

acetate and lead citrate, and observed with a JEOL 1200 EX II electron microscope. 

Micrographs were acquired by the Olympus SIS VELETA CCD camera equipped the 

iTEM software. 

 

Phosphorus Nuclear Magnetic Resonance 31P-NMR analysis 

The qualitative and quantitative analysis of phenolic moieties in microcapsules and 

nanocapsules was determined by 31P-NMR analysis.184 Typically, the appropriate sample 
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(10 mg) was dissolved in pyridine/CDCl3 (300 µL; 1.6/1.0 v/v), followed by addition of 

chrome (III) acetylacetonate solution 50 µL, 11.4 mg/ml) as relaxing agent. Then, the 

phosphitylation reagent 2-chloro-4,4,5,5- etramethyl-1,3,2-dioxaphospholane (200 µl) 

was added under magnetic stirrer and gentle heating at 45 °C for 2 hours. NMR analysis 

was performed in the presence of cholesterol as an internal standard on a Bruker 400MHz 

apparatus. The total amount of characteristic OH groups of polyphenols in microcapsules 

and nanocapsules was evaluated by comparing the 31P NMR integral area of each specific 

signal with respect to standard reference. The 31P NMR (ppm) characteristic range for 

any OH groups have been derived from data in the literature.185,186 

 

Antioxidant activity 

The antioxidant activity of selected microcapsules (CH/LS)5 3, (CH/TA/CH/LS)5 7 and 

(PDDA/LS+TA)5 8, and of nanocapsules NOL(CH/LS)5 10 and NOL(CH/TA/CH/LS)5 

11, was evaluated by the 2,2’-diphenyl picrylhydrazyl (DPPH) radical scavenging 

analysis.187 using the same concentration of polyphenols (0.5 mg/mL). Briefly, the 

appropriate amount of the sample (depending on data in Table 4) was dissolved in EtOH 

60% and added to freshly prepared DPPH solution (6 x10-5 M in MeOH). The decrease 

in absorbance (517 nm) was determined at different times and concentrations until the 

reaction reached a plateau. The kinetic of the process was analyzed for each concentration 

tested, and the rate of DPPH remaining at the steady state was estimated. This value was 

used to calculate the IC50 (defined as the concentration of substrate in µg/mL that causes 

50% loss of DPPH activity). The data were expressed as percentage of inhibition of the 

DPPH activity and were calculated according to the following equation: % inhibition of 

DPPH = {(Abs control - Abs sample)/Abs control} × 100 where “Abs control” is the 

absorbance of the DPPH solution without the sample.  

 

UV shielding assay 

The UV absorption properties of micro and nano-capsules, were 

spectrophotometrically determined by Varian Cary UV 50 scan using the same 

concentration of polyphenol (0.1 mg/mL). The analysis was carried out thought UV-vis 

scan using deionized H2O suspension (pH 7) of the appropriate amount of sample 

(depending on data in Table 2) in quartz cuvette (3.0 mL), working in the range from 190 

nm to 600 nm at 25°C under gentle stirring.  
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Electrochemical analyses 

Cyclic voltammetry and amperometric experiments were performed by using a 

PGSAT204N potentiostat (Eco Chemie, The Netherlands) controlled by Nova 2.1 

software (Eco Chemie, The Netherlands), using a conventional three-electrodes 

electrochemical cell equipped with a modified glassy carbon (GC) electrode as working 

electrode (d=3 mm, Cat. 6.1204.300, Metrohm, Herisau, Switzerland), and a saturated 

calomel electrode (SCE, 244 mV vs. NHE, Cat. 303/SCG/12, AMEL, Milano, Italy) and 

a glassy carbon rod electrode (d=2 mm, Cat. 6.1241.020, Metrohm, Herisau, Switzerland) 

as reference and counter electrodes, respectively. Cyclic voltammetry experiments were 

performed in 120 mM Britton-Robinson buffer pH 6.5 + 100 mM KCl containing 250 

μM ABTS as mediator, while the pH experiments were performed by varying the pH of 

Britton-Robinson buffer in the range 2.5-7.5. Amperometric experiments were performed 

in 120 mM Britton-Robinson buffer pH 6.5 + 100 mM KCl injecting ABTS+• radical 

solution (7mM) followed by sequential addition of ascorbic acid (AA) as antioxidant. 

 

Electrode preparation 

GC electrodes (d=3 mm, Cat. 6.1204.300, Metrohm, Herisau, Switzerland) were 

polished with alumina slurries (Al2O3, particle size of 0.3 and 0.05 µm) on cloth pads wet 

with Milli-Q water (SIEM, Bologna, Italy), thoroughly rinsed with Milli-Q water and 

further sonicated for 5 min between each polishing step. For the bio-modification, GC 

electrodes were modified by drop casting 5 μL of the appropriate sample (2 mg/mL). For 

each different modification, three replicates have been performed. 

 

Amperometric antioxidant activity experiments 

In order to prepare in situ the ABTS+• radical cation, K2S2O8 (140 mM, aqueous 

solution) was added to ABTS (2.5 mL; 7 mM, aqueous solution) at 4 °C for 8h. 

Afterwards, 1.0 mL of the so prepared solution was injected in 10 mL of 120 mM Britton-

Robinson buffer pH 6.5 containing 100 mM KCl as supporting electrolyte. Next, 30 μL 

of 1 mM AA solution were sequentially injected. The potential applied for the analysis 

was 0.550 V vs. SCE. 
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2.4.3  Result and discussion 
 

Preparation of microcapsules of mixed polyphenols 

The LbL procedure for the preparation of microcapsules of mixed polyphenols is 

reported in Figure 2.12. LS and TA were used as negative charged polyelectrolytes, 

PDDA and CH as positive charged counterparts. We started with the deposition of the 

first positive layer in accordance with the slightly negative charge showed by the surface 

of MnCO3 particles148. Microcapsules containing LS and TA alone, associated to PDDA, 

were also prepared as references. 

 
Figure 2.12. Procedure for the preparation of microcapsules of mixed polyphenols LS and TA using 
MnCO3 particles as templates. Positive polyelectrolyte: PDDA or CH. Negative polyelectrolyte: LS and 
TA. The layer deposition was performed at pH 5. 
 
As a general procedure, PDDA (0.5 mL, 1.0 mg/mL in sodium acetate buffer pH 5.0) was 

slowly added to a dispersion of MnCO3 particles in MilliQ-grade water at pH 5 to build 

up the first layer. The coated particles were treated under similar conditions with LS (0.5 

mL, 1.0 mg/mL in sodium acetate buffer pH 5.0). Then, PDDA and LS layers were 

continuously built up in the same way as above, to yield (PDDA/LS)n, where “n” 

represents the number of the couple of the deposited layers. The scanning electron 

microscopy images (SEM) of (PDDA/LS)3 1 and (PDDA/LS)5 2, are reported in Figure 

2.13 
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Figure 2.13. SEM image of (PDDA/LS)3 1 (panels A and B) and (PDDA/LS)5 2 (panels C and D). 

 

The SEM image of (PDDA/LS)3 1 showed spheres of regular shape with an average 

diameter of 2.0±0.1 µm, some of which are characterized by an “open mouth” at the 

lateral side of the capsule, probably as a consequence of the rush out effect of the solvent 

in the interior of the sample during the drying conditions required for the microscopy 

analysis (Figure 2.13, panels A-B).188 Examples of “open mouth” have been previously 

reported in the case of LS capsules prepared by precipitation of lignin from THF.189 At a 

larger magnification, the surface of the capsules appeared as a roughly aggregate of small 

clumps (Figure 2.13, panel B). This morphology was found to be changed by increasing 

the number of the layers, as for (PDDA/LS)5 2, in which case the clumps are associated 

to each other to form large homogeneous zones with a regular bee nest-like structure 

(Figure 2.13, panels C-D). Next, chitosan (CH, 0.5 ml, 1.0 mg/ml in sodium acetate 

buffer pH 5.0) was used as natural alternative to PDDA for the preparation of (CH/LS)5 

3, due to its high biodegradability and nontoxicity.190,191 The SEM images of 3 showed 

microcapsules with an average diameter of the same order of magnitude than 2 (Figure 

Figure 2.14, panel A), characterized by an irregular surface. This morphology is different 

from that observed for microcapsules of CH alone, showing a homogeneous distribution 

of small globules (Figure 2.14, panel B). Again, an “open mouth” was observed in some 

of the detected capsules (Figure 2.14, panel C). 
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Figure 2.14. SEM image of (CH/LS)5 3 (panel A and panel C). Panel B shows microcapsules of CH alone. 

 

Microcapsules of TA alone, namely (PDDA/TA)5 4 and (CH/TA)5 5 (Figure 2.15, 

panels A-D), were prepared as references.160 In this latter case, hydrogen bonding 

interactions were mostly responsible for the stability of the aggregate.192.193 

Microcapsules of 5 were spherically shaped with a regular distribution  and homogeneous 

surface morphology, probably due to the formation of stable hydrogen bonding networks 

between the TA and CH layers.194 Fragmented particles of 5 showed the presence of sub-

structure motifs inside the external shell (Figure 2.15, see arrow).  

 
Figure 2.15. SEM image of (PDDA/TA)5 4 (Panel A-B) and (CH/TA)5 5 (Panel C-D). 
 

Finally, we focused our attention on the preparation of microcapsules of mixed 

polyphenols containing both LS and TA, using PDDA as the support layer. Microcapsules 

(PDDA/TA/PDDA/LS)5 6 (with LS as the external layer) showed two main morphologies 

(Figure 2.16, panel A). The prevalent motif was a regular spherical shape (Figure 2.16, 

panel B), besides to a scratched motif (Figure 2.16, panel C). Probably, the presence of 

the scratched motif might be due to incomplete deposition of the PDDA layer. The
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 contemporary presence of LS and TA layers in 6 was confirmed by 31P-NMR analysis 

(see next).  

 
Figure 2.16. SEM images of (PDDA/TA/PDDA/LS)5 6 at different magnification. Panel A: General 

particles view. Panel B: Detail of the predominant regular spherical shape motif. Panel C: Detail of the 
scratched surface motif. 

 

Microcapsules (CH/TA/CH/LS)5 7, bearing the CH layer instead of PDDA, were 

prepared in a similar way. The SEM analysis of 7 showed capsules with a regular 

spherical shape (Figure 2.17, panels A-B), characterized by well-defined networks.  

 
Figure 2.17 SEM images of (CH/TA/CH/LS)5 7 at different magnification. 

 

Microcapsules containing the mixture of LS and TA (1:1 w/w ratio), namely 

(PDDA/LS+TA)5 8, were also prepared as an alternative to the previously studied 

sequential deposition of the individual layers of the single polyphenols. In this latter case, 

spherical capsules formed large aggregates (Figure 2.18, panel A), with a pronounced 

film-like surface motif (Figure 2.12, panel B). These large aggregates were most probably 

produced as a consequence of the known coordination properties of the external layer of 

TA. 

 
Figure 2.18. SEM images of (PDDA/LS+TA)5 8 at different magnification. Panel A: large aggregates 

of partial fused spherical capsules. Panel B: magnification of the surface film-like motif..
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Preparation of mixed LS and TA nanocapsules 

The procedure for the preparation of nanocapsules of mixed polyphenols is reported 

in Figure 2.19 (Panels A-B). Nanoparticles of organosolv lignin (NOL) were used as a 

template instead of MnCO3. We started with the deposition of CH as positive charged 

counterpart, since NOL are characterized by a negative surface charge. 

Figure 2.19. Preparation of mixed LS and TA nanocapsules. Panel A: Organosolv Lignin (OL) 
dissolved in THF was dialyzed against deionized water to yield NOL. Panel B: Preparation of 
NOL(CH/TA)5 9, NOL(CH/LS)5 10 and NOL(CH/TA/CH/LS)5 11. Cationic layers: CH.  Anionic layers: 
TA and LS. 

 

Then, LS, CH and TA layers were continuously built up as previously described, to 

yield NOL(X/Y)n, where “n” represents the number of couple of layers, while X and Y 

are the single polyphenol and polyelectrolyte components. In Figure 2.20, 

NOL(CH/TA)5 9 and NOL(CH/LS)5 10 showed capsules of regular spherical shape 

similar to that previously observed for 7, the sample 10 being characterized by the highest 

size uniformity. A different morphology was observed in the case of the mixed 

polyphenol NOL(CH/TA/CH/LS)5 11 (Figure 2.14), which is characterized by a 

morphological structural motif similar to 7, probably as a consequence of the presence of 

the same sequence of deposited layers (that is: TA, LS and CH). 

 
Figure 2.20. SEM images of NOL(CH/TA/CH/LS)5 11 at different magnification. Quantitative 31P-
NMR characterization of microcapsules and nanocapsules of mixed polyphenols
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In order to verify the contemporary presence of the different polyphenol layers, capsules 

(CH/TA/CH/LS)5 7 and NOL(CH/TA/CH/LS) 11 were characterized by 31P-NMR 

spectroscopy. PDDA containing capsules, e.g. (PDDA/TA/PDDA/LS)5 6, were not 

analyzed due to the lack of PDDA signals in 31P NMR analysis. Briefly, the samples were 

dissolved in pyridine/CDCl3 (300 µL; 1.6/1.0 v/v) under sonication conditions and 

phosphitylated in situ with 2-chloro-4,4,5,5- tetramethyl-1,3,2-dioxaphospholane. The 

31P-NMR analysis of native LS, OL, TA, and CH were also performed as references 

(Figure 2.21). 

 
Figure 2.21. Quantitative 31P-NMR spectra and signal assignment of commercial CH, LS, OL and TA, 
and of capsules (CH/TA/CH/LS)5 7 and NOL(CH/TA/CH/LS)5 11 after dissolution in pyridine/CDCl3 
(300 µL; 1.6/1.0 v/v) under sonication conditions and phosphitylation with 2-chloro-4,4,5,5-tetramethyl-
1,3,2-dioxaphospholane. OL: Organosolv lignin; LS: Sulfonate lignin; TA: Tannic acid: CH: Chitosan. 
Typical lignin chemical shift (ppm): A) para-phenolic groups - 138.5-138.8 ppm; B) guaiacyl groups-
138.7-140.1 ppm; C) condensed phenol groups-140.3-140.5 ppm; D) syringyl groups-142.0-144.0 ppm; E) 
aliphatic hydroxyl groups-146.0-149.0 ppm; F) carboxylic acids groups-134.0-135.5 ppm. Typical tannin 
chemical shift (ppm): A) orthosubstituted phenol groups-138.0-138.7 ppm; B) catechol hydroxyl groups-
138.8-139.4 ppm; C) ortho-disubstituted phenol groups (internal gallate units)-140.6-141.4 ppm; D) ortho-
disubstituted phenol groups (external gallate units)-141.5-142.2 ppm. 
 

LS, OL and TA showed characteristic 31P-NMR signals in the range of 145-149 ppm, 

and 137- 142 ppm, respectively. These signals were also detected in the spectra of 7 and 

11. The spectrum of LS (Figure 2.21, blue-line) exhibited typical para-phenolic groups 

at 138.5-138.8 ppm, followed by guaiacyl groups in the range of 138.7-140.1 ppm, and 

condensed phenol units at 140.3-140.5 ppm. In a similar way, the spectrum of OL (Figure 

2.21, purple-line) exhibited the para-phenolic groups at 137.3-138.0 ppm, followed by 

the guaiacyl groups in the range of 139.5-140.1 ppm, and the syringyl groups at 142.0-

144.0 ppm. Both lignin samples showed aliphatic hydroxyl groups in the range of 146.0-

149.0 ppm, and carboxylic acids groups at 134.0-135.5 ppm. The spectrum of TA (Figure 

2.21, red-line) showed a different pattern. In particular, the ortho-substituted phenol and 
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the catechol hydroxyl groups were detected at 138.0-138.7 ppm, and 138.8-139.4 ppm 

respectively, while the ortho-disubstituted phenols were found at 140.6-141.4 ppm 

(internal gallate units), and at 141.5-142.2 ppm (external gallate units), respectively. In 

this latter case a low contribute of the aliphatic hydroxyl peaks was observed. Finally, CH 

showed signals only in the range of aliphatic hydroxyl groups. The most representative 

signals expected for LS and OL, and for TA, were clearly identified in the 31P-NMR 

spectra of 7 and 11, confirming the presence of the two polyphenols. Table 3 reports the 

quantitative distribution of the phenolic and alcoholic functional groups 

(millimoles/gram) in the samples for which the spectra are displayed in Figure 2.21. 

 
Table 3. Functional group distribution (mmol/gram) for LS, OL, TA, (CH/TA/CH/LS)5 7 and 

NOL(CH/TA/CH/LS)5 11.a 

 
aQuantitative 31P-NMR spectra were performed after dissolution of the sample in pyridine/CDCl3 (300 
µL; 1.6/1.0 v/v) under sonication conditions and phosphitylation with 2-chloro-4,4,5,5-tetramethyl-
1,3,2-dioxaphospholane. OL: Organosolv lignin; LS: Sulfonate lignin; TA: Tannic acid. 

 

Antioxidant activity and UV-absorbing properties of microcapsules and nanocapsules 
of mixed Polyphenols 

Lignin and tannic acid are characterized by radical scavenging activity due to the 

presence of free phenolic groups which are able to capture the radical species by 

formation of stable phenoxy radicals. The presence of ortho-substituents in the aromatic 

ring, such as the methoxyl substituents of the guaiacyl and syringyl moieties, further 

increases the antioxidant activity by both steric hindering and resonance effects.195 The 

antioxidant activity of selected microcapsules (CH/LS)5 3, (CH/TA/CH/LS)5 7 and 

(PDDA/LS+TA)5 8, and of nanocapsules NOL(CH/LS)5 10 and NOL(CH/TA/CH/LS)5 

11, was evaluated by the 2,2’-diphenyl picrylhydrazyl (DPPH) radical scavenging 

analysis. These microcapsules and nanocapsules have been selected in order to compare 

samples containing both polyphenols and having the same sequence in the layer 

composition. Moreover, sample 8 has been selected to evaluate the antioxidant effect of 

capsules containing both polyphenols in the same layer. Native LS and TA were also 

studied as references. The appropriate sample was suspended in EtOH and added to  
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standard DPPH solution. DPPH is a stable free radical, that is applied for the  

spectrophotometric evaluation of the radical scavenging ability of polyphenols. The 

decrease of DPPH absorbance (517 nm) was determined for each sample and the collected 

data were used to calculate the IC50 (defined as the µg/mL concentration of substrate that 

causes 50% loss of DPPH activity). Figure 2.22 reports the percentage of DPPH radical 

scavenging activity and the IC50 value for the analyzed samples. As a general trend, the 

nanocapsules 10-11 showed antioxidant activity higher than microcapsules 3 and 7-8. 

Moreover, the antioxidant activity of nanocapsules 10-11 was higher than that of native 

LS and TA. The higher antioxidant activity of 11 with respect to 7 is in accordance with 

the total amount of aromatic phenolic groups as measured by 31P-NMR analysis, that is 

23.94 (mmol/gram) for 11 versus 13.52 (mmol/gram) for 7, respectively (Table 3, entries 

1 and 2). Nanoscale lignin showed highest antioxidant activity when compared to micro-

scale lignin, probably due to a combination between the highest surface-area-to-volume 

ratio and the emergence of specific π-π interactions.196 As a general trend, the capsules 

of mixed polyphenols were the most active antioxidants, showing an IC50 value of the 

same order of magnitude than that of standard food antioxidants, such as BHT and 

ascorbate (IC50 c.a. 10 μg). Irrespective to the scale dimension, the presence of TA always 

enhanced the antioxidant activity, probably as a consequence of the higher amount of 

ortho-substituted and ortho-disubstituted phenol moieties, as detected by 31P-NMR 

analysis (Table 3, entry 4). 

 
Figure 2.22. DPPH antioxidant scavenging activity of investigated microcapsules and nanocapsules 

presented as % of DPPH radicals inhibitions and IC50 values (µg/mL). Relative standard deviation was 
less than 3.0 % 
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The UV-absorbing ability of microcapsules (CH/LS)5 3, (CH/TA/CH/LS)5 7 and 

(PDDA/LS+TA)5 8, and of nanocapsules NOL(CH/LS)5 10 and NOL(CH/TA/CH/LS)5 

11, was determined by irradiation experiments in the energy range from 190 nm to 600 

nm (from UV to visible regions) LS, TA and NOL were studied as references. As reported 

in Figure 2.23, microcapsules 3 and 7-8 showed a similar absorbance ability in the UV-

C and UV-B regions. 

 

Figure 2.23. UV-Visible radiation absorbing capacity of investigated micro and nano-capsules. 

 

Note that microcapsules 3 and 7-8 were more active than native LS and TA. As a 

general trend, nanocapsules 10 and 11 were photoabsorbers more efficient than 3 and 7-

8, sample 11 being the most active system. Moreover, nanocapsules 10 and 11 were more 

efficient than NOL. This effect was particularly pronounced in the UV-B and UV-A 

regions. The high UV-A absorption property of 10 and 11 is noteworthy, since native LS 

and TA, and the corresponding microcapsules, showed only a low absorbance capacity in 

this UV-region. Moreover, a bathochromic shift of the absorption peak at 280 nm 

(accredited to guaiacyl units and/or to unconjugated phenolic groups) 197 was observed 

for both microcapsules and nanocapsules in the following order: 11>10>7,8>3. Previous 

studies showed that the lignin macromolecule is organized as a flat and disk-like 

aggregate in solution, 198 stabilized by π−π interactions between the aromatic 

rings199,200,201. Conferring an UV absorbing enhancement.202 The bathochromic shift 

observed in microcapsules and nanocapsules has been related to formation of 
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J-aggregates in which the orientation of the adjacent aromatic rings is parallel to the 

longitudinal direction of the layer, following a head-to-tail like arrangement. A similar 

bathochromic shift was also observed in the case of nanocapsules produced from Kraft 

lignin. The appreciable UV absorbing enhancement suggested that nanocapsules have 

stronger π-π interactions than microcapsules, while the order of the bathochromic shift 

previously reported highlight that capsules containing mixed polyphenols were more 

aggregated than the homo-polymeric counterpart.  

 

Voltammetric and amperometric characterization of nanocapsules 

Cyclic voltammograms (CVs) of NOL, NOL(CH/TA)5 9, NOL(CH/LS)5 10, and 

NOL(CH/TA/CH/LS)5 11 were performed, as selected examples, in the presence of 

ABTS (250 μM) in the Britton-Robinson buffer (pH 6.5, 120 mM) and KCl (100 mM) as 

supporting electrolyte (Figure 2.24). The CV at slow potential scan rate for the naked 

modified glassy carbon (GC) electrode (dotted black line) showed two stable and 

reversible redox couples, where the first anodic peak 0.5 V vs. SCE) is associated to the 

formation of the ABTS+• radical cation, while the second peak (0.89 V vs. SCE) 

corresponds to the formation of the ABTS2+bis-cation species. As reported in Figure 

2.24, a remarkable increasing in the anodic peak current densities was observed in the 

presence of nanocapsules 9-11, due to the reactions taking place between the two oxidized 

forms of ABTS and the lignin and tannic acid residues exposed on the surface of the 

nanocapsules.203 

 

Figure 2.24. CVs performed with GCE (dash-dotted line), NOL (black line), NOL(CH/TA)5 9 (bluline), 
NOL(CH/LS)5 10 (red line), and NOL(CH/TA/CH/LS)5 11 (purple line). Measurements were performed 
in 250 μM ABTS solution (120 mM Britton-Robinson buffer pH 6.5 containing 100 mM KCl as supporting 
electrolyte) at scan rate 20 mV s-1, T=25°C
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In accordance with the DPPH antioxidant data previously reported, the polyphenol 

mixed nanocapsules NOL(CH/TA/CH/LS)5 11 showed an inhibitory activity against the  

electrochemical induced oxidation of ABTS (purple line) higher than that of its homo-

polymer counterparts, NOL(CH/TA)5 9 (blu line) and NOL(CH/LS)5 10 (red line), 

respectively. The samples 9 and 10 were more effective than NOL as reference, 

confirming the beneficial role of the sequential deposition of the TA and LS layers on the 

antioxidant activity. Moreover, 9 showed lower oxidation current densities with respect 

to 10, probably due to the higher amount of ortho-substituted and ortho-disubstituted 

phenolic moieties in TA with respect to LS (Table 3).204 

The effect of the pH on the antioxidant activity of nanocapsules 9-11 was successively 

evaluated by analyzing the variation of the formal potential (E0’) of the system depending 

on the specific pH range applied. Cyclic voltammograms have been recorded at a scan 

rate of 50 mV s-1 under previously described experimental conditions. Nanocapsules 

retained their antioxidant activity in the pH range of 2.5-7.5 units, with the only exception 

of NOL(CH/TA)5 9, which displayed the E0’ shifting versus pH only in the pH range of 

4.5-7.5 units (Figure 2.25, panels A-D). Generally, nanocapsules showed a similar pH 

dependence being all slopes very close to -60 mV/pH, which s the calculated slope for 

2H+/2e- redox processes in the reduction of quinone to hydroquinone, according to the 

Nernst equation.205 

 

Figure 2.25. CVs of NOL (A), NOL(CH/TA)5 9 (C), NOL(CH/LS)5 10 (B), and NOL(CH/TA/CH/LS)5 
11 (D). CVs were recorded in 120 mM Britton-Robinson buffer containing 100 mM KCl as supporting 
electrolyte in the range 2.5-7.5. Insets: linear dependence of the formal potential (E0’) versus pH
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Next, the ABTS+• scavenging activity of nanocapsules 9-11 was measured in 

comparison with ascorbic acid (AA) by amperometry analysis.207 Amperograms of 

nanocapsules 9-11 were recorded at the applied potential +0.55 V vs. SCE (required for 

the oxidation of ABTS+•), followed by the addition of several aliquots of ascorbic acid 

(30 μL of 1.0 mM AA solution). The progressive decolouration of ABTS+• from blue-

green to colourless was observed during the increase of the AA concentration. As a 

general trend, the oxidation current densities of ABTS+• decreased by increasing the AA 

concentration, confirming the radical scavenging activity of nanocapsules (Figure 2.26, 

panel A). In accordance with the previously reported voltammetric data, polyphenol 

mixed nanocapsules 11 were more effective than the corresponding homo-polymer 

counterparts 9-10, showing the highest slope values (Figure 2.26, panel B). Again, LbL 

nanocapsules 9-11 were more active than simple NOL. 
 

 
Figure 2.20. (A) Amperograms of NOL (black line), NOL(CH/TA)5 9 (blu line), NOL(CH/LS)5 10 (red 
line), and NOL(CH/TA/CH/LS)5 11 (purple line). Measurements were performed in 120 mM Britton-
Robinson buffer pH 6.5 containing 100 mM KCl as supporting electrolyte, adding 7 mM ABTS+• solution 
followed by several additions of AA. Experimental conditions: applied potential (Eapp): +0.55 V vs. SCE; 
stirring: 400 rpm ant T=25°C. (B) linear dependence of antioxidant activity on AA concentration. 
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3.1 Functionalized Tyrosinase-Lignin Nanoparticles as 
Sustainable Catalysts for the Oxidation of Phenols 

 

3.1.1 Aim of work 

It is assumed that renewable materials might play a key role in Circular Economy due 

to their unique environmentally benign properties.207 Lignin byproducts are low cost 

materials that perform as well as petroleum-derived counterparts, showing beneficial 

properties associated with their aromatic character, such as antioxidant activity,208,209 UV-

shielding protection,210,211 anticorrosion effects,212 and electrochemical responsiveness in 

both charge storage composites213 and electrochemical sensors.214 For this reason, lignin 

is emerging as a new and inexpensive raw material for the preparation of nanocapsules 

with increased chemical and physical properties,215 due to the direct consequence of “size-

effect” phenomena. These nanoparticles can be, in principle, useful polyphenol-based 

platforms for the immobilization of enzymes.216,217 The supramolecular interaction 

between lignin and proteins has been studied in details, identifying lignin-binding peptide 

sequences of affinity153 and analyzing the role that conformational changes of the polymer 

played in the molecular recognition process.155 The folding structure of the protein, 

associated to the prevalence of Coulombic forces in non-ionic medium with respect to 

hydrogen bonding and hydrophobic polar type interactions, emerged as crucial 

parameters in the self-assembly of proteins on the lignin surface. Moreover, lignin 

showed high boosting activity towards copper oxidative enzymes, such as Lytic 

Polysaccharide MonoOxygenases (LPMOs), through long-range electron transfer 

mechanisms between the aromatic moieties and the metal atoms in the active site of the 

enzyme.104 In this context, tyrosinase (EC 1.14.18.1) showed to further improve the 

LPMOs oriented boosting activity of lignin,218 performing the ortho-hydroxylation of 

phenol moieties to corresponding low redox-potential catechol derivatives (1, 2-benzene 

diols; monophenolase activity).219 Thus, lignin and tyrosinase cooperate in synergy to 

realize efficient oxidative processes. Tyrosinase has been widely studied because of its 

relevance in several applied areas, 220 showing better performances in industrial 

applications when used in the immobilized form, as a consequence of its reusability, 

enhanced stability, and easier purification procedures.221 

In recent years, we described the preparation of heterogeneous catalysts for the 

synthesis of bioactive catechol derivatives by immobilization of tyrosinase on 
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microcapsules of the epoxy resin Eupergit222 and in alternative, by Layer-by-layer coating 

on Multi Walled Carbon Nanotubes (MWCNTS).223 These catalysts provided high 

catalytic efficiency in the synthesis of neuroactive 3,4-dihydroxyphenylalanine (DOPA)-

containing peptides224 and of lipophilic catechols with broad spectrum antiviral activity 

against both DNA and RNA viruses225. As a general trend, nanostructured catalysts 

showed greater activity, storage life, and reusability than the microcapsule 

counterparts.226 This project describes the immobilization of tyrosinase from Agaricus 

bisporus (T3824, multimeric enzyme with H2L2-type structure)227 in nanoparticles of 

organosolv lignin (OL)228 by four different procedures, namely: i) encapsulation, ii) 

surface adsorption, iii) Layer-by-layer (LbL) coating, and iv) LbL coating in the presence 

of bovine serum albumin (BSA) and glutaraldehyde (GA). At difference from native 

lignin and other technical lignins, OL has a relatively low molecular weight and a distinct 

solubility in organic solvents.229 The novel catalysts have been characterized regarding to 

their structural and kinetic properties, and they have been successively applied for the 

oxidation of selected phenols to corresponding bioactive catechols. 

 

3.1.2 Experimental 

Materials 

Organosolv lignin (OL) were purchased from Chemical Point. Mushroom tyrosinase, 

bovine serum albumin (BSA), glutaraldehyde (GA), poly(diallyldimethylammonium 

chloride) (PDDA, 20% v/v water solution), 2-chloro-4,4,5,5-tetramethyl-1,3,2-

dioxaphopholane, chrome (III) acetylacetonate; deuterated chloroform (CDCl3), ascorbic 

acid, Bradford reagent, L-tyrosine, para-cresol, tyrosol, 4-hydroxyphenylacetic acid, 3-

(4-hydroxyphenyl)propionic acid, catechol, potassium chloride (KCl) and organic 

solvents were purchased from Sigma–Aldrich and were used without any further 

purification. All experiments were done in triplicate using native and immobilized 

tyrosinase in Phosphate buffer saline (PBS).  

Reactivity of tyrosinase with organosolv lignin 

An appropriate amount of OL (70 mg) was treated with tyrosinase (1000 U) in PBS 

(5.0 mL, 0.1 M; pH 7) under dioxygen atmosphere at room temperature for 24 h. This 

mixture was acidified (pH 3, 1.0 M HCl) and successively centrifuged (6000 rpm, 20 min) 

to remove the supernatant.  
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The residue was rinsed with deionized water and then freeze-dried. The qualitative and 

quantitative analysis of alcoholic, acidic, and phenolic OH groups in the residual crude 

after tyrosinase treatment was determined by quantitative 31P-NMR analysis.230 

Typically, the lignin sample (10 mg) was dissolved in pyridine/CDCl3 (300 µL; 1.6/1.0 

v/v), followed by addition of chrome (III) acetylacetonate solution (50 mL, 11.4 mg/ml) 

as relaxing agent. Then, the phosphitylation reagent 2-chloro-4,4,5,5-tetramethyl-1,3,2-

dioxaphopholane (200 µl) was added under magnetic stirrer and gentle heating at 45 °C 

for 2 h. NMR analysis was performed in the presence of cholesterol as an internal standard 

on a Bruker 400MHz apparatus. Gel Permeation Chromatography (GPC) analysis of OL 

was carried out following the procedure of acetobromination.231 Briefly, an appropriate 

amount of lignin sample (10 mg) was suspended in acetic glacial/acetyl bromide mixture 

(2.5 mL of 92:8 v/v) and stirred at room temperature. After 2 h the solvent was evaporated 

under vacuum and the residue was dissolved in THF (5 ml). The GPC analysis were 

performed using a Shimadzu LC 20AT liquid chromatograph with a SPD M2OA 

ultraviolet diode array (UV) detector at 280 nm. 

 

Preparation of catalyst I 

The preparation of catalyst I required the encapsulation of tyrosinase within the OL 

nanoparticles. Briefly, an appropriate amount of tyrosinase (3.0 mg, 900 U/mg) was 

added to a solution of OL in THF (2.0 mg/mL, 7.5 mL) previously filtered by 0.45 µm 

filter membrane. The solution obtained was dialyzed against deionized MilliQ water (500 

mL) for 24 h at 25°C under slow magnetic stirring, using Spectrapore™ dialysis 

membrane (3,5 kD MWCO). Catalyst I was recovered by centrifugation (20 min at 6000 

rpm) and the surnatant was used for the calculation of the activity parameters. The catalyst 

was washed several times with PBS in order to ensure the complete removal of 

unbounded tyrosinase (as evaluated by the Bradford method). 

Preparation of catalyst II 

Catalyst II was prepared by direct adsorption of tyrosinase on preformed OL 

nanoparticles prepared by the dialysis protocol. Briefly, OL solution (THF, 2 mg/mL) 

previously filtered by 0.45 µm filter membrane, was dialyzed against deionized water for 

24h at 25°C with slow magnetic stirring, using Spectrapore™ dialysis membrane (3,5 kD 

MWCO). Finally, the OL nanoparticles obtained were centrifuged (20 min at 6000 rpm), 

washed with Milli-Q water and lyophilized. The appropriate amount of tyrosinase (3.0 



 

64 

mg, 900 U/mg), dissolved in sodium phosphate buffer PBS (3.0 mL, 0.1 M; pH 7), was 

added to a suspension of OL nanoparticles (15 mg) in PBS (15 mL) under orbital shaking 

at room temperature for 24 h. Catalyst II was recovered by centrifugation (20 min at 6000 

rpm) and the surnatant was used for the calculation of activity parameters. The catalyst 

was washed several times with PBS in order to ensure the complete removal of 

unbounded tyrosinase (as evaluated by the Bradford method). 

Preparation of catalyst III 

The OL nanoparticles were coated with PDDA applying the LbL procedure.232 Briefly, 

a suspension (15 mL) of OL nanocapsules in MilliQ water (1mg/mL, pH 4.2) was added 

dropwise to PDDA solution (1mg/mL, Milli-Q water) under slow magnetic stirring. After 

2 h, the final suspension was centrifuged in order to recover OL-PDDA nanoparticles 

followed by washing with Milli-Q water and lyophilization. Tyrosinase (3.0 mg, 900 

U/mg) was added to a suspension of OL-PDDA nanoparticles (15 mg) in PBS (15 mL) 

under orbital shaking at room temperature for 24 h. Catalyst III was recovered by 

centrifugation (20 min at 6000 rpm) and the surnatant was used for the calculation of the 

activity parameters. The catalyst was washed several times with PBS in order to ensure 

the complete removal of unbounded tyrosinase (as evaluated by the Bradford method). 

Preparation of catalyst IV 

The OL-PDDA nanoparticles were prepared as described above and then used in order 

to immobilize BSA and tyrosinase by crosslinking with GA. Briefly, tyrosinase (300 μL, 

3.4 mg/ mL in PBS) and BSA (1.5 ml, 2.0 mg/mL) were added to OL-PDDA 

nanoparticles suspension (3.5 mg ml-1, PBS 1.4 ml), and the mixture was shaken for 30 

min at room temperature. Finally, GA (150 µl, 2.5% v/v water solution) was added and 

the mixture was shaken again at room temperature for 30 min and then at 4 °C overnight. 

Catalyst IV was recovered by centrifugation (20 min at 6000 rpm) and the surnatant was 

used for the calculation of activity parameters. The catalyst was washed several times 

with PBS in order to ensure the complete removal of unbounded tyrosinase (as evaluated 

by the Bradford method). 

 

SEM caracterization 

For Scanning Electron Microscopy (SEM), catalysts (I-IV), were fixed with 3% 

glutaraldehyde in 0.1 M cacodylate buffer (pH 7.2), washed and post-fixed in OsO4 (1.0% 

in weight) in the same buffer at room temperature. The samples were dehydrated in 
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agraded ethanol series before the analysis. They were then ai dried and sputter-coated 

with gold in a Balzers MED 010 unit. The observation was made by a JEOL JSM 6010LA 

electron microscope. 

  

DLS and Zeta potential   

Measurements of particle size and Zeta potential were performed on freshly prepared 

aqueous suspensions (pH = 7) of OL nanoparticles and Catalyst I-IV dispersed in water 

were performed before and by dynamic light scattering (DLS) using a Zetasizer Nano ZS 

(Malvern Instruments, Malvern, UK) equipped with a He-Ne laser (633 nm, fixed 

scattering angle of 173°, 25°C). Prior to perform size measurements, suspensions were 

filtered with a 0.45-mm filter membrane. Measurements were performed at least in 

triplicate at room temperature (T=25°C).  

 

Determination of the catalyst activity 

The catalyst activity of the native and immobilized enzyme was determined by 

measuring the tyrosinase-catalyzed oxidation of L-tyrosine. The reaction was started by 

adding the substrate to the solution containing the appropriate amounts of the native 

enzyme, and in alternative, of catalysts I−IV in PBS under magnetic stirring. The initial 

rates were measured as the linear increase of the optical density at 475 nm, due to 

dopachrome formation. One unit of enzyme activity was defined as the increase in 

absorbance of 0.001 unit per minute at pH 7 and 25 °C, measured in a 3.0 mL reaction 

cuvette containing 0.83 mM of L-tyrosine and 67 mM PBS (pH 7.0). Spectrophotometric 

data were analyzed with Cary WinUV. All experiments were conducted in triplicate using 

free and immobilized tyrosinase. 

 

Determination of the kinetic constants 

Kinetic parameters, Km, Vmax and Vmax/Km, were determined spectrophotometrically by 

measuring the enzyme activity at different concentrations of L-Tyrosine (0.33–0.10 mM) 

and by plotting data in Lineweaver−Burk. All experiments were conducted in triplicate 

using native and immobilized tyrosinase. Reactions were carried out by means of the 

same procedure as for activity assay and measuring absorbance at 475 nm as described 

above. 
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Electrochemical characterization 

Cyclic voltammetry experiments were performed by using a PGSAT204N potentiostat 

(Eco Chemie, The Netherlands) controlled by Nova 2.1 software (Eco Chemie, The 

Netherlands) with a conventional three-electrodes electrochemical cell equipped with a 

modified glassy carbon (GC) electrode as working electrode (d=3 mm, Cat. 6.1204.300, 

Metrohm, Herisau, Switzerland), a saturated calomel electrode (SCE, 244 mV vs. NHE, 

Cat. 303/SCG/12, AMEL, Milano, Italy) and a glassy carbon rod electrode (d = 2 mm, 

Cat. 6.1241.020, Metrohm, Herisau, Switzerland), as reference and counter electrodes, 

respectively. All electrochemical measurements were performed in 50 mM PBS buffer 

pH 6.5 plus 100 mM KCl containing 250 µM cathecol, used as electrochemical mediator. 

GC electrodes (d=3 mm, Cat. 6.1204.300, Metrohm, Herisau, Switzerland) were polished 

with alumina slurries (Al2O3, particle size of 0.3 and 0.05 μm) on cloth pads wet with 

Milli-Q water (SIEM, Bologna, Italy), thoroughly rinsed with Milli-Q water and further 

sonicated for 5 min between each polishing step. For the bio-modification, GC electrodes 

were modified by drop-casting 5 µL of sample OL nanoparticles (2 mg/mL), catalyst I (2 

mg/mL), catalyst II (2 mg/mL), catalyst III (2 mg/mL), and catalyst IV (2 mg/mL), 

respectively. For each different modification, three replicates have been performed. 

 

General procedure for the oxidation of phenols 

As a general procedure, phenols 1-4 (0.02 mmol), tyrosinase (540 IU) and ascorbic 

acid (2 eq) were placed in PBS 5.0 mL (0.1 M; pH 7) at 25°C for 24 h, and the mixture 

was stirred under O2 atmosphere. Oxidations were performed using homogeneous and 

heterogeneous conditions. The reactions were monitored by thin layer chromatography 

(TLC, n-hexane/EtOAc=2.0:1.0). After the disappearance of the substrate, the reaction 

mixture was acidified with a solution of HCl 2.0 M and extracted twice with EtOAc. The 

organic extracts were treated with a saturated solution of NaCl and dried over anhydrous 

Na2SO4, then filtered and concentrated under vacuum. In the case of immobilized 

enzyme, catalysts I-IV were recovered by centrifugation (6000 rpm) for 20 minutes and 

the solution was subjected to the same work up as described above. The residue was 

treated with pyridine, HMDS and TMCS (HMDS–TMCS, 2:1 v/v) under vigorous 

stirring at room temperature for 2 h. Products were identified by gas-chromatography 

associated to mass-spectrometry analysis (GC–MS). The analyses were performed by 450 

GC-320 MS apparatus using a VF-5MS column and an isothermal temperature profile of  
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100 °C for 2 min, followed by a 10 °C/min temperature gradient to 280 °C for 25 mn. 

The injector temperature was 280 °C. Chromatography-grade helium was used as the 

carrier gas with a flow of 2.7 mL/min. Mass spectra were recorded with an electron beam 

of 70 eV. 

 

3.1.3 Results and discussion  
 

Reactivity of tyrosinase towards organosolv lignin (OL) 

The reactivity of tyrosinase towards lignin is debated. Lignans, the secondary 

metabolites resembling the dimeric units of lignin, generally showed inhibitory activity 

against tyrosinase233,234, and the catalytic effect of tyrosinase in the oxidation of milled 

wood lignin was found to be negligible with respect to that of laccase and horseradish 

peroxidase.235 On the other hand, tyrosinase from Agaricus bisporus was reported to 

cleave the 4-Ο-5 and Cα-Cβ bonds of some representative dimeric lignin model 

compounds (4-phenoxylphenol and guaiacyl glycerol-β-guaiacylether)236. For this 

reason, we decided to study the reactivity of tyrosinase from Agaricus bisporus towards 

organosolv lignin (OL) before the immobilization procedures. OL (70 mg) was treated 

with tyrosinase (1000 U) in phosphate buffer (5.0 mL, 0.1 M; pH 7) under dioxygen 

atmosphere at room temperature. 

After 24 h, the mixture was acidified (pH 3, 1.0 M HCl) and successively centrifuged 

(6000 rpm, 20 min) to remove the supernatant. The residue was washed with deionized 

water and freeze-dried to yield OL-tyr. A sample of OL, treated under similar 

experimental conditions in the absence of tyrosinase, was used as reference. The amount 

of characteristic OH groups in OL-tyr and OL samples was determined by quantitative 
31P NMR. Briefly, the samples were dissolved in pyridine/CDCl3 (300 µL; 1.6/1.0 v/v) 

under sonication conditions and phosphitylated in situ with 2-chloro-4,4,5,5-tetramethyl-

1,3,2-dioxaphopholane. Table 4 shows the relevant experimental data collected. More 

specifically, aliphatic, condensed, guaiacylic, para-hydroxy phenyl, and acidic lignin OH 

groups were measured. Data are averages of three phosphitylation experiments. The 31P-

NMR data showed a modest decrease of the total phenolic OH and of the total OH groups 

after the enzyme treatment (11% and 9%, respectively), confirming the low reactivity of 

tyrosinase towards lignin. 
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Table 4. Functional OH distribution (mmol/gram) for parent OL and for OL-tyr after treatment with 
tyrosinase.a 

aQuantitative 31P-NMR spectra were performed after dissolution of the sample in pyridine/CDCl3 (300 
µL; 1.6/1.0 v/v) under sonication conditions and phosphitylation with 2-chloro-4,4,5,5-tetramethyl-1,3,2-
dioxaphopholane. OL: original sample of organosolv lignin; OL-tyr: organosolv lignin after treatment with 
tyrosinase. bMaximum standard deviation: 2 x 10-2 mmol/gram. Maximum error: 1x10-2 mmol/gram. 

 
Structural modifications in OL-tyr were further evaluated by Gel Permeation 

Chromatography analysis (GPC) of the residue. In Table 5 are reported the weight 

average molecular weight (Mw), the number average molecular weight (Mn) and the 

polydispersity (Mw/Mn) of OL-tyr compared to parent OL. Tyrosinase treatment induced 

an appreciable increase in the Mw and Mn values. 

Table 5. Mw, Mn and Mw/Mn of OL tyr compared with the parent OL. 
Sample Mw Mn Mw/Mn 
OL 154.670a 15.104 10.2 
OL-tyr 202.828 18.803 18.8 

aAnalyses were repeated in triplicate. 
 

Thus, in our hand tyrosinase showed a low reactivity towards OL, affording a modest 

decrease of the total amount of phenolic OH, associated with a modest, although if 

significant, increasing in the weight average molecular weight of the polymer, probably 

as a consequence of oxidative coupling processes.237 

Encapsulation and direct adsorption procedures 
Alkali Lignin nanoparticles have been previously reported as containers for drug 

delivery systems.238,239 The encapsulation procedure consisted in the formation of 

nanoparticles by slow solvent exchange in the presence of the bioactive principle to be 

immobilized, such as resveratrol, sorafenib, benzazulene and ibuprofen.240 Lignin 

nanoparticles showed high antioxidant protective effect, successfully releasing the 

bioactive principle in the cell. A similar procedure was applied in the encapsulation of 

dyes.241 We decided to apply this procedure for the encapsulation of tyrosinase in OL 

nanoparticles. Tyrosinase (3.0 mg, 900 U/mg) was added to a solution of OL in THF (2.0 

mg/mL, 7.5 mL) at room temperature, and the solution was dialyzed against MilliQ water 

(500 mL) for 24 h. During the slow exchange of the solvent, the lignin molecules 

interacted together to close the nanoparticles, tyrosinase being entrapped inside their 

Sample 
Carboxylic 

acid 
Aliphatic -

OH 
Condesed -

OH 

Para-
hydroxy 

Phenyl -OH 

Guaiacyl -
OH 

Total 
phenolic 
-OH 

Total 
group 
-OH 

OL 0.22 0.99 1.95 0.24 0.68 2.87 4.08 

OL-tyr 0.19 0.97 1.79 0.17 0.59 2.55 3.71 
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empty core cavity. At the end, the encapsulated tyrosinase system (catalyst I) was 

recovered by centrifugation and washed to remove the excess of the enzyme (Figure 3.1, 

pathway A). Scanning electron microscopy (SEM) images of catalyst I are reported in 

Figure 3.2. 

 
Figure 3.1. Schematic representation for the preparation of catalysts I-IV. 

 
The SEM image of catalyst I showed spheres of regular shape (Figure 3.2, panel A) with 

an average diameter of 0.19±0.01 µm, as evaluated by Dinamic Light Scattering (DLS) 

analysis (Figure 3.3). 

 

 
(a)                                                 (b)                               (c) 

Figure 3.2. SEM images of catalyst I and catalyst II. (a) General overview of catalyst I; (b) Selected 
magnification of catalyst I; (c) General overview of catalyst II. 

Fragmented particles were characterized by the presence of empty cavity (Figure 3.2, 

panel B). The presence of the enzyme in catalyst I was observed by confocal analysis 

using a tyrosinase previously marked with Fluorescein isothiocyanate (FITC).242 As 

reported in (Figure 3.4, panel A), catalyst I showed the expected green signal inside 

nanoparticles. The entrapment of tyrosinase was further confirmed measuring the value 
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of the Zeta potential of the particle surface, that was found to be very similar to the value 

obtained for the parent OL nanoparticles (Figure 3.5).  

 

Figure 3.3. Particle diameter distributions of OL nanocapsules and Catalyst I-IV 

 

 

Figure 3.4. Confocal images of (a) Catalyst I; (b) Catalyst II. 

 
As an alternative, catalyst II was prepared by direct adsorption of tyrosinase on 

preformed OL nanoparticles (Figure 3.1, pathway B). Briefly, tyrosinase (3 mg, 900 

U/mg) dissolved in sodium phosphate buffer PBS (3.0 mL, 0.1 M; pH 7) was added to a 

suspension of OL nanoparticles (15 mg) in PBS (15 mL) under orbital shaking at room 

temperature overnight. Catalyst II was recovered after centrifugation and rinsed with PBS 

to remove the excess of the enzyme. (Figure 3.6, panel C) reports the SEM image of 

particles of catalyst II, characterized by an average diameter of 0.20±0.01 µm (Figure 

2.23). The confocal image of catalyst II (Figure 3.4, panel B), performed in the presence 

of the marked enzyme, showed a relatively weak green fluorescence signal only on the 

surface of nanoparticles (the background azure emission of the core being associated to 

the known auto-fluorescence of lignin.243 Moreover, the Zeta potential of catalyst II 
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varied with respect to parent OL nanoparticles (Figure 3.5). hese data confirmed that the 

adsorption of tyrosinase was limited to the surface of the nanoparticles.  

 

Figure 3.5 Zeta potential values of OL nanoparticles, OL PDDA nanoparticles and catalysts I-IV.  
 

Layer-by-layer immobilization procedure 

The LbL procedure, based on the consecutive deposition of alternatively charged 

polyelectrolytes onto an appropriate support, protects enzymes from denaturing agents 

and allows regulation of the permeability towards small substrates, which can cross the 

multilayer and react with the catalytic site.244 The use of the LBL procedure for the 

immobilization of tyrosinase from Agaricus bisporus on Multiwalled Carbon Nanotubes 

(MWCNTs) has been previously reported to increase the activity of the enzyme. Since 

lignin nanoparticles are characterized by a negative value of the Zeta potential (-42 mV 

at pH 4.2), we started by the deposition of a first positive charged layer of 

polydiallyldimethylammonium chloride (PDDA), able to efficiently interact with the 

lignin surface by cation-π interactions.245 Briefly, a suspension (15 mL) of OL 

nanoparticles in MilliQ water (1.0 mg/ml, pH 4.2) was added dropwise to PDDA solution 

(1.0 mg/mL, Milli-Q water) under slow magnetic stirring for 2 h. The deposition of the 

PDDA layer was monitored by UV-visible analysis, following the appearance of typical 

peak at 276 nm, which corresponds to the shift of the characteristic PDDA B-band after 

adsorption on lignin. This result was further confirmed by the Zeta potential analysis 

(Figure 3.5), the system reaching the value of -22 mV. Tyrosinase (3 mg, 900 U/mg) was 

then added to OL/PDDA nanoparticles (PBS; 3mL) to yield catalyst III (Figure 3.1, 

pathway C). Scanning electron microscopy (SEM) image of catalyst III (Figure 3.6, 

panel A) showed regular spherical particles with a wrinkled surface and an average 

diameter of 0.22±0.02 µm. Catalyst III showed a Zeta potential value of -40 mV (Figure 

3.5) 
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(a) 

 
(b) 

Figure 3.6. SEM images of catalyst III in the first panel (a) and of catalyst IV in the second panel (b).  

 

Finally, we applied the glutaraldehyde (GA)-assisted co-immobilization of tyrosinase 

in the presence of Bovine Serum Albumin (BSA).246 As a general trend, the 

immobilization efficiency of tyrosinase is dependent upon the number of the enzyme 

molecules loaded on the selected surface. The enzyme strives for the greatest surface 

coverage, leading to conformational changes that could influence the activity. BSA 

performs as an inert protein with an isoelectric point close to that of tyrosinase, to partially 

reduce the amount of surface area available for the enzyme, while GA forms a protective 

three-dimensional network. Briefly, the suspension of OL/PDDA nanoparticles (3.5 

mg/mL) in PBS (1.4 mL) was added to tyrosinase (300 μL, 3.4 mg/mL in PBS) and BSA 

(1.5 ml, 2.0 mg/mL) under gentle shaken for 30 min at room temperature. Finally, GA 

(2.5% v/v water solution) was added to yield catalyst IV (Figure 3.1, pathway D). Figure 

3.6 (panel B) reports the SEM image of catalyst IV. The surface of catalyst IV appeared 

as a roughly aggregate of small clumps with an average diameter of 0.22±0.02 µm (Figure 

3.3) and a value of the Zeta potential of -32 mV, that is significantly different from that 

previously measured for catalyst III. 

 

Activity parameters of catalysts I-IV  
The Tyrosinase (Tyr) activity was determined by the dopachrome assay247 following 

the oxidation of L-tyrosine at 475 nm, the enzyme unit being defined in terms of the 

increase in absorbance of 10−3 unit/min at 25 °C in 0.1M phosphate buffer (pH 7.0). The 

immobilization and activity yields were evaluated as reported in equations 1 and 2, 

respectively.              
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Where Ua is the total activity (units) of the enzyme added to the solution and Ur is the 

residual activity (units) evaluated by the dopachrome method in the washing solutions. 

As reported in Table 6, catalysts III-IV showed a value of the immobilization yield 

higher than that of catalysts I-II, suggesting a better performance of the LbL procedure 

in the immobilization of tyrosinase with respect to encapsulation and direct adsorption 

processes (entries 3-4 versus entries 1-2). The activity yield followed a similar trend. Note 

that catalyst IV was characterized by the highest value of the activity yield confirming 

the beneficial role of BSA and GA in the retention of the tyrosinase catalytic performance 

after the immobilization process. The activity of catalyst II-IV was comparable to that 

previously reported tyrosinase based nanocatalysts.248 

Table 6. Activity parameters of catalysts I-IV. 
Entry Catalyst Immobilization 

yield % 
Activity yield %a Activity 

(units/mg)b 
1 I 69 34 6.8 
2 II 71 31 6.2 
3 III 90 42 8.4 
4 IV 87 58 11.6 

a The activity of native tyrosinase, evaluated by the dopachrome method, was 900 units/mg of enzyme. 
bThe enzyme loading is referred to the percentage of the initial tyrosinase supported on the catalyst. 

 
Cyclic voltammetry analysis 

Cyclic voltammograms (CVs) of catalysts I-IV were recorded at 25◦C in comparison 

with parent OL nanoparticles as a reference. The analyses were carried out in 250 µM 

catechol solution (PBS buffer, 50 mM; pH 6.5), in the presence of KCl (100 mM) as 

supporting electrolyte. Irrespective to the catalysts studied, the electrocatalytic wave in 

CVs started in the correspondence of the formal potential (E0’) of catechol (0.190 V) 

measured versus Saturated Calomel Electrode (SCE). Data are reported in Figure 2.27 

(panels A-D; catalysts are marked by a red line, while the reference is reported as black 

line). As a general pattern, the CVs confirmed the previously observed trend for the 

activity parameters (Table 8). In particular, the CV of catalyst I (Figure 3.7, panel A) 

showed a well-defined electrocatalytic wave starting from 0.190 V vs. SCE and rising up 

to -20 µA cm-2 at -0.2 V vs. SCE. This data indicated that tyrosinase retained an 

Activity (units/mg) = Ux/Wsupport (1) 
Activity yield (%) = [Ux/(Ua − Ur)] × 100 (2) 
Immobilization yield (%) = [(Ua − Ur)/Ua] × 100 (3) 
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appreciable electrocatalytic activity also in the encapsulation state. Catalyst II (Figure 

3.7, panel B) was characterized by a weakly electrocatalytic responsiveness 

(electrocatalytic wave from 0.190 V vs. SCE to -4 µA cm-2 at -0.2 V vs. SCE), in 

accordance with the low activity yield previously measured (Table 6, entry 2). 

Afterwards, the electrocatalytic responsiveness of catalyst III was found to be increased 

(electrocatalytic wave from 0.190 V vs. SCE to -30 µA cm-2 at -0.2 V vs. SCE).  Finally, 

catalyst IV showed the highest electrocatalytic wave compared to the other catalysts 

starting from 0.190 V vs. SCE to -56 µA cm-2 at -0.2 vs. SCE. 

   
 

Figure 3.7. Cyclic voltammograms of OL nanocapsules (black line, A-D), Catalist I (red line, A), Catalyst 
II (red line, B), Catalyst III (red line, C) and Catalyst IV (red line, D) performed in 250 µM catechol 
solution (50 mM PBS buffer pH 6.5 + 100 mM KCl) at scan rate 5 mV s-1. 
 

Kinetic properties of catalysts I-IV and synthesis of catechol derivatives 

Catalysts I–IV were characterized for their kinetic properties using L-Tyrosine (in the 

range 0.33–0.1 mM) as substrate and plotting data to a double reciprocal Lineweaver–

Burk plot (Table 7). Data for native Tyrosinase are also reported as a reference (table 7, 

entry 1). Irrespective from the procedures used for the immobilization, Vmax decreased 

and Km increased for supported tyrosinase, which led to a partial reduction in the catalytic 

efficiency with respect to free enzyme. Similar trends in Km and Vmax values have been 

reported for tyrosinase immobilized on other carriers, they being attributed to mass 

transfer limitation processes.249 
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Table 7. Kinetic parameters of Tyr and catalysts I-IV. 

Entry Catalyst Km (mM) Vmax ×10−3 

(∆Abs min µgenzyme)-1 Vmax/Km (x10−3) 

1 Tyr 0.18 6.02 33.44 

2 I 0.51 3.40 6.77 

3 II 0.67 1.14 1.70 

4 III 0.37 3.89 10.51 

5 IV 0.25 4.10 16.40 

All experiments were conducted in triplicate using free and immobilized tyrosinase. Average errors in 
kinetic parameters were 2–4% for Km and 1–3% for Vmax. L-Tyrosine was used as substrate. 
 

 

Catalysts III-IV showed a higher rate and catalytic efficiency than catalysts I-II 

(Table 7, entries 4-5 versus entries 2-3), confirming the beneficial role of the LbL. Note 

that catalyst I was more active than catalyst II (Table 7, entry 2 versus entry 3), probably 

as a consequence of conformational changes occurring when the enzyme was directly 

adsorbed on the surface of the OL nanoparticles.  

The synthetic versatility of catalysts I-IV was then evaluated in the oxidation of a 

panel of selected phenols 1−4 (Figure 3.8) to obtain the corresponding catechol 

derivatives 5-8, including bioactive hydroxytyrosol250 6, and 3,4-

dihydroxydihydrocinnamic acid 8.251 

 

 
Figure 3.8. Oxidation of phenols 1–4 with catalysts I–IV.  
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Catechols are characterized by several biological activities and are well recognized as 

antioxidant compounds.252 The biotechnological potential of tyrosinase in the synthesis 

of catechols has received a great degree of attention because they are difficult to obtain 

under environmentally friendly conditions by means of traditional chemical 

procedures.253 As a general procedure, phenols 1-4, catalysts I-IV (540 units), and 

ascorbic acid AA (2.0 equiv) were stirred in PBS (0.1 M, pH 7.0, 5.0 mL) at room 

temperature, under a dioxygen atmosphere (O2). Ascorbic acid was used as an internal 

reducing agent to avoid the polymerization of the quinone intermediates.254 As a general 

trend, catalysts I-IV were able to oxidize phenols to corresponding catechols from 

moderate to high yield. No oxidation was observed in the presence of OL alone. 

Irrespective from the experimental conditions, catalysts III and IV were more reactive 

than catalyst II, affording the desired catechol in acceptable yields. The oxidations were 

very selective, catechol derivatives being the only isolated products besides to unreacted 

substrate. In the case of catalyst I, a lower selectivity was observed, since catechols were 

detected only in low yield with respect to the total conversion of substrate (Table 8, entry 

2-5). 

Table 8. Oxidation of Phenols 1−4 with Native Tyrosinase and Catalysts I-IV. 
Entry Catalyst Substrate Product(s) % Conversion %Yield 
1 Tyr 1 5a 99 98 
2 I 1 5a[5b] 91 20 
3 II 1 5a 40 39 
4 III 1 5a 59 59 
5 IV 1 5a 75 75 
6 Tyr 2 6 96 96 
7 I 2 6 35 25 
8 II 2 6 20 18 
9 III 2 6 38 37 
10 IV 2 6 46 46 
11 Tyr 3 7 77 77 
12 I 3 7 18 7 
13 II 3 7 15 15 
14 III 3 7 21 20 
15 IV 3 7 28 28 
16 Tyr 4 8 78 78 
17 I 4 8 34 12 
18 II 4 8 30 30 
19 III 4 8 57 56 
20 IV 4 8 67 65 

The oxidation was performed on 0.02 mmol of substrate with the appropriate catalyst  
(540 units) in PBS (0.1 M pH 7) at 25°C under O2 atmosphere for 24 h. 
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The low mass balance was probably due to over-oxidation processes, as confirmed by 

the isolation of a product of oxidative coupling, compound 5b, in the oxidation of para-

cresol 1 (Table 10, entry 2). Moreover, the low yield observed in the oxidation of phenol 

3 (Table 8, entries 11-15) was probably ascribable to the known inhibitory activity 

reported for this compound against tyrosinase.255 Recycling experiments proceeded with 

success in the oxidation of phenol 1, as a selected example. After the first oxidation, 

catalysts I-IV were recovered by centrifugation, washed, and reused with fresh substrate. 

As shown in Table 9, catalysts I-IV were used for at least 5 cycles with only a slight 

decrease of activity. 

Table 9. Recycling of catalyst I-IV in the oxidation of para-cresol 1. 
Entry Run Catalyst I 

(Yield %) 
Catalyst I 
(Yield %) 

Catalyst III 
(Yield %) 

Catalyst IV 
(%Yield) 

1 1 20 39 59 75 
2 2 20 39 59 75 
3 3 15 32 51 70 
4 4 11 27 46 67 
5 5 9 21 42 61 

Reusability is expressed as the yield in % of catechol 5a obtained by 
 oxidation of 1 with catalyst I-IV. 

 

 
3.2  Layer by layer supported laccase on lignin nanoparticles 
catalyzes the selective oxidation of alcohols to aldehydes 
3.2.1  Aim of work 

The physical and chemical properties of lignin are modified during the transition from 

the natural amorphous state to micro- and nano-scaled devices, as a consequence of the 

formation of π-interactions between the aromatic moieties.256,258 Procedures for the 

preparation of lignin nanoparticles with increased UV- absorption capacity and radical 

scavenger activity by solvent exchange,258 and layer by layer (LbL)259 technologies are 

reported,260 encompassing the use of raw materials, at both laboratory and pilot scales.135 

Laccase (EC 1.10.3.2, p-diphenol: dioxygen oxidoreductase) 261 catalyzes the 

reduction of dioxygen to water262 by the use of different clusters of copper atoms, 

indicated as T1–T3. Clusters T2 and T3 participate directly in dioxygen reduction,263 

while T1 transfers electrons from the substrate to the tri-nuclear cluster.264 This enzyme 

has been successfully applied in bioremediation,265 organic synthesis,266 wood pulp 

bleaching and biorefinery.267,268 Low molecular weight redox mediators increase the 

reactivity of laccase acting as electron shuttles from the enzyme active site to the bulk of 
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the solution.269,270 Among the immobilization procedures reported for laccase,271–272 the 

use of nano-scaled supports has been reviewed, highlighting the advantage of a high 

surface area, biocompatibility, and mechanical resistance.273,274 In particular, favorable 

electrochemical properties emerged in the oxidation of alcohols to aldehydes after 

immobilization of laccase on multi walled carbon nanotubes (MWCNTS).244 

Environmentally friendly synthesis of aldehydes is required to avoid the low selectivity 

and toxicity of organometallic species and inorganic oxidants.275,276 Lignin is a suitable 

support for the immobilization of oxidative enzymes due to its electro-chemical 

responsiveness.277,278 For example, the association between lignin and laccase (or other 

polyphenol oxidases) can boost the activity of lytic polysaccharide mono-oxygenase 

(LPMO) in delignification processes, as a consequence of the formation of low molecular 

weight lignin derivatives (LMWLD).105 In this latter case, LMWLD worked in synergy 

with traditional redox mediators.106 The boosting effect was also observed at the nano-

scale level, the activity of tyrosinase (EC 1.14.18.1)279 being enhanced after 

immobilization of the enzyme on organosolv lignin nanoparticles (NOL).280 NOL 

stabilized and reinforced against solvent dissolution after treatment with laccase, thanks 

to the occurrence of oxidative coupling reactions.281 The LbL coating of lignin 

nanoparticles with lipase and cutinase was also reported.167 We describe here the 

immobilization of laccase from Trametes versicolor (EC 1.10.3.2) on NOL by 

encapsulation, physical adsorption, and LbL procedures.282  

Laccase preserved the catalytic activity and kinetic properties after the immobilization, 

showing pseudo direct electron transfer (pseudo-DET) and mediated electron transfer 

(MET)262 mechanisms. The LbL procedure was more efficient than physical adsorption 

and encapsulation, favoring the selective 2,2,6,6-tetramethylpiperidin-1-yl- oxyl 

(TEMPO) mediated oxidation of alcohols to aldehydes. TEMPO was more efficient than 

other possible redox mediators, such as 2,2′-azino-bis 3-ethylbenzthiazoline-6-sulfonic 

acid) (ABTS), N-hydroxy-benzotriazole (HOBT), vanillin and syringaldehyde. The 

catalytic activity and morphological integrity were retained for six runs. Among the novel 

catalysts, LbL based systems showed a reactivity and selectivity comparable to native 

laccase283 and higher than other catalysts in which laccase was immobilized on silica, 284 

suggesting the possibility of a specific boosting effect exerted by the electro- chemically 

active lignin support. 
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3.2.2 Experimental part 
 

Materials 

Organosolv lignin (OL) was furnished by Chemical Point (Ger- many). Laccase (1.04 

U mg−1), Bradford reagent, polydiallyldimethylammonium chloride) PDDA (20% v/v 

water solution), 2,2-azinobis-(3-ethylbenzothiazoline-6-sulfonic acid) (ABTS), 2,2,6,6-

tetramethyl-1-piperidinyloxy (TEMPO), N-hydroxybenzotriazole (HOBt), vanillin, 

syringaldehyde, boric acid (H3BO3), orthophosphoric acid (H3PO4), acetic acid (CH3- 

COOH), potassium perchlorate (KClO4), glutaraldehyde (GA), tetrahydrofuran (THF) 

and bovine serum albumin (BSA) were purchased from Sigma-Aldrich (St. Louis, MO, 

USA). All exper- iments were done in triplicate using native and immobilized laccase in 

sodium acetate buffer (Na-acetate buffer 0.1 M pH 5.0). Solutions were prepared by using 

Milli-Q water (ρ = 18.2 MΩ cm a 25 °C; TOC < 10 μg L−1,  Millipore, Molsheim, France). 

The cationization reaction of OL to yield cationic lignin (CATLIG) was performed as 

follows: lignin organosolv (10 mg ml−1; 0.1 M) in NaOH was treated with glycidyl 

tetramethyl ammonium chloride (20 mg) at 60 °C for 2 h, under magnetic stirring. 

reaction product was dialyzed for 24 h against deionized H2O using Spectrapore™ 

dialysis membrane (3.5 kDa MWCO). 31P NMR analysis of CATLIG confirmed the 

structure of the expected product (Figure 3.9).163 

 
Figure 3.9. 31P NMR analysis of phosphitylated lignin organosolv and cationic lignin (CATLIG) in 

presence of internal standard (N-hydroxy-5-norbornene-2,3-dicarboxylic acid imide). 
 

Encapsulation procedure. Catalyst I 

A solution of organosolv lignin OL (2.0 mg mL−1 in 1.2 mL of THF/H2O 5:1 v/v) was 

added to an aqueous solution (3.8 mL) of laccase (3.0 mg mL−1, 1.04 U mg−1) under 

magnetic stirring. Lignin nanoparticles NOL formed instantaneously. Catalyst I was 

recovered from residual H2O by centrifugation (20 min at 6000 rpm) after removal of 
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THF. The loading factor and activity parameters were evaluated by analyzing the residual 

aqueous solution. Catalyst I was washed several times with sodium acetate buffer (0.1 

M) and lyophilized.  

 

Physical adsorption procedure. Catalyst II 

A solution of organosolv lignin OL (2.0 mg mL−1 in 1.2 mL of THF/H2O 5:1 v/v) was 

added to Milli-Q water (in 3.8 mL) under gentle magnetic stirring followed by 

centrifugation (20 min at 6000 rpm) to afford NOL. Next, laccase (2.0 mg, 1.04 U mg−1) 

in sodium acetate buffer (1.0 mL, 0.1 M; pH 5.0) was added to NOL (10 mg) in the same 

buffer (15 mL) under orbital shaking at room temperature for 24 h. Catalyst II was 

recovered by centrifugation (20 min at 6000 rpm) and the residual solution was used for 

the evaluation of the loading factor and activity parameters. Catalyst II was washed 

several times with sodium acetate buffer (0.1 M) and lyophilized. 

 

Layer by layer procedure. Catalysts III–V 

Catalyst III. NOL in Milli-Q water (15 mL; 1 mg mL−1, pH 4.2) were added dropwise 

to a PDDA water solution (1 mg mL−1) under gentle magnetic stirring at room 

temperature. After 2 h, the suspension was centrifuged and washed with Milli-Q water to 

afford the NOL–PDDA intermediate. Laccase (2.0 mg, 1.04 U mg−1) dissolved in sodium 

acetate buffer (1.0 mL, 0.1 M; pH 5.0) was added to NOL–PDDA (10 mg) in the same 

buffer (15 mL) under orbital shaking at room temperature for 24 h. Catalyst III was 

recovered by centrifugation (20 min at 6000 rpm) and the residual solution was used for 

the evaluation of the loading factor and activity parameters. Catalyst III was washed 

several times with sodium acetate buffer (0.1 M) and lyophilized.  

Catalyst IV. Laccase (2.0 mg, 1.04 U mg−1) and bovine serum albumin (BSA, 2.0 mg) 

were added to NOL–PDDA (4 mg mL−1) in sodium acetate buffer (3 mL, 0.1 M), and the 

mixture was shaken at room temperature for 30 min. GA (150 μL, 2.5% v/v water 

solution) was added to the suspension and the mixture was shaken again at room 

temperature for 30 min, and then at 4 °C overnight. Catalyst IV was recovered by 

centrifugation (20 min at 6000 rpm) and the residual solution was used for the evaluation 

of the loading factor and activity parameters. Catalyst IV was washed several times with 

sodium acetate buffer (0.1 M) and lyophilized. 

Catalyst V. NOL in Milli-Q water (20 mg mL−1, pH 4.2) were added dropwise to a 

CATLIG water solution (1 mg mL−1, 15 mL) under gentle magnetic stirring at room 
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temperature. After 2 h, the final suspension was centrifuged and washed with Milli-Q 

water to afford the NOL–CATLIG intermediate. Laccase in sodium acetate buffer (2.0 

mg, 1.04 U mg−1, 1.0 mL) was added to NOL–CATLIG (10 mg) in the same buffer (15 

mL) under orbital shaking at room temperature for 24 h. Catalyst V was recovered by 

centrifugation (20 min at 6000 rpm) and the residual solution was used for the evaluation 

of the loading factor and activity parameters. Catalyst V was washed several times with 

sodium acetate buffer (0.1 M) and lyophilized.  

 

Morphological characterization 

Scanning electron microscopy (SEM) was conducted using a JEOL JSM 6010LA 

electron microscope (Tokyo, Japan). As a general procedure, catalysts I–V were treated 

with GA (3.0%) in cacodylate buffer (0.1 M, pH 7.2), followed by treatment with 

osmium-tetroxide (OsO4, 1.0% w/w) in the same buffer at room temperature. Ethanol 

(EtOH) was used for the dehydration of the samples before the analysis. The samples 

were air dried, and sputter-coated with gold in a Balzers MED 010 unit. 

ATR-IR characterization 

Attenuated total reflection Fourier transform infrared (ATR- IR) spectroscopic 

analysis was carried out with a PerkinElmer (Spectrum One) spectrometer equipped with 

an UATR unit cell. IR spectra were recorded by averaging 32 scans, with a resolution of 

4 cm−1. 

 

Enzyme activity assay 

2,2′-azino-bis 3-ethylbenzothiazoline-6-sulfonic acid) diammonium salt (ABTS) was 

used for the enzyme activity evaluation.285 Briefly, the absorbance of the cation radical 

of ABTS (sodium acetate buffer solution, 5 mM, 3.0 mL) was measured at 420 nm (ε420 

= 36 000 M−1 cm−1) in the presence of different concentrations of laccase. One unit of 

laccase activ- ity is defined as the amount of enzyme that catalyzes the transformation of 

ABTS (1.0 μmol) in the mixture (200 μL) at 25 °C for 1.0 min. 

 

Kinetic parameters 

The Michaelis–Menten constant (Km) and catalytic constant (Kcat) have been 

determined by standard ABTS procedure as previously reported, using different 

concentrations of ABTS (125–5000 μM) in sodium acetate buffer (pH 5.0). Lineweaver–

Burk plots were drawn from the initial rates obtained at various ABTS concentrations, 
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while the amount of enzyme was kept constant. The values have been calculated by the 

use of the GraphPad software. 

 

Electrochemical characterization 

Electrochemical analyses of the samples were carried out using a PGSTAT204N 

potentiostat (Eco Chemie, Nova 2.1 software). Three electrodes were used, a glassy 

carbon (GC) electrode (working electrode, d = 3 mm, Metrohm), a saturated calomel 

electrode (reference electrode, SCE, 244 mV vs. NHE, AMEL), and a glassy carbon rod 

electrode (counter electrode, d = 2 mm, Metrohm). Cyclic voltammetry measurements 

were performed in two different ways: pseudo-direct electron transfer (pseudo- DET): 

120 mM Britton–Robinson (B–R) buffer pH 5.5 and 100 mM KClO4; mediated electron 

transfer (MET): 120 mM Britton–Robinson (B–R) buffer pH 5.5 and 100 mM KClO4 

containing 500 μM ABTS. Catalysts I–V (2 mg mL−1) in Britton– Robinson (B–R) buffer 

(5 μL) were immobilized on GC electrodes by a drop-casting procedure. NOL were used 

as a reference under similar loading conditions. 

 

Oxidation of alcohols: general procedure 

Aliphatic and aromatic alcohols, benzyl alcohol 1, 4-methoxybenzyl alcohol 2, 4-

chlorobenzyl alcohol 3, cinnamyl alcohol 4 and geraniol 5 (20 mM), the catalyst (0.65 U) 

and TEMPO (6.0 mM) were placed in sodium acetate buffer (1.0 mL, 0.1 M, pH 5.0) 

under an O2 atmosphere and vigorous stirring conditions at room temperature. The 

oxidation of alcohol 3 was also performed with ABTS, HOBT, vanillin, and 

syringaldehyde, as alternative redox mediators. After the disappearance of the substrate, 

the catalyst was recovered by filtration, and the residual mixture was extracted with ethyl 

acetate (EtOAc) (10 ml × 3 times). The organic layer was washed with NaCl (saturated 

solution) and dried (anhydrous Na2SO4). Gas chromatography–mass spectrometry (GC-

MS) was performed on a Varian 450GC-320 MS apparatus (electron beam of 70 eV) 

using an SPB column (25 m × 0.25 mm, 0.25 mm film thickness), a helium flow of 1.0 

mL min−1, an injector temperature of 280 °C, and an isothermal profile at 70 °C for 2.0 

min, followed by 10 °C min−1 up to 280 °C for 25 min. Acetophenone was used as an 

internal standard. 
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Catalyst recycling 

The reusability of catalysts III and IV was evaluated analyzing the oxidation of 4-

methoxybenzyl alcohol (20 mM) in the presence of TEMPO under previously reported 

conditions. After 16 h, the catalyst was recovered by centrifugation and reused for six 

runs. 

 

3.2.3 Results and discussions 
 

Encapsulation procedure. Catalyst I 

Laccase was encapsulated by applying a slight modification of a reported solvent 

exchange procedure. Briefly, organosolv lignin (OL, 2.0 mg) in a tetrahydrofuran 

THF/water mixture (1.2 mL, 5:1 v/v) was quickly added to laccase in water (3.0 mg mL−1, 

1.04 U mg−1, 3.8 mL) under gentle magnetic stirring at room temperature (Figure 3.10, 

pathway A). Lignin nanoparticles (NOL) formed instantaneously. During the addition, 

the polar chemical groups (alcohols and carboxylic acid moieties) of lignin are exposed 

toward water, the resting one being organized inside the aggregation. Hollow spherical 

particles are then produced for the encapsulation of laccase.286,287 Catalyst I was 

recovered after evaporation of THF, washed with sodium acetate buffer (0.1 M) and 

lyophilized. The residual solution was used for the evaluation of the loading factor and 

activity parameters (see the next section). A similar encapsulation procedure has been 

reported for the delivery of drugs,288 pesticides,289 genetic material,290 and food 

additives.291,292 The SEM image of catalyst I confirmed the formation of nanoparticles 

with an average diameter of 0.22 ± 0.01 μm (Figure 3.11, panel B). The SEM image of 

empty NOL is also reported as a reference (Figure 3.11, panel A). 

 
Figure 3.10 Schematic representation for the preparation of catalysts I–V. Encapsulation (pathway 

A), physical adsorption (pathway B) and layer by layer (pathways C–E) immobilization procedures. 
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Adsorption procedure. Catalyst II 
 

Catalyst II was prepared by adsorption of laccase on the surface of NOL. The 

interaction between lignin and proteins is reported,153 histidine, proline, and serine  

residues  showing  the highest affinity.Aromatic and charged amino acids also proved to 

be essential for the adsorption, as confirmed by the value of their binding energy.293 

Undesired denaturation of the protein may inhibit the accessibility of amino acids to the 

lignin surface.294 As a general procedure, laccase (2.0 mg, 1.04 U mg−1) was added to 

NOL in sodium acetate buffer (10 mg, 15 mL) under orbital shaking at room for 24 h 

(Figure 3.10, pathway B). Catalyst II was recovered by centrifugation and washed with 

sodium acetate buffer (0.1 M) to remove the excess of the enzyme. The SEM image of 

catalyst II showed particles with an average diameter of 0.20 ± 0.01 μm (Figure 3.11, 

panel C). Some of the particles were characterized by an “open mouth” as a consequence 

of the fast-internal removal of the solvent under the drying conditions.160 The “open 

mouth” morphology was reported also in the preparation of NOL by precipitation 

procedures.295  

 
Figure. 3.11 SEM images of catalysts I–V. Panel A: NOL. Panel B: Catalyst I obtained by 

encapsulation of laccase inside NOL. Panel C: Catalyst II obtained by physical adsorption of laccase on 
pre-formed NOL. Panel D: Catalyst III obtained by deposition of laccase on NOL–PDDA. Panel E: 
Catalyst IV obtained by application of the glutaraldehyde (GA) assisted co-immobilization procedure in 
the presence of bovine serum albumin (BSA). Panel F: Catalyst V obtained by deposition of laccase on 
NOL–CATLIG. 

 

Layer by layer procedure. Catalysts III–V 

The LbL procedure was realized by the sequential deposition of polyelectrolytes 

with opposite electrical charges. The layers applied in this process are responsible for the 

chemical and physical properties of the system, as well as for the stabilization of the 

overall structure. NOL showed a negative value of the Z potential (−42 mV at pH 4.2), 
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which favored the cation–π interactions with positively charged polyelectrolytes. Poly(di-

allyl dimethyl ammonium chloride) (PDDA), and as an alternative, the cationic form of 

lignin (CATLIG), were used as positively charged polyelectrolytes (Figure 3.10, pathway 

C). Briefly, NOL in deionized water (15 mL; 1 mg mL−1, pH 4.2) were added dropwise 

to PDDA (1.0 mg mL−1, deionized water) to afford the NOL/PDDA intermediate. Next, 

NOL–PDDA (10 mg, 15 mL) was treated with laccase (2.0 mg, 1.04 U mg−1) in the same 

buffer under orbital shaking at room temperature for 24 h to yield catalyst III. The SEM 

image of catalyst III is reported in Figure 3.11 (panel D). As an alternative, the 

glutaraldehyde (GA)-assisted co- immobilization procedure, in the presence of bovine 

serum albumin (BSA), was applied. This procedure optimizes the immobilization process 

avoiding conformational changes of the enzyme due to its tendency to cover the greatest 

surface area of the support. BSA performs as an inert spacer reducing the surface area 

available for laccase, while the GA cross-linking creates a protective three-dimensional 

film (Figure 3.10, pathway D). Laccase (2.0 mg) and BSA (2.0 mg) were added to NOL–

PDDA (4 mg mL−1, 3 mL) in sodium acetate buffer (0.1 M), followed by addition of GA 

(150 μL, 2.5% v/v water solution) at room temperature for 30 min, and then at 4 °C 

overnight, to yield catalyst IV (Figure 3.11, panel E). Finally, catalyst V was prepared 

under the experimental conditions previously reported for catalyst III (Figure 3.10, 

pathway E), using CATLIG instead of PDDA. Figure 3.11 (panel F) shows a SEM image 

of catalyst V. 
 

Attenuated total reflectance Fourier transform infrared analysis of catalysts I–V 

 

The attenuated total reflectance Fourier transform infrared (ATR-FTIR) spectra of 

catalysts I–V are reported in Figure 3.12. The ATR-FTIR spectrum of NOL is also 

reported as a reference. NOL showed all characteristic IR signals expected for lignin at 

1420–1450 cm−1 (aromatic ring and C–H bonds), 1522 cm−1 (aromatic ring), 1600 cm−1 

(aromatic ring and conjugated C=O), 2910 cm−1 (C–H bonds), and 3400 cm−1 (ali- phatic 

and phenolic units).296 

Irrespective of the immobilization procedure, catalysts I–V showed two novel IR 

signals at 1690 cm−1 and 3050 cm−1, respectively, corresponding to C=O stretching 

(amide I band) and N–H bending (amide II band) vibrations typical of proteins. These 

values are in accordance with data reported for the ATR-FTIR analysis of laccase after 

immobilization on silica, 297 or alternatively, after adsorption on gold nanoparticles.298 
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Figure 3.12. ATR-FTIR spectra of catalysts I–V. Signals at 1690 cm−1 and 3050 cm−1, 

corresponding to C=O stretching (amide bond) and N–H vibration (amide I band), respectively, were 
characteristic of laccase 

 
Activity parameters of catalysts I–V 
 

The activity parameters of catalysts I–V were determined by the 2,2-azinobis-(3-

ethylbenzothiazoline-6-sulfonic acid) (ABTS) assay. The formation of the ABTS cation 

radical was detected at 420 nm (ε420 = 36 000 M−1 cm−1). The activity, activity yield, and 

immobilization yield were evaluated using eqn (1)–(3), respectively: 

 

Activity (units per mg) = Ux/Wsupport (1)  

Activity yield (%) = [Ux/(Ua − Ur)] × 100 (2) 

Immobilization yield (%) = [(Ua − Ur)/Ua] × 100 (3) 

 

In eqn (1)–(3), Ua represents the total activity (units) of laccase added to the solution, 

Ur is the residual activity (units) in the washing solution, and Ux is the activity of the 

enzyme after immobilization (the enzyme unit was defined as the increase in the 

absorbance of 10−3 unit per min at 25 °C  in 0.1 M Na-acetate buffer). As reported in 

Table 10, the immobilization yield of catalysts III–V was higher than that of catalysts I–

II, indicating that the LbL procedure was the most efficient method for the 

immobilization of laccase (Table 10, entries 3 and 4 versus entries 1 and 2). The activity 

yield followed a similar trend. Note that the activity parameters of catalysts III–V were 

similar to those previously reported after the immobilization of laccase on 

electrochemical active multi walled carbon nanotubes (MWCNTs). They were of the 

same order of magnitude as those showed by the native enzyme (Table 10, entry 6). 
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Table 10 Activity parameters of catalysts I–V 

 
Entry Catalyst Loadinga Activity yield%b Activity (U mg−1) Immobilization yield%c 

1 I 5.1 5.6 0.12 6.0 
2 II 31.6 20.6 0.31 25.8 
3 III 69.4 65.4 0.71 64.1 
4 IV 72.1 65.7 0.59 66.6 
5 V 60.6 54.1 0.56 55.2 
6 Laccase — — 1.07 — 

a The loading value was expressed as the percentage of immobilized laccase with respect to the 
starting enzyme. b Calculated as in eqn (2).c Calculated as in eqn (3). 
 

 
Cyclic voltammetry and amperometric analysis of catalysts I–V 

These analyses were designed to evaluate the electrocatalytic mechanism of laccase 

after the immobilization, considering both pseudo direct electron transfer (pseudo-DET) 

and mediated electron transfer (MET) mechanisms.299 Cyclic voltammograms (CVs) 

have been recorded in Britton–Robin- son buffer (120 mM, pH 5.5) and KClO4 (100 mM)  

with a  scan rate of 5 mV s−1 at room temperature, from the reported EONSET value to 0 

V (vs. SCE).  

 

Pseudo direct electron transfer (pseudo-DET) mechanism 

No electrocatalytic effect was detected for catalyst I (Figure 3.13, panel A, red line) 

when compared to NOL (Figure 3.13, panel A, black line), as a consequence of the 

impossibility for laccase to interact with the surface of the electrode after the 

encapsulation procedure.300 On the other hand, the pseudo-DET mechanism was 

operative in the case of catalyst II (electrocatalytic wave starting at EONSET = 0.398 V 

and rising up to −23 μA cm−2), highlighting the electrochemical responsiveness of 

absorbed laccase (Fig. 3.13, panel B, red line). Afterwards, the presence of PDDA in 

catalyst III further increased the electrocatalytic responsiveness of the enzyme 

(electrocatalytic wave starting at EONSET = 0.320 V and rising up to −35 μA cm−2) 

(Figure 3.13, panel C, red line). The interaction between PDDA and laccase may be 

responsible for the increased electron transfer properties.301 This result is in accordance 

with the higher activity parameters of catalyst III with respect to catalysts I and II (Table 

10). 
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Figure 3.13 Cyclic voltammetry analysis of catalysts I–V under pseudo-DET conditions. NOL is 

indicated by the black line, catalysts I–V by the red line. Panel A: Catalyst I. Panel B: Catalyst II. Panel C: 
Catalyst III. Panel D: Catalyst IV. Panel E: Catalyst V. The analyses were performed in Britton–Robinson 
buffer (120 mM, pH 5.5) and KClO4 (100 mM) with a scan rate of 5 mV s−1 at room temperature. 

 

Catalyst IV showed an electrocatalytic wave starting at EONSET = 0.290 V and rising 

up to −18 μA cm−2, suggesting a detrimental effect on the electron transfer process by the 

(GA)-assisted BSA co-immobilization procedure (Figure 3.13, panel D, red line). 

Finally, catalyst V showed an intermediate behavior, being characterized by an 

electrocatalytic wave starting at EONSET = 0.315 V and rising up to −25 μA cm−2 

(Figure 3.13, panel E, red line).  

 

Mediated electron transfer (MET) mechanism 

The cyclic voltammograms of catalysts I–V were repeated in the presence of ABTS as 

a redox mediator, in order to evaluate the role of the MET mechanism in the activity of 

immobilized laccase. Catalyst I showed a clear electrocatalytic wave starting at EONSET 

= 0.398 V and rising up to −110 μA cm−2 (Figure 3.14, panel A, red line). Two 

electrocatalytic peaks were expected for the ABTS/ABTS˙+ and quinone/hydroquinone 

(QH2/Q) redox couples, this latter transformation occurring on the lignin surface. The 

presence of only one electrocatalytic peak in the analysis of catalyst I (Figure 3.14, panel 

A, red line) was a consequence of the similar values of the formal potential for the two 

aforementioned redox processes. The electrocatalytic wave of catalyst I started 

approximately at the formal potential of ABTS, and no other contributions were observed, 

confirming the diffusion of ABTS through the NOL surface to reach the T1 cluster of the 

enzyme. The low electrocatalytic performance of catalyst I was probably due to the 

reported poor diffusion of O2 through NOL.301 These results are in accordance with the 

higher barrier properties and lower vapor permeability of agar composites containing an 

increasing amount of lignin,302 as further confirmed by permeability data of NOL.303 
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Catalyst II presented an electrocatalytic wave starting at EONSET = 0.6 V and rising 

up to −147 μA cm−2. In this latter case, the two expected electrocatalytic peaks were 

observed, corresponding to the MET mechanism operated by ABTS (electrocatalytic 

wave starting at EONSET = 0.6 V vs. SCE) and the pseudo-DET mechanism operated by 

laccase (catalytic wave starting at EONSET = 0.32 V vs. SCE) (Figure 3.14, panel B, red 

line).  

 
Figure 3.14 Cyclic voltammetry analysis of catalysts I–V under MET conditions. NOL is indicated by 

the black line, catalysts I–V by the red line. Panel A: Catalyst I. Panel B: Catalyst II. Panel C: Catalyst III. 
Panel D: Catalyst IV. Panel E: Catalyst V. The analyses were performed in Britton– Robinson buffer (120 
mM, pH 5.5) and KClO4 (100 mM) in the presence of ABTS (500 μM) with a scan rate of 5 mV s−1 at 
room temperature 

 
Catalyst III showed the highest electrocatalytic responsive ness (electrocatalytic wave 

starting at EONSET = 0.6 V and rising up to −193 μA cm−2) (Figure 3.14, panel C, red 

line). Again, both MET (catalytic wave starting at EONSET = 0.6 V vs. SCE) and pseudo-

DET (catalytic wave starting at EONSET = 0.32 V vs. SCE) mechanisms were operative. 

Catalyst IV was less effective than catalyst III under MET conditions, showing a slight 

electrocatalytic wave starting at EONSET = 0.580 V and rising up to −78 μA cm−2 

(Figure 3.14, panel D, red line). Finally, catalyst V showed an electrocatalytic wave 

starting at EONSET= 0.620 V and rising up to −157 μA cm−2 at 0 V vs. SCE (Figure 

3.14, panel E). In the latter two cases, it was still possible to observe both contributions 

of MET and pseudo-DET mechanisms. 

 

Amperometric determination of the kinetic parameters of catalysts I–V 

Amperograms of catalysts I–V were recorded by applying a fixed potential of −0.050 

V (vs. SCE) and injecting 25 μM of ABTS every 40 s. The kinetic parameters Jmax and 

Kmapp are reported in Table 11. Amperograms of catalysts I–V are reported in Figure 



 

90 

3.15 (panel A). Figure 3.15 also displays (panel B) the fitting of the data by using the 

Michaelis–Menten kinetic model. The Jmax values showed the following trend: catalyst 

I< II< V < IV < III. The Kmapp values seem to be quite similar except for the case of 

catalyst I, which was characterized by the highest value. 

 

 
Figure 3.15 Amperograms of catalyst I (black), catalyst II (red), catalyst III (blue), catalyst IV (purple), 

and catalyst V (green) are reported in panel A. The fitting of the data by using Michaelis–Menten kinetic 
model are reported in panel B. The analyses were recorded by applying a fixed potential Eapp = −0.050 V 
vs. SCE under constant stirring (400 rpm). ABTS (25 μM) was injected every 40 s. 

 
Table 11 Amperograms of catalysts I–V were recorded by applying a fixed potential of −0.050 V (vs. SCE) 
and injecting 25 μM ABTS every 40 s 

Entry Catalysts Jmax (µA cm-2) KMapp (mM) 
1 I 152.4 ± 3.5 0.67 ± 0.05 
2 II 171.5 ± 3.9 0.44 ± 0.02 
3 III 381.0 ± 8.7 0.36 ± 0.03 
4 IV 247.7 ± 5.7 0.38 ± 0.03 
5 V 209.6 ± 4.8 0.32 ± 0.04 

 

Spectroscopic determination of the kinetic parameters of catalysts I–V 

Kinetic parameters of catalysts I–V were further characterized by the ABTS procedure 

(ABTS in the range of 0.33–0.5 mM), plotting the data to a double reciprocal 

Lineweaver–Burk plot (Table 12). Data for native laccase were used as a reference. 

Irrespective of the immobilization procedure, Vmax decreased and Km increased after 

immobilization of laccase, as a consequence of partial reduction in the catalytic efficiency 

with respect to the native enzyme. Similar trends in Km and Vmax  have been reported for 

laccase when immobilized on other carriers, due to mass transfer limitation processes.304 

Catalyst III–V showed a higher rate and catalytic efficiency with respect to catalysts I–

II (Table 12, entries 3–5 versus entries 1 and 2), confirming the beneficial role of the 

LbL procedure. Kinetic parameters determined by the ABTS procedure were similar to 

those previously obtained by amperometric determination. As a general trend, Kmapp 

values (Table 11) were higher than Km values (Table 12). 
 



 

91 

Table 12 Kinetic parameters of catalysts I–Va 
 

Entry Catalyst Km (mM) Vmax × 10−3 (ΔAbs 
min μgenzyme)−1 

Vmax/Km 
(×10−3) Kcat (s−1) 

1 I 1.9 ± 0.001 99 ± 2 0.1 4 ± 8.2 

2 II 0.23 ± 0.002 501 ± 12 2.39 41 ± 1.1 
3 III 0.16 ± 0.001 1525 ± 21 9.53 89 ± 1.9 
4 IV 0.17 ± 0.002 1245 ± 19 7.32 70 ± 2.0 
5 V 0.17 ± 0.003 1191 ± 18 6.71 64 ± 1.4 

6 Laccase 0.13 ± 0.002 1980 ± 29 15.23 98 ± 1.7 

a Kinetic parameters were measured by the use of the ABTS procedure (ABTS in the range of 
0.33–0.5 mM), plotting the data to a double reciprocal Lineweaver–Burk plot. All experiments 
were conducted in triplicate using free and immobilized laccase. 

 

Oxidation of alcohols 1–5 

A panel of aromatic and unsaturated alcohols, benzyl alcohol 1, 4-methoxy benzyl 

alcohol 2, 4-chloro benzyl alcohol 3, cinnamyl alcohol 4 and geraniol 5, were oxidized in 

order to evaluate the synthetic relevance of catalysts I–V. The aromatic alcohols 1, 2 and 

4 show a gradual decrease in the value of the redox potential, while alcohol 3 is a poor 

substrate for laccase, due to the presence of an electron withdrawing chlorine substituent 

in the para-position of the aromatic ring. The reactions were performed in the presence 

of 2,2,6,6- tetramethyl-1-piperidinyloxy (TEMPO) as a redox mediator.305 TEMPO forms 

an oxoammonium ion intermediate that reacts with the substrate, followed by a 

comproportionation process.306 Briefly, the appropriate alcohol (20 mM) and TEMPO 

(6.0 mM) were treated with catalysts I–V (0.65 U) in sodium acetate buffer (3.0 mL, 0.1 

M, pH 5.0) at room temperature for 24 h. The reaction with native laccase was also 

performed as a reference. In the absence of TEMPO, compounds 1–5 were not 

oxidized.307 Similarly, NOL alone were not reactive. Irrespective of experimental 

conditions, the oxidation of compounds 1–5 afforded the corresponding aldehydes 6–10 

with high selectivity as the only recovered products (Figure 3.16 and Table 13). 

The selective oxidation of alcohols to aldehydes is an important synthetic 

transformation that usually requires organ- ometallic species with a high environmental 

impact.308 The following order of reactivity was observed: catalyst III > IV > V > II, 

catalyst I being almost unreactive. This order of reactivity is in accordance with the 

activity and kinetic parameters previously reported, as well as with the electrochemical 

responsiveness of the catalysts. Catalysts III and IV showed a reactivity similar to, or 

higher than, native laccase, affording the corresponding aldehydes in quantitative yield, 

the oxidation of alcohol 1 being the only observed exception (Table 13, from entry 2 to 
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entry 6). It is worth noting that catalysts I–V were more selective than native laccase in 

the oxidation of recalcitrant 4-chloro benzyl alcohol 3, in which case both aldehyde 8 and 

carboxylic acid 11 were synthesized (Table 13, entry 13 versus entries 16–18). Moreover, 

catalysts III and IV showed a reactivity and selectivity in the oxidation of 3 higher than 

covalently immobilized laccase on silica nanoparticles under similar experimental 

conditions. In this latter case, aldehyde 8 and carboxylic acid 11 have been reported in 

22% and 50% yield, respectively.  

 

 
Figure 3.16 Application of catalysts I–V or native laccase in the oxidation of alcohols 1–5 to the 

corresponding aldehydes 6–10. 
 
able 13 Oxidation of alcohols 1–5a 

 

Entry Catalyst Substrate Product(s) % yieldb 

1 Laccase 1 6 96 
2 I 1 6 0.5 
3 II 1 6 3.5 
4 III 1 6 85.0 
5 IV 1 6 61.1 
6 V 1 6 40.2 
7 Laccase 2 7 >99 
8 I 2 7 1.5 
9 II 2 7 22.1 

10 III 2 7 >99 
11 IV 2 7 >99 
12 V 2 7 98 
13 Laccase 3 8(11) 66(23)c 
14 I 3 8 4.5 
15 II 3 8 6.3 
16 III 3 8 99 
17 IV 3 8 95 
18 V 3 8 36.5 
19 Laccase 4 9 97 
20 I 4 9 1.1 
21 II 4 9 49.8 
22 III 4 9 >99 
23 IV 4 9 >99 
24 V 4 9 84.1 
25 Laccase 5 10 93 
26 I 5 10 1.2 
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27 II 5 10 35.4 
28 III 5 10 >99 
29 IV 5 10 >99 
30 V 5 10 55.6 

a Reaction conditions: the appropriate alcohol (20 mM), catalysts I–V (0.65 U) and TEMPO (6 
mM) were suspended in 0.1 M sodium acetate buffer pH 5 (3.0 mL) and vigorously stirred at 
room temperature for 24 h. All experiments were conducted in triplicate. Native laccase was used 
as a reference. b The yield was evaluated by GC-MS analysis using acetophenone as an internal 
standard. c Compound 11 was observed only in the case of the reaction with native laccase as a 
reference. 
 

The reusability of catalysts III and IV was evaluated in the oxidation of compound 2. 

The experiment was performed by using the recovered catalyst for six runs (Figure 3.17). 

As a general trend, catalyst IV retained a reactivity higher than III, showing ca. 50% 

conversion of substrate at the sixth run, thus resulting in the most stable system. 

Moreover, at the sixth run catalysts III and IV lost more than 30% of their activity with 

respect to the initial activity. In accordance with previously reported data, the decrease in 

the activity of laccase could be ascribed to inactivation309 and leaching of laccase during 

the successive runs.310 

 
Figure 3.17 Conversion (%) of compound 2 after 6 runs. Compound 2 (20 mM) was oxidized with 

catalysts III and IV (0.65 U) and TEMPO (6.0 mM) under previously reported experimental conditions. 
The standard deviation was less than 3%. Results are the mean of three different experiments. 

 

Note that the SEM image of catalyst IV after the end of the analysis showed the 

complete integrity of the support (Figure 3.18). 
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Figure 3.18. SEM analysis of catalyst IV after the sixth run of oxidation of alcohol 3. The analysis 
showed a complete integrity of the support. 

 

Finally, the oxidation of the less reactive alcohol 3 with catalyst III was repeated in 

the presence of redox mediators characterized by a reaction mechanism different than 

TEMPO, such as ABTS, 311 HOBt, 312 and two natural secondary fungal metabolites, 

namely, vanillin and syringaldehyde, involved in the activity of oxidoreductases.313,314 

Reactions were performed by treating 3 (20 mM) with catalyst III (0.65 U) and the 

appropriate redox mediator (6 mM) in sodium acetate buffer (3.0 mL, 0.1 M, pH 5.0) at 

room temperature for 24 h. As reported in Table 14 TEMPO showed the highest yield of 

aldehyde 8 with respect to other mediators. Among the novel redox mediators studied, 

vanillin showed the highest yield of aldehyde 8, confirming its natural role as an electron 

shuttle for laccase. 

 

Table 14 Oxidation of compound 3 with catalyst III in the presence of different redox mediators 
  

Entry Redox mediator Yielda,b (%) 
  

1 TEMPOc >99 
2 ABTSd 15.1 
3 HOBte 23.5 
4 Vanillin 38.9 
5 Syringaldehyde 29.2 

a All experiments were conducted in triplicate. b The yield  was  evaluated by GC-MS analysis using 
acetophenone as an internal stan- dard. c (2,2,6,6-Tetramethylpiperidin-1-yl)oxidanyl. d 2,2-Azinobis-
(3-ethylbenzothiazoline-6-sulfonic acid). e N-Hydroxybenzotriazole. 
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3.3 Oxidative bio-desulfurization by nanostructured 
peroxidase mediator system 

 

3.3.1  Aim of work 

Many efforts are devoted to removing recalcitrant aromatic sulfur compounds from 

liquid fuel oil, as a consequence of the application of the international legislation for the 

protection of the environment from the emission of sulfur oxides.315 Among new 

technologies, oxidative desulfurization (ODS) 316,317 has gained growing interest thanks 

to the development of selective and efficient catalytic procedures for the extraction of 

sulfur contaminants, even when they are present in the liquid fuel oil in a very low 

amount.318 Analysis and review of the application of metal-based heterogeneous nano-

catalysts in ODS procedures,319-322 as well as the role played by different primary oxidants 

in the desulfurization process,323,324 are reported in the literature,325 hydrogen peroxide 

(H2O2) emerging as a well-recognized green reagent.326,327 As an alternative, H2O2 and 

dioxygen can be activated in bio-desulfurization processes by use of 

microorganisms328,330 or crude and purified enzymes, including laccase,331 laccase 

mediator system (LMS),332 hemoglobin,333 lignin peroxidase,334 manganese 

peroxidase,335 microperoxidase-1,336 chloroperoxidase,337 lactoperoxidase338 and 

horseradish peroxidase 339,340 assisted by ultrasound treatment.341 These procedures avoid 

the leaching of active species from metal oxides and organometallic reagents and are 

effective at low pressure and temperature in a large range of pH values.342 Moreover, the 

use of enzymes makes the overall treatment greener. Despite the efforts to optimize the 

efficacy of bio-desulfurization processes, only a few examples of immobilization 

protocols are reported, limited to the use of mesoporous Santa Barbara Amorphous silica 

SBA-16 and zeolite Al-MCM-41,343 sol-gel supports344 at the micro-scale and single-

walled carbon nanotubes345 and (1D)-γ-Al2O3 nanorods346 at the nano-scale. The 

immobilization of enzymes is of practical relevance since it reduces the protein 

denaturation and improves activity, stability and selectivity, favoring the use of the bio-

catalyst for more treatments.347 The aforementioned projects report that nanoparticles of 

lignin (LNPs), show improved antioxidant and UV-absorbing properties. LNPs are easily 

obtained by the layer-by-layer technology, and used as a renewable platform for the 

immobilization of oxidative enzymes, such as laccase and tyrosinase. In particular, LNPs 
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showed specific boosting activity for laccase by long-range electron transfer 

(pseudo-DET) and mediated electron transfer (MET) mechanisms between the 

structurally oriented aromatic groups in the polymer and the enzyme.348 In order to further 

improve nano-catalysis in bio-desulfurization processes, we report here the 

immobilization of horseradish peroxidase (HRP) on LNPs by the layer-by-layer 

procedure and the application of the novel nano-biocatalysts in the H2O2 oxidation of 

dibenzothiophene (DBT) as a well-recognized model of ODS. The use of concanavalin 

A (Con A) for the controlled orientation of HRP on the surface of LNPs,349 associated to 

the presence of a multiple layered structure of cationic polyelectrolytes poly(diallyl-

dimethylammonium chloride) PDDA and cationic lignin CATLIG, were found to be 

crucial elements for the optimal removal of DBT. 

 

3.3.2 Experimental part 
 

Materials 

Organosolv lignin (OL) and kraft lignin (KL) were obtained from chemical point and 

stora enso, respectively. Horseradish peroxidase (HRP, 173 U/mg), concanavalin A 

(ConA) from Canavalia ensiformis (Jack bean) type VI, poly(diallyldimethylammonium 

chloride) PDDA (20% v/v water solution), Bradford reagent, 2,2-azinobis-(3-

ethylbenzothiazoline-6-sulfonic acid) (ABTS), hydrogen peroxide (H2O2, 35 wt%), 

dibenzothiophene (DBT), veratryl alcohol (VA),1-hydroxybenzotriazole (HoBt) from 

Sigma–Aldrich (St. Louis, MO, USA), were used without any further purification. 

Triplicate experiments with native and immobilized peroxidase were performed in Na-

acetate buffer (0.1 M, pH 5.0) or phosphate buffer saline (PBS, 0.1 M, pH 8.0). Milli-Q 

water (ρ = 18.2MΩ cm a 25 °C; TOC < 10 μg L−1, Millipore, Molsheim, France) was 

used as solvent. CATLIG was prepared from kraft lignin (10 mg/ml; 0.1 M) in NaOH, by 

treatment with glycidyl tetramethyl ammonium chloride (20 mg) at 60 °C for 2 h under 

magnetic stirring. The crude was purified by dialysis with Spectrapore™ membrane (24 

h, 3.5 kD MWCO). A Hewlett Packard 6890 with a FID (Flame ionization detector) and 

a 30 m × 0.32 mm × 0.25 mm column (cross-linked with 5% phenyl methyl siloxane) was 

used for the GC-MS determinations (He carrier gas). Mass-spectrometry was performed 

by 450 GC-320 MS apparatus (VARIAN, Palo Alto, CA, USA) by comparison with 

commercial samples. n-Hexadecane was used as internal standard. The product yield was 

referred to converted substrate. 
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 Preparation of Cat I-IIA solution of organosolv lignin OL or kraft lignin (KL) (2.0 

mg in 1.2 mL of THF/H2O 5:1 v/v) was added to Milli-Q water (in 3.8 mL) to afford OL-

LNPs and KL-LNPs. Concanavalin A (0.5 mg) in PBS (1.0 mL, 0.1 M; pH 7.3) was added 

to OL-LNPs and KL-LNPs (1.5 mg) in PBS (1.0 mL) and the dispersion was sonicated 

for 5 min to yield OL/Con A and KL/Con A, followed by addition of HRP (0.1 mg, 18 

U/mg) in PBS (0.1 mL, 0.1M; pH 7.3) under orbital shaking at 4 °C for 24 h. Cat I-II 

were isolated by centrifugation (20 min at 6000 rpm) and the residual solution was 

evaluated for the immobilization yield and activity parameters. Finally, cat I-II were 

washed with sodium phosphate buffer (1.0 mL, 0.1 M; pH 7.3) and lyophilized.  

 

 Preparation of Cat III-V and Cat IV-VI 

Cat III and V carrying out PDDA as cationic polyelectrolyte were prepared in a similar 

way. OL-LNPs and KL-LNPs (15 mL Milli-Q water; 1.0 mg/mL, pH 4.2) were treated 

with PDDA (1.0 mg/mL, Milli-Q water) under magnetic stirring at 25 °C for 2 h. OL–

PDDA or KL-PDDA intermediates were isolated by centrifugation and freeze dry. A PBS 

suspension (1.0 mL) of OL-PDDA and KL-PDDA (1.5 mg,) was treated with 

Concanavalin A (0.5 mg) in PBS (1.0 mL, 0.1 M; pH 7.3) and sonicated for 5 min to yield 

OL-PDDA/Con A and KL-PDDA/Con A, followed by addition of HRP (0.1 mg, 18 

U/mg) in PBS (0.1 mL, 0.1M; pH 7.3) under orbital shaking at 4 °C for 24 h. Cat III-V 

were obtained by centrifugation (20 min at 6000 rpm) and the residual solution evaluated 

for the immobilization yield and activity parameters. Cat III-V were washed with PBS 

(1.0 mL, 0.1 M; pH 7.3) and lyophilized before the use. Cat IV-VI were prepared in a 

similar way, treating OL-LNPs and KL-LNPs (20 mg/mL, pH 4.2; Milli-Q water) with 

CATLIG (1 mg/mL, 15 mL; water solution) at 25 °C for 24 h to yield OL–CATLIG and 

KL-CATLIG intermediates. Next, these intermediates were reacted with concanavalin A 

(0.5 mg) in PBS (1.0 mL, 0.1 M; pH 7.3) for 5 min, followed by addition of HRP (0.1 

mg, 18 U/mg) in PBS (0.1 mL, 0.1M; pH 7.3) at 4 °C for 24 h to afford cat V-VI after 

centrifugation (20 min at 6000 rpm).  

 

 Preparation of Cat VII-X 

In order to prepare cat VII-IX with PDDA-Con A/HRP as a double layer, the 

procedure described above was repeated under similar experimental conditions. 

Briefly,cat III-V in Milli-Q water (1.0 mL; 1.5 mg/mL) were treated with PDDA (1.0 

mg/mL, water solution) at 4 °C for 2 h, followed by addition of concanavalin A (0.5 mg) 
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in PBS (1.0 mL, 0.1 M; pH 7.3; for 1.0 h) and HRP (0.1 mg, 18 U/mg) in PBS (0.1 mL, 

0.1M; pH 7.3) at 4 °C for 24 h, to yield cat VII-IX after centrifugation (20 min at 6000 

rpm). Cat VIII-X were prepared by cat IV-VI (20 mg/mL, pH 4.2) to a CATLIG water 

solution (1.0 mg/mL, 15 mL) at 4 °C for 2 h, followed by addition of concanavalin A (0.5 

mg) in PBS (1.0 mL, 0.1 M; pH 7.3) and HRP (0.1 mg, 18 U/mg) in PBS (0.1 mL, 0.1M; 

pH 7.3) at 4 °C for 24 h to afford cat VIII-X after centrifugation (20 min at 6000 rpm). 

 

Scanning Electron Microscopy Analysis 

The Field emission scanning electron microscopy (FESEM) (Carl Zeiss Microscopy 

GmbH) of cat I-X was acquired on FESEM ZEISS GeminiSEM500, operated at 5 kV 

after drop 20 µl (with deionized water) of biocatalyst dispersion on specimen stubs, air 

dried and coated with gold by sputtering with AGAR (Auto Sputter Coater). Before the 

observations, the sample received a deposition of chromium thin film (5 nm) by sputter 

coating using a QUORUM Q 150T ES plus coater.  

 

 Synthesis of FITC-Labeled HRP and Laser Confocal Microscopy 

The procedure of fluorescent labelling of HRP was performed as described in 

literature. Briefly, HRP (20 mg) was solubilized in 4.0 mL of sodium bicarbonate buffer 

(pH 9.2, 50 mM). FITC (2mg) in 400 µL of dimethyl sulfoxide (DMSO) was added to 

HRP solution dropwise in the dark. Unreacted dye was removed through overnight 

dialysis using Spectra pore dialysis membrane (3.5 kD MWCO) against ammonium 

chloride (NH4Cl). ZEISS LSM-710 NLO confocal system (Carl Zeiss Microscopy 

GmbH) equipped with a Plan Apochromat 100X/1.40 oil DIC M 27 objectives was used 

for laser confocal microscopy at the excitation wavelengths for FITC-HRP/Con A 

complex (488 nm). 

 

ATR-IR Characterization 

Lignin nanoparticles coated with Con A were analyzed by attenuated total reflection 

Fourier transform infrared (ATR-IR) spectroscopic (PerkinElmer Life and Analytical 

Sciences, Bridgeport Avenue,Milford, CT, USA) using a PerkinElmer (Spectrum One) 

spectrometer (UATR unit cell) averaging 32 scans (resolution of 4 cm−1). 
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Activity Parameters of Cat I-X 

The ABTS test was used for the determination of the enzymatic activity of HRP and 

cat I-X [50] by following the cation radical absorption (sodium acetate buffer solution, 

0.1 M, pH 5, 3.0 mL) at 415 nm (ε420 = 36 000 M−1 cm−1) at different concentrations of 

HRP. In a typical experiment, the appropriate biocatalyst (18 U in acetate buffer solution, 

0.1 M, pH 5, 3.0 mL), corresponding to c.a. 1.0 mg of LNPs), was added to a acetate 

buffer solution (0.5 mM) of ABTS and 0.3% of H2O2. One unit activity of HRP is the 

amount of enzyme that transforms 1.0 µmole of H2O2 per minute at pH 5 at 25 °C. 

 

Kinetic Data of Cat I-X 

Kinetic data (Km and Vmax) were collected by using different concentrations of ABTS 

(0.3–20 mM) in sodium acetate buffer (pH 5) with HRP concentration (18 U) and H2O2 

dose (0.3%) kept constant. Lineweaver–Burk plots furnished the initial velocities (1/V 

vs. 1/[S]), Km and Vmax being calculated as intercepts at the cartesian axes, respectively. 

Kinetic data were analyzed by GraphPad software in triplicate, using native and 

immobilized HRP. 

 

Oxidation of DBT with cat I-X and Redox Mediator Systems. 

As a general procedure, DBT (10 mg) was dissolved in a solution of n-hexane (4 ml) 

and PBS (0.1M pH 8, 4mL) and left under magnetic stirring. The appropriate amount (18 

U/mg) of Cat (I-X) were added to the biphasic dispersion, that was heated at 45 °C and 

H2O2 (4.0 equiv) was added in seven steps to avoid the inactivation of HRP. In alternative, 

the oxidation of DBT was performed with HoBt and VA as redox mediators. The 

formation of DBTO in the polar phase was monitored by thin layer chromatography 

(TLC, n-hexane/EtOAc = 3.0:7.0). The reaction was conducted for two hours, after this 

time, cat I-X were centrifuged (6000 rpm) for 20 min and the buffer and organic layers 

were analyzed by gas-chromatography associated to mass-spectrometry (GC-MS) 

(VARIAN, Palo Alto, CA, USA) )in order to evaluate the conversion of DBT. Next, the 

polar phase was evaporated under reduced pressure and DBTO was collected and 

analyzed by GC-MS. LNPs alone were unreactive.  
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3.3.3 Results and discussions  
 

Preparation of Nanobiocatalysts 

LNPs were prepared starting from two raw polyphenols with different hydrophobicity 

organosolv lignin (OL) and kraft lignin (KL) by use of the nanoprecipitation procedure. 

The immobilization of HRP on OL-LNPs and KL-LNPs is schematically represented in 

Figure 3.19.  

 

 
 
Figure 3.19. Preparation of biocatalysts I-X. Pathway A: Direct adsorption of Con A on nanoparticles 

of lignin (LNPs) followed by immobilization of horseradish peroxidase (HRP). Pathway B: Layer-by-layer 
mediated adsorption of Con A; n is the number of layers and P indicates the type of cationic polyelectrolyte. 
Pathway C: Repeated cycle of deposition of the polyelectrolyte, Con A and HRP. 

 

The site-specific immobilization and spatial orientation of HRP on the surface of the 

support is an essential parameter to avoid the random distribution of the enzyme, which 

is responsible for undesired conformational modification and shielding of the active 

site.350 Con A, a homo-tetramer protein with ζ-potential of −14 mV 351 and specific 

molecular recognition properties for glycoproteins, selectively recognize HRP preserving 

the enzyme from denaturation.352 On the basis of these data, OL-LNPs and KL-LNPs 

were functionalized with Con A and successively loaded with HRP. Briefly, the 

appropriate LNPs (1.5 mg) dispersed in buffer (1.0 mL; 0.1 M PBS, pH 7.3) were treated 

with a freshly prepared PBS solution of Con A (0.5 mg/mL) followed by the addition of 

HRP (18 units) at 5 °C to yield OL-Con A/HRP cat I and KL-Con A/HRP cat II (Scheme 

1, Pathway A). The effective loading of Con A on OL-LNPs and KL-LNPs was confirmed
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 by the presence of the FT-IR vibrational mode at c.a. 1644 cm−1 corresponding to the 

amide I (C=O) band characteristic of the Con A structure (Figure 3.20). Furthermore, the 

formation of the complex between immobilized Con A and HRP was detected by confocal 

analysis of cat I as representative sample after the fluorescein isothiocyanate (FITC) 

labeling (Figure 3.21). Panel A: HRP showed a green fluorescence signal; Panel B: 

Magnification of the emission sites).  

 

 
Figure 3.20. FT-IR analysis of Con A after deposition on organosolv lignin (OL)-LNPs (red line) and 

kraft lignin (KL)-LNPs (blue line). The FT-IR spectra of native OL-LNPs and KL-LNPs (yellow line and 
black line) are reported as references. The amide I (C=O) stretching band typical of the Con A structure is 
located at c.a. 1644 cm−1. 

 

 
Figure 3.21. Confocal image of cat I (Panel A) after fluorescein isothiocyanate (FITC) labeling and 

magnification of the emission site (Panel B). 
 

As an alternative, Con A was adsorbed on OL-LNPs and KL-LNPs after the initial 

deposition of a cationic polyelectrolyte layer of PDDA or CATLIG. In this latter case 
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NPs (1.5 mg) dispersed in buffer (1.0 mL; 0.1 M PBS, pH 7.3) were coated with the 

appropriate polyelectrolyte followed by treatment with PBS solution of Con A (0.5 

mg/mL) and addition of HRP (18 units) to yield OL-PDDA-ConA/HRP cat III, OL-

CATLIG-ConA/HRP cat IV, KL-PDDA-ConA/HRP cat V and KL-CATLIG-ConA/HRP 

cat VI (Scheme I, Pathway B). The procedure was repeated under similar experimental 

conditions for the deposition of a second layer of polyelectrolyte, Con A and HRP, to 

 afford OL-(PDDA-ConA/HRP)2 cat VII, OL-(CATLIG-ConA/HRP)2 cat VIII, KL-

(PDDA-ConA/HRP)2 cat IX and KL-(CATLIG-ConA/HRP)2 cat X (Figure 3.19, 

Pathway C). The morphological characterization of cat I-X performed by Scanning 

Electron Microscopy (SEM) analysis is reported in Figure 3.22 and Figure 3.23, 

respectively. Irrespective from the experimental conditions, the LNPs retained their 

original regular spherical shape after the deposition procedure. Note that the surface of 

biocatalysts is characterized by a corona-like structural motif that is reported to be 

characteristic for the deposition of Con A.354  

 
Figure 3.22 Upper panel: Scanning Electron Microscopy (SEM) images of OL-LNPs and KL-LNPs. 

Lower panel: SEM images of cat I-II and cat VII-X, separately. The n index in subscript of the parenthesis 
represents the number of cyclic depositions of polyelectrolyte, Con A and HRP. The corona-like motif 
present on the surface of nanoparticles is characteristic of the deposition of Con A as the external layer. 



 

103 

 
Figure 3.23. Upper panel: SEM images of cat III-IV. Lower panel: SEM images of cat V-VI. 
 
Activity Parameters and Kinetic Data of Biocatalysts I–X 
 

The activity parameters of cat I–X were measured through the standard 2,2’-azinobis-

(3-ethylbenzothiazoline-6-sulfonic acid) (ABTS) test, consisting in the detection of the 

ABTS cation radical at 415 nm (ε420 = 36 000 M−1 cm−1). The activity, activity yield and 

immobilization yield were determined using Equations 1–3, respectively:  

Activity (units per mg) = Ux/Wsupport (1) 
Activity yield (%) = [Ux/(Ua − Ur)] × 100    (2) 
Immobilization yield (%) = [(Ua − Ur)/Ua] × 100   (3) 

 

Where Ua is the total activity (units) of HRP, Ur is the residual activity (units) in the 

solution and Ux is the activity of HRP after immobilization (the enzyme unit is the 

increase in the absorbance of 10−3 unit per min at 25 °C in 0.1 M Na-acetate buffer, pH 

5). The presence of the cationic polyelectrolyte layer favors the immobilization yield of 

Con A/HRP on LNPs, PDDA and CATLIG showing a similar efficacy (Table 15, entries 

3‒4 and 7‒8 versus entries 5‒6 and 9‒10). Moreover, the immobilization yield was 

increased by increasing the total number of layers. The activity yield of HRP was found 

to be dependent on the specific nature of LNPs in the absence of polyelectrolyte. Cat I 

showed an activity yield significantly lower than cat II (Table 15, entry 1 versus entry 

2), suggesting that the different hydrophobicity and elemental composition of OL with 

respect to KL was a relevant parameter in tuning the efficacy of the Con A 

immobilization, probably due to dissociation of its dimeric sub-units.355 This hypothesis 

is in accordance with the reported hydrophilicity character of Con A layers.356 The 

presence of PDDA and CATLIG generally increased the activity yield, the overall effect 

being more pronounced in the case of OL (Table 15, entry 1 versus entries 3‒4) relative 
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to KL (Table 15, entry 2, versus entries 5‒6). As a general trend, the activity yield was 

increased by increasing the number of the total layers, KL based biocatalysts being 

generally the most active systems (Table 15, entries 9-10 versus entries 5‒6). 

Table 15. Activity parameters and kinetic data of cat I–X. 1. 

Entry Lignin/P Cat Immobilization 
Yield% 

Activity Yield 
% 

Activity 
(U/mg) 

Km 

(mM) 

Vmax 
(μM/s) 

1 OL I 45 21 3.78 12.5 0.26 
2 KL II 53 63 11.34 11.3 0.28 

3 OL/PDDA III 56 43 7.74 9.9 0.30 

4 OL/CATLIG IV 57 64 11.52 9.7 0.33 
5 KL/PDDA V 62 72 12.96 9.8 0.32 
6 KL/CATLIG VI 64 86 15.48 9.4 0.34 
7 OL/(PDDA)2 VII 68 75 13.50 8.3 0.34 
8 OL/(CATLIG)2 VIII 69 76 13.68 8.1 0.36 

9 KL/(PDDA)2 IX 72 84 15.12 8.2 0.34 

10 KL/(CATLIG)2 X 73 85 15.30 7.9 0.35 
11 None HRP - - 18.00 9.5 0.35 
1 ABTS in the range of 0.3–20 mM. Data were elaborated by a double reciprocal Lineweaver–Burk plot. 

The experiments were carried out in triplicate. Average errors in kinetic parameters were 2–4% for Km and 
1–3% for Vmax. 

 

Kinetic parameters of cat I–X are reported in Table 15 (entries 1–10), using native 

HRP as a reference (Table 15, entry 11). The biocatalyst carrying out the cationic 

polyelectrolyte layer showed Km and Vmax values comparable to that of native HRP 

irrespective from the lignin type (Table 15, entries 3–10 versus entry 11). In this latter 

case, the systems coated with PDDA where characterized by Km and Vmax values slightly 

higher than that measured for the CATLIG counterpart. Moreover, the Km values 

decreased (and Vmax increased) by increasing the total number of the layers (Table 15, 

entries 7–10 versus entries 3–6). In the absence of the cationic polyelectrolyte higher 

value of Km were always observed (Table 15, entries 1–2). Other supports showed a 

similar trend, 357 indicating a reduction of the catalytic efficiency due to mass transfer 

imitation processes358 and restriction of the mobility of the enzyme.359  

 

Oxidation of DBT with cat I–X 

As a general procedure, DBT (10 mg, 0.05 mmol) and the appropriate biocatalyst (18 

U/mg) in n-hexane (4 mL) and phosphate buffer saline PBS (0.1M pH 8, 4mL) were 

treated with H2O2 (4.0 equiv) at 45 °C for 2 h. The addition of the primary oxidant was 

performed in more steps to avoid the inactivation of HRP. In alternative, 

hydroxybenzotriazole HoBt (20 µg, 1.0 × 10−3 mmol) and veratryl alcohol VA (18 µg, 

1.0 × 10−3 mmol) were used as redox mediators. Low molecular weight redox mediators 
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are electron shuttles for the peroxidase, 360 showing beneficial effect on the overall 

catalytic activity.361 HoBt and VA have a similar mechanism for the redox transfer 

process, encompassing the radical hydrogen abstraction (HAT) pathway.362 The oxidation 

with native HRP and with H2O2 in the absence of the enzyme were performed as 

references. No oxidation of DBT occurred without the enzyme. Irrespective from the 

experimental conditions, the reaction was very selective to yield the dibenzothiophene 

sulfone (DBTO) as the only recovered product (Table 16).  

 
Table 16. Application of cat I-X in the oxidation of dibenzothiophene (DBT) as a model of oxidative 

desulfurization (ODS). 

S

DBT DBTO

i)
    

Cat
 I-X 

ii)
   

Cat
 I-X + 

VA
 

iii)
  
Cat

 I-X + 
HoBt

S
O

OH2O2, 45°C, 2
 
hours

Hexane/PBS
 
(0

.1M, pH8)

 

Entry Lignin/P Cat Redox Mediator 
1 

Conversion 
(%) 

Yield (%) 
2 

1 OL I none 18 >99 
2 KL II none 22 >99 

3 OL/PDDA III none 20 >99 

4 OL/CATLIG IV none 23 >99 

5 KL/PDDA V none 30 >99 

6 KL/CATLIG VI none 32 >99 

7 OL/(PDDA)2 VII none 35 >99 

8 OL/(CATLIG)2 VIII none 36 >99 

9 KL/(PDDA)2 IX none 37 >99 

10 KL/(CATLIG)2 X none 38 >99 

11 None HRP none 78 >99 

12 OL I VA 25 >99 
13 OL I HoBt 34 >99 
14 KL II VA 32 >99 
15 KL II HoBt 46 >99 
15 OL/PDDA III VA 28 >99 
17 OL/PDDA III HoBt 33 >99 
18 OL/CATLIG IV VA 31 >99 
19 OL/CATLIG IV HoBt 36 >99 
20 KL/PDDA V VA 43 >99 
21 KL/PDDA V HoBt 52 >99 
22 KL/CATLIG VI VA 44 >99 
23 KL/CATLIG VI HoBt 53 >99 
24 OL(PDDA)2 VII VA 54 >99 
25 OL(PDDA)2 VII HoBt 64 >99 
26 OL(CATLIG)2 VIII VA 55 >99 
27 OL(CATLIG)2 VIII HoBt 65 >99 
28 KL(PDDA)2 IX VA 53 >99 
29 KL(PDDA)2 IX HoBt 64 >99 
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30 KL(CATLIG)2 X VA 54 >99 
31 KL(CATLIG)2 X HoBt 65 >99 
32 KL(CATLIG)2 X HoBt 64 (Run no.1)3 >99 
33 KL(CATLIG)2 X HoBt 60 (Run no.2) >99 
34 KL(CATLIG)2 X HoBt 58 (Run no.3) >99 
35 KL(CATLIG)2 X HoBt 42 (Run no.4) >99 
36 KL(CATLIG)2 X HoBt 45 (Run no.5) >99 
37 None HRP VA 55 >99 
38 None HRP HoBt 70 >99 

1Cat I-X (18 U/mg of HRP), 4.0 equiv. of H2O2, n-hexane, PBS (0.1 M, pH 8) with two redox mediators: 
Veratryl alcohol (VA) and 1-Hydroxybenzotriazole (HoBt) at 45 °C. 2 The yield is referred to converted 
substrate. 3 Cat X was recovered by centrifugation and used in the following runs. 

 

The conversion of DBT with cat I-X was lower than that obtained with HRP in the 

absence of the redox mediators, probably as a consequence of the occurrence of mass-

transfer limitation processes associated to the heterogeneous system. Double layered 

systems cat VII-X were the most effective biocatalysts irrespective from the lignin type 

and the nature of the polyelectrolyte layer. In this latter case, conversion values in the 

range of 35–38% were observed (Table 16, entries 6–10). Better results were obtained 

using the redox mediators (38–65% conversion range), HoBt performing better than VA. 

This different behavior is probably due to the reported lower redox-potential value of 

HoBt with respect to VA, favoring the oxidation of the substrate . The conversion of DBT 

with double layered cat VII-X was of the same order of magnitude as that obtained with 

HRP and both VA and HoBt (Table 16, entries 24–31 versus entries 37–38). The efficacy 

of the KL based biocatalysts was higher than the OL counterpart, while any specific effect 

was observed in relation to the nature of the polyelectrolyte layer, the performance of 

PDDA and CATLIG being similar. Note that the general efficacy of native HRP was 

decreased in the presence of VA (Table 16, entry 37 versus entry 11) and was only 

slightly increased with HoBt (Table 16, entry 38 versus entry 11), suggesting the benign 

effect of redox mediators in the desulfuration activity of HRP after the immobilization 

process.  

The reusability of cat X was evaluated, as a representative sample, analyzing the 

oxidation of DBT for more runs. The experiment was performed by recovery of the 

biocatalyst and reuse for five runs under reported experimental conditions (Table 16, 

entries 32–36). As a general trend, cat X showed 45% conversion of substrate at the five 

run, suggesting the relative stability of the system.  
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4.1 Enzyme-lignin nanocapsules are sustainable catalysts 
and vehicles for the preparation of unique polyvalent 
bioinks 

 
4.1.1 Aim of the work  

Over the last years, increased legislative attention and safety burden, as well as 

environmental concerns, oriented traditional printing ink formulations towards the use of 

renewable resources with reduced or absent environmental impact.363 Bio-inks might not 

only limit dependency on fuel-oil, but they also can drive the development of novel 

technological applications.364 Ink formulations are usually composed by four type of 

ingredients, namely pigment, vehicle and binder, additive and solvent.365 Moreover, 

depending on the specific application and on the viscosity of the binder, no additional 

solvent might be necessary, leading to solvent free ink.366 Water can be used as 

sustainable solvent in environmental friendly ink formulations.367 Tall oil rosin 

(colophony) ,368 soybean and edible vegetable oils,369 frying oils,370 karanja oil,371 abietic 

acid polymers,372 and polysaccharides 373 have all been used as binders to replace fuel-oil 

derived synthetic materials. Unfortunately, drawbacks are envisaged in the application of 

these bio-binders, since they are in competition with food production, demanding toxic 

additives to improve rheological properties.374  
Lignin, the main by-product of pulp and paper industry and of bio-refinery processes, 

is a sustainable binder due to its favorable physical-chemical properties associated to low 

cost and easy availability .375 Lignin is a highly branched polyphenolic polyether 

consisting of oligomeric sub-units produced by radical polymerization of monolignols, 

para-coumaryl alcohol, coniferyl alcohol and sinapyl alcohol. This polymer shows 

antioxidant activity, UV-shielding protection, anticorrosion effects, and electrochemical 

responsiveness . Amine salts of Kraft lignin are additives in water-based pigments, acting 

both as grinding agents for the pigment in the formulation, and as binder in the printing 

processes.70 Moreover, organosolv lignin has been applied as filler in different ink 

formulations, improving the viscosity of the medium,71 as well as in sustainable 

formaldehyde resins.376 In a similar way, nitrate alkaline lignin esters,72 carboxylate 

softwood lignin,377 and acetylated lignin378 have been used as binders in ink formulations. 

Nanoparticles and nanocapsules of lignin showed innovative pharmaceutical and 

technological applications. Nano-scaled binders are of relevant interest, since they can 

penetrate easily into the structure of bulky paper promoting the rate of biodegradation.379 
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For this reason, sub-micron Kraft lignin particles have been applied as binders in novel 

water ink formulations 380. The main advantage of lignin nanodevices resides in the high 

biocompatibility, in the possibility to be degraded by microorganisms and in the 

emergence of novel scale-dimensional chemical and physical properties.  

Improved UV-shielding properties and antioxidant activities emerged during the 

preparation of organosolv lignin and lignosulphonate nanocapsules by a template Layer 

by Layer approach, (see Chapter 2) consisting on the alternative deposition of 

polyelectrolytes of different electrical charge. Lignin nanodevices have been used as 

support for the immobilization of enzymes (see Chapter 3), including tyrosinase and 

laccase. In this latter case, they showed capacity to improve the enzymatic activity by 

boosting effect and by direct and mediated electron transfer processes. Tyrosinase and 

laccase catalyze the preparation of several pigments and dyes under natural or synthetic 

procedures.382 Thus, lignin nanocapsules functionalized with oxidative enzymes can 

perform as biocatalyst for the synthesis of the pigment, and as vehicle, binder, and 

additive for the newly synthesized pigment. Here we describe the use of lignin 

nanocapsules loaded with tyrosinase from Aspergillus niger and, in alternative, with 

laccase from Trametes versicolor, for the efficient “in situ” polymerization of appropriate 

chemical precursors to afford a large panel of pigments. The pigments resulted to be 

stably linked to the support affording a large panel of colored nanocapsules to be used as 

a unique polyvalent bio-ink. 

 
4.1.2 Experimental part  

  

Materials 

 Organosolv lignin (OL) was purchased from Chemical Point (Oberhaching, 

Germany). Tyrosinase from Aspergillus niger (1000 U/mg), laccase from Trametes 

versicolor (1.07 U/mg), Bradford reagent, poly(diallyldimethylammonium chloride) 

(PDDA, 20%v/v water solution), chitosan (CH, low molecular weight) with 20% chitin 

units, melanin, 2,2-azinobis(3-ethylbenzothiazoline-6-sulfonic acid) (ABTS), L-tyrosine, 

L-DOPA, epicatechin, catechol, 4-amino benzoic acid, hydroquinone, 3-aminobenzoic 

acid, resorcinol, and para-phenylenediamine were purchased from Sigma–Aldrich (St. 

Louis, MO, USA), and were used without any further purification. All experiments were 

repeated in triplicate using native and immobilized tyrosinase or laccase in phosphate 

buffer saline (PBS 0.1 M pH 7) or sodium acetate buffer (Na-acetate buffer 0.1 M pH 5), 
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respectively. Solutions were prepared using Milli-Q water (ρ = 18.2 MΩ cm a 25 °C; 

TOC < 10 μg L−1, Millipore, Molsheim, France). 

 

Preparation of nanocapsules by a template-based Layer-by-Layer procedure 

Nanocapsules were prepared by applying a modified version of the Layer-by-Layer 

(LbL) procedure using organosolv lignin (OL) as template. Briefly, commercially 

available OL (20 mg) was dissolved in THF (20 mL), followed by filtration (0.45 μm 

syringe filter) and dialysis against deionized water, for 24h at 25°C. The suspension (15 

mL) of OL nanocapsules in MilliQ water (1 mg/ml; pH 4.2) was added dropwise to PDDA 

or CH solution (1.0 mg/mL, MilliQ water) under slow magnetic stirring. After 2 h, the 

final suspension was centrifuged (6000 rpm, 20 min) and the supernatant removed. The 

nanocapsules were rinsed with deionized water, recovered by centrifugation (6000 rpm, 

20 min) and lyophilized to yield OL/PDDA and OL/CH intermediates, respectively.  

 

Procedure for the loading of tyrosinase 

The reactivity of tyrosinase towards lignin is reported42. As a general trend, tyrosinase 

showed negligible activity towards lignin modification48. Tyrosinase from Aspergillus 

niger (1.0 mg, 900 U/mg) was added to a suspension of OL-PDDA (100 mg), or in 

alternative, to OL/CH (100 mg), in the appropriate buffer (100 mL) under orbital shaking 

for 24h at 25°C. OL/PDDA/tyrosinase (I) and OL/CH/tyrosinase (II) were recovered by 

centrifugation (20 min at 6000 rpm). Compounds (I) and (II) were washed several times 

with PBS in order to ensure the complete removal of unbounded enzyme (as evaluated 

by the Bradford method). The recovered solution was used for the evaluation of the 

activity parameters. 

 

Procedure for the loading of laccase  

Laccase from Trametes versicolor (20 mg, 1.07 U/mg) was added to a suspension of 

OL-PDDA (100 mg), or in alternative, to OL/CH, in Na-acetate buffer (100 mL) under 

orbital shaking for 24h at 25°C. OL/PDDA/laccase (III), and OL/CH/laccase (IV), were 

recovered by centrifugation (20 min at 6000 rpm). Compounds (III) and (IV) were 

washed several times with Na-acetate buffer in order to ensure the complete removal of 

unbounded enzyme (as evaluated by the Bradford method). The recovered solution was 

used for the evaluation of the activity parameters. 
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Determination of the kinetic parameters 

Kinetic parameters of compounds (I-II) (Km, Vmax, and Vmax/Km) were determined 

spectrophotometrically by measuring the activity of immobilized tyrosinase at different 

concentrations of L-tyrosine (0.33–0.10 mM) using the dopachrome method. As a general 

procedure, the reaction was started by adding L-tyrosine to PBS solution (0.1 M, pH 7) 

containing the appropriate amount of compounds (I) and (II) (0.1 mg). The initial rates 

were measured in a 3.0 mL reaction cuvette as linear increase of the optical density (475 

nm) at 25°C under magnetic stirring.  

Kinetic parameters of compounds (III) and (IV) were determined by measuring the 

activity of immobilized laccase at different concentrations of ABTS (0.1–5 mM). Briefly, 

the reaction was started by adding ABTS to compounds (III) and (IV) (0.1 mg) in Na-

acetate solution (0.1 M pH 5). The initial rates were measured in a 3.0 ml reaction cuvette 

as the linear increase of the optical density at 436 nm at 25°C under magnetic stirring. 

The data were analyzed by a double reciprocal Lineweaver–Burk plot. 

Spectrophotometric data were obtained by using a Cary WinUV (AGILENT, Santa Clara, 

CA, USA). All experiments were conducted in triplicate using free and immobilized 

tyrosinase and laccase. 

 

Determination of activity parameters.  

The activity parameters of tyrosinase were determined by measuring the tyrosinase 

catalyzed oxidation of L-tyrosine by the dopachrome method. As a general procedure, the 

reaction was started by adding L-tyrosine (0.83 mM) to PBS solution (67 mM, pH 7) 

containing the appropriate amount (from 45 to 100 units) of samples (I-II) (from 0.045 

to 0.1 mg). The initial rates were measured in a 3.0 mL reaction cuvette as the linear 

increase of the optical density (475 nm) at 25 °C under magnetic stirring. One unit of 

enzyme activity was defined as the increase in absorbance of 0.001 unit per minute at pH 

7 and 25 °C. Spectrophotometric data were analyzed with Cary WinUV. All experiments 

were conducted in triplicate. The activity parameters of samples (III-IV) were assayed 

by using the 2,2’-azino-bis (3-ethylbenzothiazoline-6-sulfonic acid) diammonium salt 

(ABTS) procedure. ABTS (5 mM), sodium acetate buffer (2.0 mL, pH 5.0), and the 

sample solution (200 µL) were used as standard solution. The formation of the cation 

radical was detected by measuring the increase of absorbance at 436 nm. One unit of 

laccase activity has been defined as the amount of enzyme that catalyzed the oxidation of 

1.0 µmol of ABTS in 200 µL reaction mixture at 25 °C during 1.0 min. 
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Dynamic light scattering 

Measurements of particle size and Zeta potential were performed on freshly prepared 

aqueous suspensions (pH = 7) of OL nanocapsules and compounds (I-II) were dispersed 

in water by dynamic light scattering (DLS) using a Zetasizer Nano ZS (Malvern 

Instruments, Malvern, UK) apparatus, equipped with an He-Ne laser (633 nm, fixed 

scattering angle of 173°, 25°C). Prior to perform size measurements, the suspensions were 

filtered with a 0.45 µm filter membrane. Measurements were performed in triplicate at 

room temperature (T = 25 °C). 

 

Procedure for the pigmentation of lignin nanocapsules functionalized with tyrosinase 

As a general procedure, OL/CH/tyrosinase (II) (1.0 mg/mL) was suspended in PBS 

buffer (pH 7, 0.1 M) in the presence of L-DOPA PBS solution (2 mM) and the suspension 

was stirred for 2 hours at 25°C under oxygen atmosphere. The black suspension was 

centrifuged (6000 rpm, 20 min) and the supernatant removed. Nanocapsules were rinsed 

three times with KOH (1.0 M) in order to ensure the complete removal of unbounded 

melanin, followed by washing with deionized water up to neutral pH. Next, nanocapsules 

were recovered by centrifugation (6000 rpm, 20 min) and lyophilized to yield compound 

(V). The amount of unbounded melanin in the KOH solution was evaluated 

spectrophotometrically by comparing the OD at 470 nm of unknown sample with a 

standard melanin (1mg/ml) . All measurements were done in triplicate. The disappearance 

of L-DOPA during the reaction was monitored by gas-chromatography associated to 

mass-spectrometry (GC-MS). The analyses were performed by 450 GC-320 MS 

apparatus using a VF-5MS column and an isothermal temperature profile of 100 °C for 2 

min, followed by a 10 °C/min temperature gradient to 280 °C for 25 min. The injector 

temperature was 280 °C. Chromatography-grade helium was used as the carrier gas with 

a flow of 2.7 mL/min. Mass spectra were recorded with an electron beam of 70 eV. 

 

Procedure for the pigmentation of lignin nanocapsules functionalized with laccase 

As a general procedure, OL/CH/Laccase (IV) (1.0 mg/ml) was suspended in Na-

acetate buffer (pH 5, 0.1M) in the presence of the appropriate substrate (2.0 mM) in 0.1 

M sodium-acetate buffer (pH 5.0), containing 2% (v/v) absolute ethanol. The suspension 

was stirred for 24 hours at 25°C under oxygen atmosphere. The final suspension was 

centrifuged (6000 rpm, 20 min) and the supernatant removed. The product was rinsed 

three times with MilliQ water (10 mL) in order to ensure the complete removal of 
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unbounded pigment. Residual traces of unreacted substrate were monitored by GC-MS. 

Irrespective to experimental conditions, the quantitative conversion of the substrate was 

observed.  

The colored nanocapsules were recovered by centrifugation (6000 rpm, 20 min) and 

lyophilized to yield compounds (VIII), (IXa-IXb), (Xa-Xb), and (XIa-XIb). The 

formation of the epicatechin polymer with OL/CH/Laccase (IV) was evaluated 

spectrophotometrically in the range of 250–300nm at different reaction times (1 h, 2 h 

and 6 h) using epicatechin monomer as standard.  

 

Electron microscopy analysis  

For Scanning Electron Microscopy (SEM), compounds (V-VIII), (IXa-IXb), (Xa-

Xb), and (XIa-XIb) were fixed with 3% glutaraldehyde in 0.1 M cacodylate buffer (pH 

7.2), washed and post-fixed in OsO4 (1% weight) in the same buffer at room temperature. 

Specimens were dehydrated in a graded ethanol series. They were then air dried, sputter-

coated with gold in a Balzers MED 010 unit. The observation was made by a JEOL JSM 

6010LA electron microscope. For Transmission Electron Microscopy (TEM), 

nanocapsules were placed on formvar–carbon-coated grids and allowed to be adsorbed 

for 60 s. Excess liquid was gently removed from each droplet with a strip of filter paper. 

Processing for negative staining was carried out by placing a drop of negative stain 

(2%uranyl acetate in distilled water) on the specimen grids, followed by quick blotting. 

This step was repeated a second time on a new drop of negative staining solution and 

prolonged for 60 s. Nanocapsules were observed with a JEOL 1200 EX II electron 

microscope. Micrographs were acquired by the Olympus SIS VELETA CCD camera 

equipped the iTEM software. 

 

FTIR Characterization 

Attenuated total reflection infrared (ATR-IR) spectroscopic analyses were performed, 

at room temperature, with a Perkin–Elmer Spectrum One spectrometer equipped with an 

ATR-IR cell. IR spectra were recorded by averaging 32 scans, with a resolution of 4 cm−1. 

 

EPR analysis 

EPR spectra of solid samples were recorded in a CW (Continuous wave) X-band 

(9GHz) at room temperature with a Bruker E580 Elexsys Series using the Bruker 

ER4122SHQE cavity. The 1mm diameter quartz capillaries were filled in with the 
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samples and they were placed into a suprasil tube of 3.5 mm internal diameter. 

Experimental conditions for acquisition were: 9.87 GHz microwave frequency, 0.1mT 

modulation amplitude and 2mW microwave power. 

 

Characterization of color parameters after pigmentation of lignin nanocapsules 

Color parameters were measured through X-Rite CA22 reflectance spectrophotometer 

according to the CIE L*a*b* color system (ISO 11664-4). In this system, the coordinate 

L* describes the lightness, while the coordinates a* and b* describe the chromatic 

coordinates on the green-red and blue-yellow axes, respectively. The characteristics of 

the color measuring instrument are the following: light source D65; standard observer 

10°; fixed geometry of measurement 45°/0°; spectral range 400-700 nm; spectral 

resolution 10 nm; aperture size 4 mm. For each sample three measurements were 

performed, and then average values and standard deviations were calculated. Data are 

reported as L*, a*, b*, and reflectance spectra in the visible range. 

 

Effect of alkaline treatment and of Ultraviolet photo-irradiation on the color strength 

and fastness properties 

The effect of UV irradiation, on the color change of compounds (V) and (VIII) in 

lyophilized powder (60 mg) on a glass slide (size 25 mm × 75 mm) support was performed 

by UVA and UVB light irradiation, which was provided by UV LAMP 300 W 

(ULTRAVITALUX, UVA power 13.6 W and UVB power 3.0 W). After 2 or 24 h of light 

irradiation the compounds (V) and (VIII) were collected for the characterization of color 

parameters using the untreated compounds as reference.  

As reported in literature, the effect of the treatment with NaOH (1.0 M) on the color 

change of compound (V) was performed by using a slightly modified procedure.382 After 

2 or 24 h of NaOH (1.0 M) treatment the final suspension was centrifuged (6000 rpm, 20 

min) and the supernatant removed. The compound (V) was lyophilized for the 

characterization of color parameters using the untreated compound V as reference. 

 

4.1.3 Results and discussions  
 

Preparation of lignin nanocapsules and their loading with tyrosinase and laccase 

Functionalized lignin nanocapsules supporting tyrosinase and laccase have been 

prepared by a modified version of the Layer-by-Layer (LbL) procedure (Figure 4.1, 
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pathway A), consisting in the consecutive deposition of alternatively charged 

polyelectrolytes onto the appropriate support. The coating protects the enzyme from 

denaturing agents and allow regulation of the permeability towards small substrates. 

Briefly, nanocapsules of organosolv lignin (OL) were obtained by dialysis of a lignin 

tetrahydrofuran (THF) solution against deionized water. The OL nanocapsules were used 

as a template for the sequential deposition of positively charged poly (diallyl 

dimethylammonium chloride (PDDA) and negatively charged tyrosinase from 

Aspergillus niger. Kinetic parameters of OL/PDDA/tyrosinase (I) (Km, Vmax and 

Vmax/Km), determined by measuring the enzyme activity at different concentrations of L-

tyrosine, were found to be in agreement with data previously reported in chapter 3 (Table 

17, entry 1), confirming the effective loading of the enzyme.  

  
Figure 4.1. Structure model of lignin, and schematic preparation of functionalized lignin nanocapsules 

supporting tyrosinase and laccase. PDDA and CH were used as positively charged polyelectrolytes. 
Tyrosinase from Aspergillus niger, and laccase from Trametes versicolor, are negatively charged at the 
operative pH. The consecutive deposition of alternatively charged polyelectrolytes was performed on the 
surface of organosolv lignin nanocapsules. 

 
Table 17.  
Kinetic parameters of functionalized lignin nanocapsules (I-IV). 

Entry Sample 
 

Km (mM) 
 

Vmax (X 10-3)c 

(∆Abs min µg 
enzyme) 

Vmax/Km X 
10-3 

 
Immobilization 

Yield (%)d 
1 (I)a 0.37 3.89 10.51 90.0 
2 (II)a 0.36 3.88 10.77 89.5 
3 (III)b 0.17 1245 7323 64.1 
4 (IV)b 0.16 1240 7750 62.3 

a Tyrosinase based system. L-tyrosine was used as a substrate.  
b Laccase based system. ABTS was used as a substrate. 
c Vmax represents the maximum rate achieved by the system, at a saturating substrate concentration. The 

Michaelis constant Km is the substrate concentration at which the reaction rate is half of Vmax. All 
experiments were conducted in triplicate. Average errors in kinetic parameters were 2–4% for Km, and 1–
3% for Vmax.  

d Immobilization yield (%) = [(Ua − Ur)/Ua] ×100. Ua is the total activity (units) of the enzyme added 
to the solution, and Ur is the residual activity (units) in the washing solutions. 
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Chitosan (CH), a linear polysaccharide composed of randomly distributed β-(1,4)-D-

glucosamine and N-acetyl-D-glucosamine units, was successfully used as biodegradable 

and no toxic alternative to PDDA to yield OL/CH/tyrosinase (II). As reported in Table 

17 (entry 2), the kinetic parameters of OL/CH/tyrosinase (II) were of the same order of 

magnitude than that of OL/PDDA/tyrosinase (I). 

The scanning electron microscopy (SEM) image of compound (II) showed 

nanoparticles with a regular spherical shape and an average diameter of 0.22±0.02 µm 

(Figure 4.2). Dinamic Light Scattering (DLS) analysis of compounds (I-II) is reported 

in Figure 4.3. 

 

 
Figure 4.2. SEM images of lignin nanocapsules. Panel A: organosolv lignin nanocapsules. Panel B: 

OL/CH/tyrosinase (II). 

 
Figure 4.3. Size distribution and polydispersity index (PDI) of OL nanocapsules (blue line, PDI=0.349), 

compound (I) (red line, PDI=0.353), and compound (II) (orange line, PDI=0.382).   
 

In order to improve the range of catalytic activity, laccase from Trametes versicolor 

was used instead of tyrosinase as a negative layer to yield OL/PDDA/laccase (III) and 

OL/CH/laccase (IV), respectively (Figure 4.1, pathway B). Kinetic parameters of 

compounds (III) and (IV) are reported in Table 17 (entries 3 and 4). Compounds (III) 

and (IV) showed kinetic parameter higher than that measured for similar catalysts 

previously produced by LbL immobilization of laccase on Multi Walled Carbon 
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Nanotubes (MWCNTs)383. SEM images of compounds (III) and (IV) are in Figure 4.4. 

The immobilization yield of samples (I-IV) was evaluated as reported in the following 

equation (Table 17): 

 

Immobilization yield (%) = [(Ua − Ur)/Ua] ×100  

 

Where Ua is the total activity (units) of the enzyme added to the solution, and Ur is 

the residual activity (units) in the washing solutions. 

 

 
Figure 4.4 SEM images of OL/PDDA/laccase (III) (Panel A) and of OL/CH/laccase (IV) (Panel B) 

 

Procedure for the pigmentation of lignin nanocapsules functionalized with tyrosinase 

Tyrosinase (EC 1.14.18.1) catalyzes the conversion of L-tyrosine, and L-3,4-

dihydroxyphenylalanine (L-DOPA), to melanin,384 which is a black pigment widely used 

in bio-ink formulations.385 The mechanism for the synthesis of melanin, especially for the 

most common variant, eumelanin, is reviewed.386 It comprises the formation of colored 

reactive intermediates such as dopachrome, followed by sequential oxidative coupling 

reactions.  

Eumelanin is usually represented as a complex structure with oligomeric chain lengths 

of up to a few tenth of monomers and variable chemical composition.387 Synthetic 

melanin is mostly reported as amorphous solid without distinctive particles, 388 although 

some evidences exist that spherical particles can be produced from synthetic sources 

under controlled conditions.389 In this latter case, a three-fold aggregation of oligomers, 

based on π-stacking interactions, have been proposed.390  

With the aim to synthesize melanin on the surface of lignin nanocapsules, we decided 

to use OL/CH/tyrosinase (II) as a representative sample, being this nanodevice composed 

by bio-based ingredients. OL/CH/tyrosinase (II) (1.0 mg/mL) was suspended in PBS 

buffer (pH 7, 0.1 M) in the presence of L-DOPA (10 mg), and the suspension was stirred 

at 25°C under oxygen atmosphere. The system showed a red coloration, probably due to 
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the formation of the dopachrome intermediate, followed by the appearance of the 

characteristic black coloration of melanin. L-DOPA was completely converted after 2.0 

h of reaction time (as evaluated by gas-chromatography associated to mass spectroscopy 

analysis) to yield black lignin nanocapsules (V). Nanocapsules (V) retained the black 

coloration after treatment with KOH (1.0 M, 3 x 1.0 mL), suggesting a stable linkage 

between newly synthesized melanin and the lignin support (Figure 4.5, pathway A). 

Lignin nanocapsules were stable during the KOH treatment, in accordance with 

previously reported data on the increased stability of lignin nanoparticles at high pH 

value, as a consequence of the structuring process.391 Moreover, the alkaline stability of 

lignin nanoparticles was found to be significantly improved after chemical grafting with 

dopamine, due to cross-linking reticulation reactions.392 Tyrosinase catalyzes the 

oxidative coupling between phenolic units (even when sterically hindered) by formation 

of reactive quinone intermediates,393 that can diffuse towards chitin layer to lignin in 

accordance with results previously reported on the diffusion- and reaction rate-limited 

redox processes mediated by quinones through bilayer lipid membranes.394 

 
Figure 4.5. Schematic representation of the synthesis and subsequent deposition of melanin in the 

reaction of OL/CH/tyrosinase (II) with L-DOPA and L-DOPA/L-tyrosine mixtures, respectively. Different 
shades of gray were obtained depending on the L-DOPA/L-tyrosine ratio. 

 
This reaction mechanism might be responsible for the formation of covalent bonds 

between the phenolic units of lignin and the growing melanin oligomers, assuring the 

observed stability of the black pigment on the surface of compound (V). π-Stacking 

interactions between the aromatic moieties of the lignin and melanin may be also 

responsible for the stability of the nanodevice.395 

TEM and SEM investigations of compound (V) (Figure 4.5 and Figure 4.6, respectively) 

showed the deposition of distinguishable agglomerates of melanin on the surface of 
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lignin. The irregular shape of these agglomerates, as highlighted by the TEM analysis, 

suggested the presence of a variable number of superimposed layers of amorphous 

melanin. Note that spherical nanoparticles of melanin have been previously obtained 

using tyrosinase adsorbed on an inert glass surface, in which case interactions were not 

operative between melanin and the support.396  

 
Figure 4.5. TEM images of lignin nanocapsules. Panel A: Organosolv lignin nanocapsules. Panel B: 

Black lignin nanocapsules (V).  Agglomerates of amorphous melanin are clearly evident on the surface of 
lignin. 

 

 
Figure 4.6 SEM images of lignin nanocapsules. Panel A: Organosolv lignin nanocapsules. Panel B: 

Black lignin nanocapsules (V) 
 

Moreover, the internal spherical shape of compound (V) was similar to that of 

compound (II), indicating that the L-DOPA polymerization process was limited to the 

surface of lignin (Figure 4.5, panel A versus panel B). 

 

Characterization of the melanin pigment and production of the gray color 

The UV−vis-spectra of the KOH solution recovered during the preparation of 

compound (V) was similar to that of the standard (Figure 4.7), confirming the synthesis 

of the melanin pigment. The amount of unbounded melanin was measured by comparing 

the OD at 470 nm with respect to standard sample35. As reported in Figure 4.8, 0.2 
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mg/mL of unbounded melanin were detected, indicating that c.a. 0.8 mg of melanin were 

retained per 10 mg of compound (V). 

 
Figure 4.7. Comparison between the UV−vis-spectra of the KOH solution recovered during the 

preparation of compound (V) and the standard sample. Blue line: UV−vis-spectra of unbonded melanin 
produced by polymerization of L-DOPA in the presence of OL/PDDA/tyrosinase (II). Red line: UV−vis-
spectra of standard melanin. 

 

 
Figure 4.8 Melanin concentration after the work-up in KOH solution. Commercial melanin was used 

as reference. 
 

The ATR-FTIR-spectra of compound (II) showed the vibration bands for the most 

frequent monomeric sub-units in melanin, 5,6-dihydroxyindole (DHI) and 5,6-

dihydroxyindole-2-carboxylic acid (DHICA), respectively. However, the signal of the 

carboxylic acid (COOH, 1038 cm−1) was not found in the standard, indicating a lower 

DHICA content in the reference sample of melanin (Figure 4.9, Panel A).  
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Figure 4.9. Panel A: ATR-FTIR-spectra of melanin recovered from the KOH solution (blue line), and 

standard melanin (red line). Band assignment: 3196 cm-1 OH-, NH- and water (broad signal); 1700 cm-1 
quinone (C=O stretching); 1606 cm-1 indole (ring vibration); 1440 cm-1 pyrrole (C=C stretching); 1250 cm-

1 pyrrole (N-C stretching); 1038 cm-1 COOH pyrrole (DHICA monomer). Panel B: ATR-FTIR-spectra of 
OL/PDDA/tyrosinase (II) (red line), and compound (V) (blue line). The band at 1038 cm-1 COOH in 
compound (V), corresponding to the pyrrole group (DHICA monomer), is characteristic of the melanin 
structure. 

 

The vibrational bands of melanin were also detected in the ATR-FTIR-spectrum of 

compound (V) (Figure 4.9, Panel B), showing the characteristic COOH absorption band, 

associated to the pyrrole group (DHICA monomer), at 1038 cm-1.  

The presence of the melanin pigment in sample (II) was definitely proved by first-

derivative Electron Paramagnetic Resonance (EPR) analysis (Figure 4.10, Table 18, 

entry 2), which showed the characteristic melanin EPR signal at a g factor of 2.0041397-

398. 

 

 
Figure 4.10. The first-derivative EPR analysis of sample (V). Red line: standard melanin. Green line: 

sample (V). Blue line: OL nanocapsules. 
 

 

Next, experiments using L-DOPA in the presence of different concentrations of L-

tyrosine were performed in order to tune the shade of the melanin pigment.399  

When L-DOPA (2.0 mM) was reacted with L-tyrosine (1.0 mM and 0.5 mM, 

respectively) in the presence of compound (II) under previously reported conditions, 
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lignin nanocapsules (VI) and (VII), characterized by two different shade of gray, were 

obtained. The lighter shade of gray was observed in the presence of the lower amount of 

L-tyrosine (Figure 4.5, pathways B and C), suggesting the possible control of the shade 

simply by varying the ratio between the reagents. The effective presence of melanin in 

compounds (VI) and (VII) was demonstrated by first-derivative EPR experiments, in 

which the characteristic signal of melanin was observed at g factor of 2.0042 and 2.0038, 

respectively (Table 18, entries 3 and 4). Probably, the gray color was a consequence of a 

low concentration of the pigment.  
Table 18. Mean values of g-factor of samples (V-VII). 

Entry Sample 
 

g factor a 

 
1 Standard melanin 2.0036 
2 sample (V) 2.0041 
3 sample (VI) 2.0042 
4 sample (VII) 2.0038 

a The error on the g factors was ±0.0001 

 

Procedure for the pigmentation of lignin nanocapsules functionalized with laccase 

Laccase (EC 1.10.3.2, p-diphenol: dioxygen oxidoreductase) is a multicopper enzyme 

that catalyzes the oxidation of four molecules of substrate through the direct reduction of 

dioxygen (O2).400 The industrial interest in the application of laccase lies in the low 

substrate selectivity, high value of catalytic constants, and high thermal resistance.401 

Immobilized laccase has been also used in the chemistry of lignin.402 Laccase efficiently 

catalyzes the polymerization of phenol derivatives to form pigments in dyeing processes 

and formulations.403 In this latter case, a large panel of color and a wide range of shade 

have been obtained by using heteropolymer synthesis.404 For example, mixture of natural 

compounds belonging to the flavonoids family have been successfully applied to give rise 

to yellow, orange and dark brown colored heteropolymers.405  

When the flavonoid epicathechin (2.0 mM) was treated with OL/CH/laccase (IV) (1.0 

mg/mL) in Na-acetate buffer (0.1 M, pH 5) at room temperature under dioxygen 

atmosphere, the yellow-like colored lignin nanocapsules (VIII) were obtained (Figure 

4.11, pathway A). The color was retained after washing with Na-acetate buffer, 

suggesting the occurrence of stable interactions between the epicatechin polymer and 

lignin. This result is in accordance with data previously reported on the laccase mediated 

grafting-process of flavonoids on cotton fibers.406 The mechanism for the laccase 
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mediated formation of covalent linkages between raw lignin and flavonoids is reviewed, 

including the formation of C-C and C-O covalent bonds.407 

 
Figure 4.11. Schematic representation of the synthesis and subsequent deposition of pigments during 

the reaction of OL/CH/laccase (IV) with phenol derivatives. 
 

The SEM image of compound (VIII) showed spherical capsules with an average 

diameter of 0.33±0.02 µm (Figure 4.12, Panel A), while in the TEM analysis the presence 

of the epicatechin layer surrounding the lignin capsule was highlighted (Figure 4.12, 

Panel B). 

 
Figure 4.12. Panel A: SEM image of the yellow-like lignin nanocapsules (VIII). Panel B: TEM image 

of the yellow-like lignin nanocapsules (VIII).  
 

The formation of the epicatechin polymer was monitored by UV-visible titration at 

different reaction times (Figure 4.13). Epicatechin showed a major absorption band in 

the range of 250–300nm. The addition of OL/CH/laccase (IV) afforded the decrease of 

the initial absorption band, with the contemporary formation of a new peak in the 325–
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800 nm range (with a maxima at 392 nm), corresponding to expected epicatechin 

polymer. 

 
Figure 4.13. UV-visible titration of the reaction between OL/CH/laccase (IV) and epicatechin. Newly 

synthesized epicatechin polymer showed a characteristic absorption peak in the 325–800 nm range. 
 

The ATR-FTIR spectra of compound (VIII) confirmed the modification of lignin 

during the reaction with epicatechin, as evidenced by the disappearance and attenuation 

of some of the main absorption bands characteristic of lignin (1738 cm-1, 1364 cm-1 and 

1217 cm-1) (Figure 4.14, Panel A). Moreover, the spectra showed the expected absorption 

bands, including the OH stretching (3400 – 3100 cm-1), C = C stretching (1600 cm-1), and 

C – O stretching (1150 – 1010 cm-1) 79. 

 
Figure 4.14. ATR-FTIR spectra of compounds (VIII) and (IXa). Panel A (red line): absorption bands 

of compound (IV). Panel A (blue line): absorption bands of compound (VIII). Panel B (red line): absorption 
bands of compound (IV). Panel B (blue line): Absorption bands of compound (IXa). Characteristic 
adsorption bands of the amino-benzoic scaffold were found at 760 cm-1, 860 cm-1, 1490 cm-1, 1600 cm-1and 
1640 cm-1, respectively.  

 

A larger panel of colours was obtained by reaction of compound (IV) with mixtures 

of phenol derivatives. The treatment of catechol (1.0 mM) and 4-amino-benzoic acid (0.5 

mM) with compound (IV) afforded pink-like colored lignin nanocapsules (IXa-b), whose 

shade intensity was found to be dependent from reaction time, the darker shade 

corresponding to the higher value of reaction time (Figure 4.11, pathway B). The 
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presence of catechol/4-amino-benzoic acid heteropolymer on the lignin surface of 

nanocapsules (IXa) was confirmed by the TEM analysis (Figure 4.15). 

 

 
Figure 4.15. TEM image of nanocapsules (IXa). 

 

ATR-FTIR spectrum of compound (IXa) showed typical signals for the amino-

benzoic scaffold associated to the formation of the catechol/4-amino-benzoic acid 

heteropolymer, including frequency at 760 cm-1, 860 cm-1, 1490 cm-1, 1600 cm-1, and 

1640 cm-1 408 (Figure 4.14, Panel B).  

Red/brown-like lignin nanocapsules (Xa-b), and grey/black lignin nanocapsules (XIa-

b), have been obtained by the co-polymerization of hydroquinone (1.0 mM) with 3-amino 

benzoic acid (0.5 mM) (Figure 4.11, pathway C), and of resorcinol (1.0 mM) with para-

phenylenediamine (0.5 mM) (Figure 4.11, pathway D), respectively. Again, the darker 

shade of the colour was obtained in the correspondence of the highest reaction time. 

Pigments were found to be stably linked to lignin, confirming the formation of covalent 

linkages between the colored heteropolymer and the support. 

Unexpectedly, reactions of compound (IV) produced also pigments that were un-

bonded to lignin. For example, 2-amino-3-methoxy benzoic acid (Figure 4.16, pathway 

A), 2-methoxy hydroquinone (Figure 4.16, pathway B), and the mixture of 4-hydroxy-

benzoic acid with ABTS (Figure 4.16, pathway C), or in alternative, the mixture of 4-

methyl-amino benzoic acid with 4-methoxy-phenol (Figure 4.16, pathway D), afforded 

orange, yellow, blue and violet pigments that were lost during the work-up of the reaction. 

These data suggested that catechol or hydroquinone moieties were necessary for the 

formation of a stable linkage between the pigment and lignin. Probably, the higher 

reactivity of these derivatives with respect to simple phenols in the oxidative cross-
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coupling process may be responsible for the observed results.409 This hypothesis is in 

accordance with the role that quinone derivatives play in the covalent grafting of lignin.410  

 
Figure 4.16 Unproductive OL/CH/laccase (IV) catalyzed polymerization of phenol derivatives 2-

amino-3-methoxy benzoic acid (pathway A), 2-methoxy hydroquinone (pathway B), and of mixture of 4-
hydroxy-benzoic acid with ABTS (pathway C), or 4-methyl-amino benzoic acid with 4-methoxy-phenol 
(pathway D). After the reaction the orange, yellow, blue and violet pigments were not retained on the 
surface of the lignin nanocapsules. 

 

Characterization of color parameters after pigmentation of lignin nanocapsules 

The characterization of the color parameters of compounds (V-VIII), (IXa-b), (Xa-b) 

and (XIa-b) has been performed by reflectance spectrophotometry (Figure 4.17 panel A) 

using the CIE L*a*b* system (Figures 4.17 panel B and C). The reflectance spectrum 

and the values of chromatic coordinates indicated for the reference lignin nanocapsules a 

yellowish color (average value of b* equal to 23.3).411 Compound (V) confirmed a black-

grey color having low reflectance in the visible spectrum and low values of the chromatic 

coordinates. Similar trend was observed in compounds (XIa) and (XIb), that exhibited, 

in respect to compound (V), only a slightly higher values of lightness. 

Lignin nanocapsules (VI) and (VII) showed constant values in the reflectance 

spectrum along the entire visible range, confirming the light grey color of these samples. 

The two different grey shades were also documented by color measurements: compound 

(VI) showing the higher value of lightness and the lower value of b* with respect to 

compound (VII). 
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Figure 4.17. Panel A: Reflectance spectra of colored lignin nanocapsules (V-VIII), (IXa-b), (Xa-b) 

and (XIa-b). Panel B: CIE L*a*b* parameters of colored lignin nanocapsules (V-VIII), (IXa-b), (Xa-b) 
and (XIa-b). Panel C: Chromatic diagram for a*b* parameters of colored lignin nanocapsules (V-VIII), 
(IXa-b), (Xa-b) and (XIa-b). Acronym S is for standard compounds (II) and (IV). Panel D: Reflectance 
spectra of compound (V) and (VIII) after UV irradiation and treatment with NaOH of compound (V). 

 

Compound (VIII) exhibited a reflectance spectrum similar to that of compounds (II) 

and (IV), with a clear dominance of yellow, as showed by the b* value. Compounds (IXa-

b) showed a different trend in the reflectance spectra and in the values of chromatic 

coordinates a* and b*, whereas the values of L* were the same for the two samples. In 

particular, compound (IXb) has a higher value of b* indicating a yellow dominant of the 

color, on the other hand, sample (IXa) is located very close to the center of the chromatic 

diagram, i.e. the grey scale axis.  

Compounds (Xa) and (Xb) exhibited the typical reflectance spectra of orange-red 

color with a rapid increase of reflectance in the red portion of the visible range at 650-

700 nm, especially highlighted in the case of compound (Xb). 

 

Effect of ultraviolet photo-irradiation and alkaline treatment on the color strength and 

fastness properties 

The effect of UV photo-irradiation on the color strength and light fastness properties 

was evaluated in the case of compounds (V) and (VIII) as representative examples of 

black colored and yellow-like colored nanoparticles. Color strength and light fastness are 
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important physical properties for the quality, weather resistance, and applications of the 

inks. Alkaline medium and artificial and natural light may cause most pigments to 

degrade resulting in color change. The light fastness of inks is important especially in 

tattoo, in packaging and in printing industries.412 Light fastness refers to the resistance of 

a color to fading under the sunlight radiation. The effect of UV irradiation on the color 

change of compounds (V) and (VIII) is reported in Figure 4.17 (panel D) and Table 19. 

The color changes were defined as both variation of the single chromatic coordinates and 

total color variation (ΔE*). ΔE*is the geometrical distance between two points in the CIE 

L*a*b* colorimetric space and is calculated according to equation (1): 

(1) Δ𝐸𝐸∗ = �{( Δ𝐿𝐿∗)2 + ( Δ𝑎𝑎∗)2 + ( Δ𝑏𝑏∗)2} 

 

Samples (V) and (VIII) showed only a slight color variation after 2 h of UV irradiation 

as indicated by the ΔE* value (Table 19, entries 2 and 7). A value of ΔE* close to 2 is 

considered imperceptible by human eye, the perceptible variation being observed only at 

ΔE* value close to 5.413 Interestingly, the sample (V) showed a darker black color (that 

is a decrease of L*) after 24 h of irradiation (Table 19, entry 3), suggesting the occurrence 

of a further polymerization process, probably involving semiquinoid-type free radical 

species, able to increase the π-conjugation degree of the sample.414 In the case of sample 

(VIII) only a modest ΔE* variation was observed after 24 h, encompassing the decrease 

of L* (darkening), the increase of a* (reddish trend), and the decrease of b* (yellowish 

trend) (Table 19, entry 8). 
 

Table 19. Variations of the chromatic coordinates L*, a*, b* and total color change (ΔE*) of compound 
(V) and (VIII). 

Entry Compounds Treatment L*,a a* b* ΔL* Δa* Δb* ΔE*,b 

1 V none 27.2 2.89 8.69     

2 V UV 2h 29.5 3.04 9.15 2.26 0.15 0.47 2.31 

3 V UV 24h 21.1 4.00 10.0 -6.11 1.11 1.31 6.35 

4 V NaOH 1M 
2h 12.1 0.89 2.08 -15.1 -1.99 -6.61 16.6 

5 V NaOH 1M 
24h 18.7 1.67 4.04 -8.5 -1.22 -4.65 9.77 

6 VIII none 65.08 5.98 25.59     

7 VIII UV 2h 62.78 9.12 23.85 -2.30 3.14 -1.74 4.26 

8 VIII UV 24h 61.41 9.79 22.78 -3.67 3.81 -2.81 5.99 
aL* describes the lightness while a* and b* describe the chromatic coordinates on the green-red and 

blue yellow axes, respectively. b ΔE* is defined as reported in equation (1). 
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The treatment of the sample (V) with NaOH as selected example produced a great 

variation of color after 2 h, mainly due to the change of L* value, in association with a 

slight decrease of b* (Table 19, entry 4). The resulting color was darker than the 

reference, and completely black having lost the b* contribute. The reflectance spectrum 

further supports this assessment (Figure 4.17). Note that, a lower value of ΔE* was 

observed after 24h of treatment (Table 19, entry 5). This reaction pattern can be explained 

assuming that NaOH can initially favor the complete polymerization of melanin quinones 

intermediates by a general alkaline catalysis,415 followed by degradative pathway of 

lignin for longer reaction time 
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Chapter 5 
Biosensors 
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5.1 Lignin nanoparticles are renewable and functional platforms for 
the concanavalin A oriented immobilization of glucose oxidase-
peroxidase in cascade bio-sensing 

 
5.1.1 Aim of the work  

 

The reciprocal orientation of the active site in the cascade is an important feature to 

control the overall activity of the enzymatic system.416 For this reason, specific molecular 

spacers and linkers are used 417,418 for orienting the enzymes in the proper way.419 

Here we report that LNPs are green and suitable platform for the immobilization of the 

enzymatic cascade of Horseradish Peroxidase (HRP) and Glucose Oxidase (GOX) 420,421 in 

biosensing applications.422-423 To the best of our knowledge, only examples of the use of hybrid 

systems encompassing unstructured lignin and metal oxides have been previously reported for 

the immobilization of  GOX.424,425 The correct orientation of the two enzymes during the 

immobilization process was obtained by the use of the lectin Concanavalin A (Con A), able to 

selectively interact with the carbohydrate part of both HRP and GOX.426 Since the carbohydrate 

component of glycoproteins is usually far from the active site of the enzyme, the use of Con A 

ensures the retention of the enzymatc activity, sometimes enhancing the performance of the 

system. 427-428 The effectiveness of Con A in the immobilization of HRP alone on LNPs has 

been reported in Chapter 3, focusing on bio-desulfurization processes. The overall 

immobilization procedure of the enzymatic cascade was based on two different approaches: i) 

direct adsorption on the surface of LNPs; ii) layer by layer (LbL) mediated adsorption in the 

presence of cationic polyelectrolytes including poly (diallyl dimethylammonium chloride) 

(PDDA), chitosan (CH) and cationic lignin (CATLIG). These polyelectrolytes have been 

selected on the basis of their previous application in the coating of LNPs, two of them (PDDA 

and CH) being also reported in the formation of aggregates with Con A.429,430 CATLIG is the 

cationic form of lignin with relevant application in the stabilization of pickering emulsions  and 

in the immobilization of different enzymes. Förster resonance energy transfer (FRET) 

measurement 431 confirmed the co-immobilization of HRP and GOX on LNPs, the two enzymes 

being located at the optimal distance. The application of natural and renewable polyelectrolytes 

CH and CATLIG is in accordance with the development of a full green system. LNPs showed 

a boosting effect in the electrocatalytic activity of the enzymatic cascade as evaluated by cyclic 

voltammetry analysis. The biosensing application of immobilized HRP/GOX enzymatic 
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cascade has been measured by the colorimetric detection of β-D-glucose using two 

chromogenic substrates, 2,2’-azinobis-(3-ethylbenzothiazoline-6-sulfonic acid) (ABTS) and 

dopamine. The limit of detection (LOD) was found to be better than, or comparable to, that 

previously reported for other HRP/GOX immobilized systems. 

 

5.1.2 Experimental part  
Materials  

rganosolv lignin (OL), were purchased from Chemical Point (Oberhaching, Germany). Glucose 

oxidase (GOX, from Aspergillus niger, 160 kDa, catalytic activity according to producer 

specification is 100–250U/mg), horseradish peroxidase (HRP, from Armoracia Rusticana, 44 

kDa, catalytic activity according to producer specification is 173 U/mg), concanavalin A (Con 

A, from Canavalia ensiformis, Jack bean type VI), poly(diallyldimethylammonium chloride) 

PDDA (20% v/v water solution), chitosan (CH, low molecular weight, 75-85% deacetylated 

degree, 50-190 KDa), were purchased Sigma-Aldrich. Cationic lignin (CATLIG) was prepared 

from organosolv lignin (10 mg/ml; 0.1 M) in NaOH, by treatment with glycidyl tetramethyl 

ammonium chloride (20 mg) at 60 °C for 2 h under magnetic stirring. The crude was purified 

for 24 hours by dialysis with Spectrapore™ membrane (3.5 kDa molecular weight cut off). 

Bradford reagent, 2,2-azinobis-(3-ethylbenzothiazoline-6-sulfonic acid) (ABTS) and β-D-

glucose were purchased from Sigma-Aldrich. L-dopamine were purchased from TCI Europe. 

All experiments were performed in phosphate buffer saline (PBS, 0.1 M, pH 7.3 or pH 8.0), or 

sodium acetate buffer (0.1 M, pH 5.0 or pH 6.0), prepared by using Milli-Q water (ρ = 18.2MΩ 

cm a 25 °C; TOC < 10 μg L−1, Millipore, Molsheim, France).   

 

Procedure for the preparation of Bio I  

Lignin nanoparticles (LNPs) were prepared from organosolv lignin (OL) by using the 

nanoprecipitation procedure. Briefly, a solution of OL (2.0 mg in 1.2 mL of tetrahydrofuran 

(THF)/H2O 2:1 v/v) was added to Milli-Q water (3.8 mL) to yield LNPs. The LNPs dispersion 

was concentrated using a rotary evaporator in order to remove the organic solvent, frozen and 

lyophilized. LNPs (1.5 mg) in PBS (1.0 mL) were treated with Con A (0.5 mg) in PBS (1.0 mL, 

0.1 M; pH 7.3) in order to obtain the LNPs/Con A intermediate. LNPs/Con A was added to a 

solution of HRP (0.12 mg/mL) and GOX (0.25 mg/mL) in PBS (1.0 mL, 0.1M; pH 7.3) and 

left under orbital shaking at 4°C for 24 h. LNPs/Con A/HRP-GOX Bio I was isolated by 

centrifugation (20 min at 6000 rpm), washed with sodium phosphate buffer (1.0 mL, 0.1 M; pH 
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7.3) and lyophilized, while the residual solution was evaluated for the immobilization yield and 

activity parameters.  

 

Procedure for the preparation of Bio II-IV  

LNPs/polyelectrolyte intermediates were prepared by treatment of LNPs (1.0 mL Milli-

Q water; 1.0 mg/mL) with the appropriate amount of poly(diallyldimethylammonium chloride) 

(PDDA), chitosan (CH), or cationic lignin (CATLIG) (1.0 mg/mL, 0.5 mg/mL, and 0.1 mg/mL, 

respectively), in deionized water (1.0 mL) at 25 °C under orbital shaking for 2 hours. The 

corresponding LNPs/PDDA, LNPs/CH and LNPs/CATLIG were isolated by centrifugation and 

lyophilized. Concanavalin A was adsorbed on the surface of the appropriate 

LNPs/polyelectrolyte (1.5 mg) in PBS (1.0 mL) by treating with Con A (0.5 mg) in PBS (1.0 

mL, 0.1 M; pH 7.3) in order to obtain LNPs/polyelectrolyte/Con A intermediates.  

LNPs/polyelectrolyte/Con A was added to a solution of HRP (0.12 mg/mL) and GOX 

(0.25 mg/mL) in PBS (1.0 mL, 0.1M; pH 7.3) and left under orbital shaking at 4°C for 24 h. 

Bio II-IV were isolated by centrifugation (20 min at 6000 rpm), washed with sodium phosphate 

buffer (1.0 mL, 0.1 M; pH 7.3) and lyophilized, while the residual solution was evaluated for 

the immobilization yield and activity parameters.  

 

Bradford assay 

The loading of Con A on LNPs (defined as % in weight of Con A per mg of LNPs) 

obtained during the different procedures was evaluated by the Bradford assay of the appropriate 

residual solution. The Con A concentration was calculated spectrophotometrically at 595 nm 

by using the Bradford reagent and bovine serum albumin as reference protein.  

 

Activity and kinetic parameters 

The ABTS spectrophotometric assay was used for the determination of the enzymatic 

activity of ConA/HRP-GOX and Bio I-IV by following the absorbance at 415 nm (ε415 = 36 

000 M−1 cm−1) for 10 minutes. In a typical experiment, ConA/HRP-GOX and Bio I-IV (0.1 mg 

in PBS, 0.1 M, pH 7.0, 3.0 mL), were added to ABTS (0.5 mM) and β-D-glucose (100 mM). 

The activity unit of HRP in the enzymatic cascade was considered as the amount of enzyme 

able to transforms 1.0 µmole of H2O2 per min at pH 7 at 25°C. Kinetic parameters (Km, Vmax, 

and Kcat) were determined by measuring the activity at different concentrations of β-D-glucose 

(0−100 mM) using the ABTS assay. As a general procedure, the reaction was started by adding 
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β-D-glucose to PBS solution containing the appropriate amount of the sample (0.1 mg in PBS, 

0.1 M, pH 7.0, 3.0 mL). The data were analysed by Lineweaver–Burk plots, the initial velocities 

(1/V vs. 1/[S]) and Km and Vmax being calculated as intercepts at the cartesian axes, respectively. 

The Michaelis–Menten constant and the turnover number have been calculated performing the 

analysis in triplicate by the use of the GraphPad software.  

 

Temperature and pH stability and reusability assay 

Temperature and pH stability, and reusability assay were performed by using a slightly 

modified procedure of the ABTS spectrophotometric test. In particular, the temperature stability 

was determined by adding Bio I and Bio III-IV (0.1 mg in PBS, 0.1 M, pH 7.0, 3.0 mL) to a 

solution of ABTS (0.5 mM) and β-D-glucose (100 mM) in an oil bath at 60°C and monitoring 

the absorbance at 415 nm for 10 minutes. For the pH stability, the appropriate amount of Bio I 

and  Bio III-IV (0.1 mg) was added to buffer solution (3.0 mL) at  different pH values (sodium 

acetate buffer 0.1 M, t pH 5.0 and at pH 6.0, PBS 0.1 M at pH 7.3 and at pH 8.0), containing 

the appropriate solution of ABTS (0.5 mM) and β-D-glucose (100 mM). The production of the 

cation radical of ABTS was monitored at 415 nm for 10 minutes at 25°C. The reusability of 

Bio I and Bio III-IV was performed under the experimental condition described above. At the 

end of the transformation, Bio I and Bio III-IV were recovered by centrifugation and washed 

three times with deionized water in order to eliminate the residual ABTS. After all, Bio I and 

Bio III-IV were reused with fresh glucose/ABTS solution for five consecutive runs. 

 

Electrochemical characterization of Bio I, ConA/HRP-GOX, LNPs/HRP-GOX 

The immobilization procedure for the development of modified glassy carbon electrodes 

(GCE) with Bio I, Con A/HRP-GOX and LNPs/HRP-GOX was performed by a sequential 

layer-by-layer drop-casting procedure. In particular, for Bio I, a three step drop casting 

procedure was performed as follow: LNPs (15 µl, 1.5 mg/mL) in PBS (50mM, pH 7.0) was 

sonicated for 5 minutes, the dispersion was drop-cast onto the (GCE) and let it dry for 20 

minutes. Successively, a solution of Con A (15 µL, 0.5 mg/mL) was drop-cast onto the electrode 

surface and let it dry for 20 minutes. The electrode was then rinsed with PBS 50 mM pH 7.0. 

Finally, HRP (15 µL, 0.12 mg/mL) and GOX (15 µL, 0.25 mg/mL) in PBS (50mM, pH 7.0), 

was drop-cast onto the electrode surface and let it dry for 30 minutes. The electrode surface was 

then rinsed with PBS. The GCE/ConA/HRP-GOX system was prepared under the experimental 

conditions previously reported for Bio I without the LNPs drop-casting. The GCE/LNPs/HRP-
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GOX system was prepared under the experimental conditions previously reported for Bio I 

without the ConA drop-casting. The voltammetric experiments were performed at room 

temperature in PBS (50mM, pH 7.0), using hydroquinone solution (H2Q), as the electroactive 

mediator (1.0 x 10-4 M, PBS, 50 mM; pH 7.0), in the absence and presence of β-D-glucose (1.0 

x 10-2 M) and in a potential range between -0.5 and 0.5 V at a scan rate of 100 mV s-1. All 

electrochemical measurements were carried on with a PGSAT204N potentiostat (Eco Chemie, 

Utrecht) controlled by the Nova 2.1 software with a conventional three electrodes configuration. 

A saturated calomel electrode (SCE, 244 mV vs. NHE, Cat. 303/SCG/12, AMEL, Milan, Italy) 

as reference, a glassy carbon rod electrode (d=2mm, Cat. 6.1241.020, Metrohm, Herisau, 

Switzerland) as counter and a glassy carbon (GC) as working electrode (d=3 mm, Cat. 

6.1204.300, Metrohm, Herisau, Switzerland). Before functionalization, GCE was polished for 

10 minutes using alumia slurries with two different particle size (0.3 µm / 0.05 µm) using cloth 

pads wet with Milli-Q water, rinsed with Milli-Q water, and further sonicated for 5 min between 

each polishing step. 

 

Colorimetric performance of Bio I and Bio III-IV  

The colorimetric analysis was performed by using different concentrations of β-D-

glucose (from 4.0 µM to 2000 µM) into cuvettes containing the appropriate amount of Bio I 

and Bio III-IV (1.0 mg, in PBS 0.1 M, pH 7.0, 3.0 mL) and ABTS (0.5 mM, 0.1 mL) or L-

dopamine (0.5 mM, 0.1 mL) as chromogenic substrates. After 30 minutes under magnetic 

stirring at 25°C the dispersion was photographed with a digital camera and the corresponding 

absorption spectra were measured by a UV−vis spectrophotometer (Varian Cary® 50 UV-Vis) 

setting the wavelength at 415 nm and 700 nm for ABTS and L-dopamine, respectively.  

 

ATR FT-IR analysis 

LNPs/Con A and LNPs/polyelectrolyte/Con A samples were analyzed by attenuated total 

reflection Fourier transform infrared (ATR-IR) spectroscopic using a PerkinElmer (Spectrum 

One) spectrometer (UATR unit cell) averaging 32 scans (resolution of 4 cm−1). 

 

Scanning electron microscopy 

The field emission scanning electron microscopy (FESEM) of Bio I-IV was acquired on 

FESEM ZEISS GeminiSEM500, operated at 5 kV after drop 20 µl (with deionized water) of 

sample dispersion on specimen stubs, air dried and coated with gold by sputtering with AGAR 
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(Auto Sputter Coater). Before the observations, the sample received a deposition of chromium 

thin film (5 nm) by sputter coating using a QUORUM Q 150T ES plus coater.  

 

Confocal Laser microscopy, FRET.  

Procedure for the labeling of HRP and GOX 

The synthesis of FITC-labeled HRP was performed by using 20 mg of HRP dissolved in 

4.0 mL of Na2CO3-NaHCO3 buffer (pH=9.0, 50 mM). Fluorescein isothiocyanate in DMSO (5 

mg/mL, 0.4 mL) was added dropwise. The solution was left under magnetic stirring for 4 h at 

25°C in dark condition. After the incubation time, the solution of HRP-FITC was quenched 

with NH4Cl (50 mM, 0.4 mL) and left under magnetic stirring for 1 h at 25°C in dark condition. 

Next, the solution was dialyzed against phosphate buffer (pH 7.0, 50 mM) using Spectra pore 

dialysis membrane (3.5 kD MWCO) for 5 days at 4 °C in dark condition, in order to remove 

the unreacted fluorescent dye. Finally, FITC-HRP was washed with deionized water and 

lyophilized. With the same procedure, Rhodamine B isothiocyanate was used to label GOX. 

The confocal images of Bio IV were obtained by ZEISS LSM-710 NLO confocal system 

equipped with a Plan Apochromat 100X/1.40 oil DIC M 27 objectives was used for laser 

confocal microscopy. 

Calculation of the FRET effect 

The corrected FRET (Fc) and the FRET efficiency (NFRET) are expressed by the following 

equations:  

Fc = Ff − �
Fd
Dd

× Df� − �
Fa
Aa

× Af�         (1) 

𝑁𝑁𝐹𝐹𝐹𝐹𝐹𝐹𝐹𝐹 =
Fc  

�Df x A𝑓𝑓
           (2) 

Where F, D and A are acronyms for FRET, donor and acceptor channels, respectively, 

and the subscripts "f", "d" and "a" represent the FRET, donor and acceptor samples, 

respectively. The spectral bleed-through for donor (Fd/Dd) and acceptor (Fa/Aa) was calculated 

from donor-only and acceptor-only samples, respectively. Data of Ff, Fd/Dd, Df, Fa/Aa and Af 

are reported in Table S 4. 

The distance between donor and acceptor moieties was calculated from NFRET using the 

following equation:  

𝑁𝑁𝐹𝐹𝐹𝐹𝐹𝐹𝐹𝐹 =
𝑅𝑅06

𝑅𝑅06 + 𝑟𝑟6
        (3) 
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The NFRET has a strong dependence from the Förster distance (R0) and the physical 

distance separating the donor and acceptor moieties (R). R0 is a characteristic feature of each 

donor and acceptor FRET-pair and can be estimated basing on equation (2). This value is 

generally comprised in the range between 3.0 nm and 10 nm. R0 for the pairs of FITC and 

rhodamine was found to be 5.8 nm. The average distance r of HRP from GOX was found to be 

7.0 nm. 

 

 

5.1.3 Results and discussions   
Procedure for the immobilization of HRP and GOX on LNPs 

LNPs have been prepared starting from commercially available organosolv lignin by 

applying the nanoprecipitation procedure. Briefly, a solution of the raw lignin in 

tetrahydrofuran (THF) was rapidly added to deionized water with instantaneous formation of 

the nanoparticles. The immobilization procedure of HRP and GOX is reported in Figure 5.1. 

In the first case (pathway A), Con A from jack beans (Canavalia ensiformis) was adsorbed on 

the surface of LNPs by treating the nanoparticles (1.5 mg/mL) in sodium phosphate buffer 

(PBS, 1.0 mL; pH 7.3, 0.1 M) with different concentration of Con A (from 0.2 mg/mL to 1.0 

mg/mL) in the same buffer (1.0 mL) at 25 °C. The tetrameric configuration of Con A necessary 

for the molecular recognition of glycoproteins was preserved by buffering the pH of the system 

(pH 7.3).  

 
Figure 5.1 Schematic representation of the immobilization of HRP and GOX on LNPs. Pathway A: direct 

adsorption on the surface of LNPs; Pathway B: layer by layer (LbL) mediated adsorption in the presence of 
different cationic polyelectrolytes. Grey color: PDDA; Azure color: CH; Dark brown color: CATLIG. 
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The efficacy of the adsorption of Con A was evaluated by the Bradford assay on 

the residual solution after removal of the nanoparticles. The interaction between lectins 

and polyphenols is reported, mainly focusing on their relevance for nutraceutical 

aspects.432 The loading factor (% in weight) of Con A on LNPs is reported in Figure 5.2. 

The highest efficacy in the immobilization process was obtained starting from 0.5 mg/mL 

of Con A (Figure 5.2, green line).  

 
Figure 5.2. Loading of Con A on LNPs during different adsorption procedures. The loading factor 

is defined as % in weight of Con A per mg of LNPs. LNPs, LNPs/PDDA, LNPs/CH or LNPs/CATLIG 
intermediates are represented with a color code (green line, black line, blue line and red line, respectively). 
All experiments were conducted in triplicate. The average error in protein concentration parameters is c.a. 
1.2%. 

 

Attenuated total reflection Fourier transform infrared (ATR FT-IR) analysis 

confirmed the effectiveness of the immobilization of Con A on LNPs, as shown by the 

appearance of the amide I band in the spectrum (1.644 cm-1) associated to the 

characteristic stretching amide vibrational mode (amide II band) (Figure 5.3). The 

LNPs/Con A intermediate (1.5 mg/mL) in PBS (1.0 mL) was treated with HRP (2.5 

mg/mL) and GOX (5.0 mg/mL) in PBS (20 µL) at 4.0 °C, applying the optimal HRP/GOX 

ratio value previously reported for the co-immobilization of the two enzymes on Con A 

in homogeneous conditions433 to yield LNPs/Con A/HRP-GOX system Bio I. 

As an alternative, LNPs were coated with cationic polyelectrolyte to favor the 

electrostatic interaction with negative charged Con A (ζ-potential, -14 mV)434 (Figure 

5.1, pathway B). LNPs (1.0 mg/mL) in deionized water (1.0 mL) were treated with the 

appropriate polyelectrolyte poly (diallyl dimethylammonium chloride) (PDDA), chitosan 

(CH), and cationic lignin (CATLIG) (1.0 mg/mL, 0.5 mg/mL, and 0.1 mg/mL 

respectively), in deionized water (1.0 mL) at 25 °C under orbital shaking. The optimal 
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concentration of the polyelectrolyte was selected on the basis of previous data reported in 

chapters 3 and 4. 

 
Figure 5.3. ATR FT-IR analysis of LNPs/Con A and LNPs/polyelectrolyte/Con A samples. LNPs 

alone: black line; LNPs/Con A: red line; LNPs/PDDA/Con A: purple line; LNPs/CH/Con A: azure line; 
LNPs/CATLIG/Con A: brown line. The presence of Con A was associated to the appearance of the amide 
I band in the spectrum (c.a. 1.644 cm-1). 

 

The intermediates, LNPs/PDDA, LNPs/CH and LNPs/CATLIG (1.5 mg/mL) in 

PBS (1.0 mL) were added with different concentration of Con A (from 0.2 mg/mL to 1.0 

mg/mL) in the same buffer (1.0 mL) at 25 °C. The highest loading values were obtained 

in the presence of 0.5 mg/mL of Con A irrespective to the nature of the polyelectrolyte 

(Figure 5.2), CATLIG being the best support for all of the tested concentrations. 

Dynamic light scattering (DLS) data for original LNPs, LNPs/CATLIG and 

LNPs/CATLIG/ConA, as selected examples, are reported in Figure 5.4. 

 
Figure 5.4 Size distribution of LNPs (Red line, 219 nm), LNPs/CATLIG (Black line, 234 nm) and 

LNPs/CATLIG/ConA (Blue line, 244 nm) 
 

LNPs showed an average size of diameter of 219 nm. After the deposition of 

CATLIG the diameter value was slightly increased to 234 nm, reaching the value of 244 

nm in the presence of ConA. This trend was in accordance with previous reported 

data.435The optimal value of concentration of Con A was then selected for the further 

study. The presence of the polyelectrolyte generally increased the efficacy of the Con A 
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loading. ATR FT-IR analysis of LNPs/polyelectrolyte/Con A intermediates confirmed 

the presence of Con A (Figure 5.3) (ATR FT IR spectra of LNPs/polyelectrolyte 

intermediates are reported in Figure 5.5).  

 
Figure 5.5 ATR FT-IR analysis of LNPs/PDDA (azure line), LNPs/CH (blue line) and 

LNPs/CATLIG (orange line) 
 

The successive treatment of LNPs/polyelectrolyte/Con A intermediates (1.5 mg/mL) in 

PBS (1.0 mL) with HRP (2.5 mg/mL) and GOX (5.0 mg/mL) in PBS (20 µL) at 4.0 °C 

afforded LNPs/PDDA/Con A/HRP-GOX Bio II, LNPs/CH/Con A/HRP-GOX Bio III, 

and LNPs/CATLIG/Con A/HRP-GOX Bio IV, respectively (Figure 5.1). 

The scanning electron microscopy images of Bio I-IV are reported in Figure 5.6 (panels 

A-F). Bio I-IV showed a regular spherical shape after the deposition procedure. The 

magnification of Bio I and Bio IV highlight the typical corona-like structural motif 

associated to Con A.427 

 
Figure 5.6. Scanning electron microscopy images of Bio I (panel A), Bio II (panel B), Bio III (panel 

C), and Bio IV (panel D). Panel E and panel F: magnification (x 800 K) of Bio I and Bio IV, respectively. 
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Activity Parameters and Kinetic Data of Bio I–IV 

The activity parameters and kinetic data of Bio I–IV are reported in Table 20. The 

data were recorded following the activity of HRP as a quantitative marker of the overall 

enzymatic cascade process, firstly activated by the GOX oxidation of β-D-glucose to β-

D-glucone lactone with concomitant production of hydrogen peroxide (H2O2). The 

efficacy of HRP in the reduction of H2O2 was then measured by the 2,2’-azinobis-(3-

ethylbenzothiazoline-6-sulfonic acid) (ABTS) assay, following the concentration of the 

corresponding ABTS radical cation (415 nm) at 25 °C, and working at the optimal pH 

value for the activity of both HRP and GOX (pH 7.0).436 The selection of HRP as 

representative component of the HRP-GOX cascade system is widely reported, the two 

enzymes having similar reaction rates.The activity yield and immobilization yield were 

determined using equations 1–2, respectively: 

 

Activity yield (%) = [Ux/ (Ua−Ur)] × 100 (1) 

Immobilization yield (%) = [(Ua−Ur)/Ua] × 100 (2) 

 

Where Ua is the total activity (units) of co-immobilized HRP, Ur is the residual HRP 

activity (units) in the solution and Ux is the activity of HRP after the co-immobilization 

process (the enzyme unit is the increase in the absorbance of 10−3 unit per min at 25 °C 

in 0.1 M PBS). Notably, the random immobilization of HRP and GOX on LNPs without 

the use of Con A, both in the presence or in the absence of the polyelectrolyte, afforded 

systems deprived of any catalytic activity (reported in Table 21). 

 
Table 21. Immobilization and activity yield of enzymatic cascade systems produced by the random 

immobilization of HRP and GOX on the surface of LNPs.  
Entry Samplea Immobilization 

Yield (%)b 
Activity Yield (%)b 

1 LNPs/HRP-GOX 64 0.3 

2 LNPs/PDDA/HRP-GOX 45 0.7 

3 LNPs/CH/HRP-GOX 54 1.2 

4 LNPs/CATLIG/HRP-GOX 61 1.4 

a The immobilization procedure was performed in the presence or in the absence of polyelectrolyte layer. 

 

 This result is in accordance with previously reported data on the relevance of the 

spatial distribution for the catalytic activity of the enzymes during the immobilization 

processes.437-440 The cationic polyelectrolyte layers favored the Con A mediated 

immobilization yield of HRP and GOX (Table 22, entries 3-5 versus entry 2), CATLIG 
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being the most effective polyelectrolyte (Table 22, entry 5 versus entries 3‒4). As a 

general trend, the polyelectrolyte layer increased the activity yield, with the only 

exception of PDDA. The overall effect was more pronounced in the case of CATLIG 

(Table 22, entry 5). The kinetic data (Km, Vmax, and Kcat) of Bio I-IV have been compared 

with the performance of the two enzymes loaded on Con A under similar experimental 

conditions but in the absence of LNPs (ConA/HRP-GOX). As reported in Table 22, Bio 

IV showed always the highest Vmax and Kcat values (Table 22, entry 5 versus entries). 

Moreover, Bio I and Bio III were characterized by Vmax values similar to Con A/HRP-

GOX,  having a lower Kcat. Finally, Bio II was the lowest active system. Note that, in the 

case of layered samples, better results were obtained with polyelectrolytes characterized 

by a ζ-potential value comprised between +20 mV and +10 mV (CATLIG and CH, 

respectively).441,442 Apparently, the higher value of the ζ-potential reported for PDDA (+ 

40 mV )443 was detrimental for the overall activity of the system. Probably, the catalytic 

efficiency of Bio I-IV was dependent on the modality of the loading of Con A, due to the 

occurrence of supramolecular interactions tuning the optimal tetrameric configuration of 

the lectin. In accordance with this hypothesis, the effect of cationic polyelectrolytes in the 

stability and aggregation behavior of Con A has been reported in relation to the formation 

of amyloid fibrils, 444,445 able to control the transition of Con A from the optimal β-sheet 

configuration to less effective α-helices.446 The alteration of the β-sheet configuration 

might be also responsible for the lower activity of Bio I with respect to Con A/HRP-

GOX, since it is reported that low molecular weight polyphenols interact with Con A by 

H-bonding and hydrophobic forces at the rigid β-sheet responsible for the stabilization of 

the canonical tetrameric structure.447  
Table 22. Activity and kinetic parameters of Bio I-IV[a]  

Entry Sample Immobilization Yield (%) Activity  
Yield (%) Km (mM)[c] Vmax (µmol L-1 s-1)[c] Kcat (s-1)[c] 

1 Con A/HRP-GOX[b] - - 17.26 0.12 594 
2 Bio I 88 52 8.72 0.10 563 
3 Bio II 91 51 4.77 0.07 284 
4 Bio III 93 55 8.30 0.13 576 
5 Bio IV 96 61 4.85 0.15 652 

[a] Bio I: LNPs/ConA/HRP-GOX; Bio II: LNPs/PDDA/ConA/HRP-GOX; Bio III: LNPs/CH/HRP-
GOx; Bio IV: LNPs/CATLIG/HRP-GOX. [b]Con A/HRP-GOX was used as reference.49 [c] Kinetic data (Km, 
Vmax and Kcat) were analyzed by GraphPad software. Average errors in kinetic parameters were 2–4% for 
Km, 1–3% for Vmax and 1-2% for Kcat .The experiments were carried out in triplicate. 

 

Temperature and pH stability, and reusability assay 

The temperature and pH stability, and reusability assay, were evaluated for the most 

active Bio I and Bio III-IV. The activity yield for the selected samples was measured at 

60 °C and at different pH values (from pH 5 to pH 8). Data are reported in Table 23 and 
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Figure 5.7, respectively. The systems showed a high thermal stability (from 85% to 99% 

of retained activity, respectively), Bio IV being the most stable device (Table 23, entries 

1-3). As reported in Figure 5.7, irrespective from the experimental conditions, the 

optimal value of the activity yield was observed in the range of pH value between 6.0 and 

7.5, the highest performance being always obtained at pH 7.3. Again, Bio IV performed 

as the best system. The time stability of the most active system Bio IV was evaluated by 

measuring the activity of the system after 30 days of storage in PBS solution at 5°C. 

Under these experimental conditions, Bio IV retained the original activity (Table 23, 

entry 3). The reusability of Bio I and Bio III-IV was then evaluated by recovering the 

sample at the end of the oxidation, followed by washing and successive new runs. The 

systems maintained a significative activity yield after five runs (Table 23, reusability 

expressed in % with respect to the initial value), the better result being obtained with Bio 

IV (52% of the initial activity). 

 
Table 23 Activity retained after different temperature condition and reusability test of Bio I-III and IV 

Entry Sample 
 Activity Yield (%) 

25 °C 60°C 
Reusability (%)[a] 

run 1 run 2 run 3 run 4 run 5 
1 Bio I 52 44 42 31 28 25 23 
2 Bio III 55 53 44 39 34 31 30 
3 Bio IV 61 (60)[b] 60 59 57 55 54 52 

[a] The experiment was performed by recovery of Bio I and Bio III-IV analyzing their reuse for five 
runs with freshly prepared glucose and ABTS solutions in PBS (pH 7.0, 0.1 M).  [b]Activity of Bio IV after 
30 days of storage in PBS solution at 5°C 

 

 
Figure 5.7. pH stability of Bio I and Bio III-IV. The pH range was controlled by sodium acetate 

buffer (pH 5.0-6.0) and PBS (pH 7.3-8.0). The pH stability of Bio I and Bio III-IV are represented with a 
color code (black line, azure line and red line, respectively). All experiments were conducted in triplicate- 
The average error in activity yield calculation is c.a. 1.5%. 

 

Electrochemical characterization  

Bio I was analyzed by cyclic voltammetry (CV) as a representative example to 

elucidate the role of Con A in the electrocatalytic activity of the enzymatic cascade after 
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the immobilization on LNPs. The electrochemical behavior of original LNPs in Figure 

5.8 was in accordance with data previously reported.448,449  

 

 
Figure 5.8: Cyclic voltammetry analysis of LNPs compare to GCE alone. LNPs and GCE (blue line 

and grey line, respectively). 
 

The experiments were performed in hydroquinone solution (H2Q) as electroactive 

mediator (1.0 x 10-4 M, PBS, 50 mM; pH 7.0), in the absence and presence of glucose 

(1.0 x 10-2 M) (the detailed procedure is reported in the experimental part). Cyclic 

voltammograms (CVs) have been recorded with a glassy carbon electrode (GC) 

reproducing Bio I, as shown in Figure 5.9 (panel C). The overall bioelectrode 

performance was regulated by the oxidation of H2Q to 1,4-benzoquinone on the electrode 

surface, following the cascade reaction of HRP and GOX. The schematic representation 

of the enzymatic transformations occurring at the surface of the GC electrode is reported 

in Figure 5.9 (panel A).  Con A/HRP-GOX (panel B) and LNPs/HRP-GOX (panel C) 

have been used as references. The electrochemical response of each system was compared 

with that obtained in the absence of glucose, corresponding to the cyclic voltammograms 

of H2Q alone (black curves, panels B and C). The voltammetry curves of LNPs/HRP-

GOx and Bio I in the absence of glucose showed a similar behavior, Bio I showing a 

slightly higher electrochemical responsiveness. The cyclic voltammogram of Con 

A/HRP-GOX with H2Q solution showed an irreversible behavior as highlighted by the 

separation between the cathodic and anodic peaks (c.a. 360 mV; panel B, black curve). 

However, in the presence of LNPs/HRP-GOX and Bio I the electrochemical behavior 

appeared to be more reversible, with a peak-to-peak potential separation of about 150 

mV, indicating the occurrence of a quasi-reversible two-electron transfer reaction (panel 

C, black curve). The anodic and cathodic peak currents were linearly related to ν1/2, thus 

meaning a typical diffusion-controlled process (data not shown). The diffusion coefficient 

(D) was calculated to be 5.2 × 10-4 cm2 s-1, higher than that reported in the literature for a 

bare glassy carbon electrode.450 Hence, LNPs increased the electrochemical performance 
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independently from the presence of Con A. This result can be ascribed to the 

electrochemical responsiveness of LNPs, which allows a better electron transfer 

mechanism at the electrode surface.451 Successively, the electrocatalytic activity of the 

three systems was studied by adding glucose. The Con A/HRP-GOX showed a clear 

electrocatalytic responsiveness in the presence of glucose, confirming the retained 

activity of HRP and GOX after immobilization of Con A (Figure 5.9, panel B. red curve). 

The beneficial role of Con A was further highlighted by the comparison of the CVs 

of Bio I and LNPs/HRP-GOX (Figure 5.9, panel C). In this latter case, the presence of 

Con A assured the highest electrocatalytic effect (blue curve), a slight electrochemical 

responsiveness being observed for the LNPs/HRP-GOX counterpart (orange curve). Note 

that LNPs played a boosting effect in the activity of the overall system, the CV of Bio I 

showed an electrocatalytic effect higher than simple Con A/HRP-GOX (Figure 5,9, panel 

C versus panel B). Boosting effect exerted by lignin on the activity of oxidases are 

reported in Chapter 3. Probably, this effect may be due to the improved stability of the 

system, even if the amplification of the electrochemical signal by electron transfer 

processes occurring in the aromatic structure of LNPs cannot be completely ruled out. 

 
Figure 5.9 Cyclic voltammetry analysis of Con A/HRP-GOX compared to Bio I and the random 

immobilization of HRP and GOX on LNPs without the use of Con A. Panel A: reaction scheme of cascade 
reaction. Panel B: Con A/HRP-GOX and hydroquinone in absence and in presence of glucose (black line 
and red line, respectively). Panel C: LNPs/HRP-GOX and hydroquinone in absence and in presence of 
glucose (black dashed line and orange line, respectively) and Bio I and hydroquinone in absence and in 
presence of glucose (black line and blue line, respectively). 

 



 

146 

Förster resonance energy transfer (FRET) analysis 

The spatial distance between HRP and GOX in the most active Bio IV was 

determined by confocal laser scanning microscopy (CLSM) analysis associated to Forster 

resonance energy transfer (FRET) effect (Figure 5.10, panel A-D). FRET signal in 

CLSM occurs between two proximately located fluorophores via non-radiative dipole-

dipole coupling as a consequence of the energy transfer between a donor and an acceptor 

dye in close proximity (3-10 nm).452 The application of the FRET analysis in the study of 

bio-molecular conformation, protein-protein interaction and molecular motor devices has 

been reported. 453,454 In the case of Bio IV, HRP was labeled with fluorescein 

isothiocyanate (FITC) as donor, while GOX was labeled with rhodamine B (RhoB) and 

worked as the acceptor counterpart.455 The labelling procedure of HRP and GOX is 

reported in expertimental part. The effective presence of FITC-HRP in Bio IV was 

detected in the donor channel mode at 490 nm (Figure 5.10 panel A, green fluorescence 

signal), while that of RhoB-GOX was detected in the acceptor channel mode at 560 nm 

(Figure 5.10 panel B, red fluorescence signal). The effective co-localization of HRP-

GOX in Bio IV was highlighted by the presence of the merged fluorescent signal (Figure 

5.10, panel C). The original and corrected FRET signals of Bio IV (Figure 5.10, panel D 

and panel E, respectively) were used to calculate the average distance between the donor 

and the acceptor moieties. HRP and GOX were located at the distance of 7.0 nm, a value 

that is comprised in the range of reported optimal distances for the activity of the 

enzymatic cascade. 456 

 

Figure 5.10. Laser confocal scanning microscopy of Bio IV. Panel A: HRP labelled with FITC in 
the donor channel at 490 nm (green pixels). Panel B: GOX labelled with RhoB in the acceptor channel at 
560 nm (red pixels).  Panel C: merged fluorescence effect. Panel D: original FRET signal. PANEL E: 
corrected FRET signal. 
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Evaluation of Bio I and Bio III-IV as colorimetric biosensor 

The performance of Bio I and Bio III-IV as colorimetric biosensors was first 

evaluated by using the ABTS assay. Briefly, the appropriate sample (1.0 mg) in PBS (0.1 

M, pH 7, 3.0 mL) was treated with ABTS (0.5 mM, 0.1 mL) in the presence of different 

concentrations of β-D-glucose (from 4.0 µM to 2000 µM). The absorbance of the ABTS 

radical cation produced during the HRP-GOX oxidation was monitored at 415 nm after 

30 min at 25°C. The data of the most active Bio IV are reported in Figure 5.11, 

corresponding data for Bio I and Bio III are in Figure 5.12. The homogeneous HRP-

GOX mixture (same ratio value than that used for the bio systems) and Con A/HRP-GOX 

were used as references. The color of the solution changed significantly during the 

addition of β-D-glucose from pale azure to deep blue and dark indigo (Figure 5.11, panel 

B).  

 
Figure 5.11. ABTS and dopamine colorimetric assay of Bio IV. Panel A: schematic representation 

of the cascade oxidation of β-D-glucose by Bio IV in the presence of ABTS or dopamine. The structure of 
the chromogenic products is reported with a different color code. Panel B: color change variation and 
absorbance trend (415 nm) during the ABTS assay. Panel C: color change variation and absorbance trend 
(700 nm) during the dopamine assay. Linear trends and correlation coefficient values are magnified in both 
panels. The error bars indicate the standard deviation of three replicate of the measurement. 

 

The variation of the absorbance with respect to β-D-glucose concentration was used 

for the determination of the limit of detection (LOD), taking into account the linear part 

of the curve.456  
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Figure 5.12. Limit of detection (LOD) of HRP-GOX, ConA/HRP-GOX, and Bio I and Bio III 

devices. absorbance trend during ABTS (415 nm) and dopamine (700 nm) colorimetric assay of HRP-GOX, 
Con A/HRP-GOX, and Bio I and Bio III.  Linear trends and correlation coefficient values are magnified 
in all panels. Panel A absorbance trend during ABTS assay of HRP-GOX. Panel B: absorbance trend during 
dopamine assay of HRP-GOX. Panel C: absorbance trend during ABTS assay of Con A/HRP-GOX. Panel 
D: absorbance trend during dopamine assay of Con A/HRP-GOX. Panel E: absorbance trend during ABTS 
assay of Bio I. Panel F: absorbance trend during dopamine assay of Bio I. Panel G: absorbance trend during 
ABTS assay of Bio III. Panel H: absorbance trend during dopamine assay of Bio III.  The error bars indicate 
the standard deviation of three replicate of the measurement. 

 

The linear trend of Bio IV was found to be comprised between 4.0 µM and 16 µM, 

corresponding to a linear correlation coefficient R2= 0.9949 and a LOD value of 1.21 µM 

(Table 24, entry 5). Bio IV showed a LOD value lower than Bio I, Bio III and references 

(Table 24, entry 5 versus entries 1-4). This result confirmed the relevance of the ordered 

deposition of the two enzymes on the lignin platform. Note that the shape of Bio IV 

particles was unchanged after the biosensing application, as evaluated by SEM analysis 

(Figure 5.13).  
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Table 24. Limit of detection value (LOD) for Bio I and Bio III-IV. 
Entry Sample  LOD(µM)[a] 

ABTS Dopamine 
1 HRP-GOX[b] 5.43 2.39 
2 Con A/HRP-GOX 5.10 3.25 
3 Bio I 3.90 1.20 
4 Bio III 1.71 1.14 
5 Bio IV 1.21 0.85 

[a] The LOD was evaluated as reported in literature.[b] Homogeneous HRP-GOX mixture (same ratio 
value than that used for the Bio systems).  

 
 

 
Figure 5.13: Scanning electron microscopy image (SEM) of Bio IV after biosensing performance 

with chromogenic substrates. Panel A SEM image of Bio IV after biosensing performance with ABTS. 
Panel B SEM image of Bio IV after biosensing performance with L-dopamine.  

 

As an alternative, the LOD was evaluated by following the oxidation of L-dopamine 

as a natural chromogenic compound. The oxidation of L-dopamine by HRP and H2O2 to 

yield black poly-dopamine in quantitative yield has been reported.457 In this latter case 

the LOD was found to be significantly lower than that obtained with other standard 

chromogenic compounds.458 The oxidation of L-dopamine with Bio IV was performed 

under the experimental conditions previously reported for ABTS. The colorimetric 

variation during the addition of β-D-glucose and the respective absorbance values at 700 

nm are in Figure 5.11 (panel C) (LOD values of Bio I and Bio III are in Table 24, the 

corresponding absorbance curves are in figure 5.12). As reported in Table 24, Bio IV 

showed lower LOD value with respect to the ABTS assay. Again, the LOD of Bio IV was 

lower than that of Bio I and Bio III, and of the two reference systems (Table 24, entry 5 

versus entries 1-4). 
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Conclusions 
 
 
Bionanotechnologies based on the application of micro- and nanoparticles of 

polyphenols are of large industrial interest for the design of novel biobased materials with 

antioxidant and UV-protecting properties, as well as for the construction of biocatalysts, 

bio-based inks and biosensors. The renewable and biodegradable devices prepared with 

the layer-by-layer technology have been successfully applied in the food packaging, in 

the development of high technological fibers and in the metal surface coatings, as well as 

in environmentally friendly sensoring, and biomedical applications. In this context, 

nanocapsules of mixed polyphenols which are characterized by the sequential deposition 

of sulfonate lignin and tannic acid, showed the advantage of an increased antioxidant, UV 

protecting effect, and electrochemical responsiveness with respect to the homopolymer 

counterpart, as a consequence of the synergist effects between the two polymeric 

components. It is interesting to note that the antioxidant activity and UV-protecting 

properties of nanocapsules of mixed polyphenols were finely tuned by the specific order 

of the layers of the components. In fact, nanocapsules of the PDDA/LS+TA type, in which 

the polyphenols are mixed together to form a single disordered layer, is lesser active than 

the sequential and alternate coating of layers of any single polyphenol. In this latter case, 

the orientation of the adjacent aromatic rings is parallel to the longitudinal direction of 

the layer, following a head-to-tail-like arrangement. Since the redox and UV-absorbing 

properties of polyphenols strictly depends on their aggregation state (“exciton” theory”), 

it is reasonable to suggest that the structural order of the polyphenol aggregation is the 

key parameter for the emergence of synergistic effects. As a general trend, the reduction 

of the dimensional scale of the nanocapsules improved both the antioxidant activity and 

the UV-protecting effects. These data highlight the relevant role of mixed polyphenol 

layers to increase the antioxidant and UV-protecting properties. 

Organosolv lignin nanoparticles was shown to be an efficient and renewable 

support for the immobilization of tyrosinase. Phosphorus-based Nuclear Magnetic 

Resonance (31P-NMR) and GPC analysis demonstrated the stability of lignin towards the 

phenoloxidase activity of tyrosinase. Among the different procedures applied for the 

preparation of the catalysts, the layer-by-layer deposition of PDDA on pre-formed lignin 

nanoparticles, followed by the deposition of tyrosinase and BSA, yielded the most active 

catalyst for the oxidation of phenols to corresponding catechols. The layer-by-layer 
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procedure performed better than the direct adsorption and encapsulation of tyrosinase on 

lignin nanoparticles. 

Several procedures have been developed for the immobilization of laccase from 

Trametes versicolor on lignin nanoparticles. The layer-by -layer procedure showed again 

higher activity and kinetic parameters, as well as reactivity performances, with respect to 

alternative physical adsorption and encapsulation processes. The reactivity observed for 

the novel biocatalysts was confirmed by electrochemical and amperometric analyses. In 

this latter case, pseudo-DET and MET mechanisms were operative depending on the 

specific experimental conditions. Laccase immobilized on lignin nanoparticles catalyzed 

the selective oxidation of alcohols to the corresponding aldehydes by using TEMPO as a 

redox mediator. TEMPO was more efficient than other possible low molecular weight 

redox mediators. The laccase/lignin nanoparticle devices showed higher reactivity and 

selectivity when compared to laccase covalently immobilized on silica, suggesting a 

specific boosting effect exerted by lignin on the activity of the enzyme. Biocatalysts 

retained their activity for at least six runs, preserving the morphological integrity of the 

lignin nanoparticle. The increased stability and the high activity of laccase LbL 

functionalized lignin nanoparticles make these systems an attractive entry for novel 

biotechnological applications. 

Nanoparticles of lignin were effective functional and natural platforms for the 

immobilization of the HRP/Con A complex. In this process, the hydrophobicity of the 

support was a crucial parameter, OL favoring the dissociation of Con A into the two un-

effective sub-unit components. KL was the most efficient support. Thanks to the selective 

supramolecular interaction between Con A and the oligosaccharide part of HRP, that is 

located far from the active site of the enzyme, the overall activity of the system was 

generally retained after the immobilization. The presence of the cationic polyelectrolyte 

layer increased the overall stability and activity of the biocatalyst, PDDA and CATLIG 

showing a similar behavior. In addition, multi-layered systems performed better than the 

single layered counterpart, confirming the beneficial effect of the layered structure in 

preserving the enzyme from possible denaturation processes. On the other hand, some 

mass-transfer limitation occurred in the biphasic medium PBS/n-hexane during the 

oxidation of DBT. This kinetic limitation was solved through the use of redox mediators 

that enhanced the efficacy of the biocatalyst acting as redox shuttles between the active 

site of HRP and the bulk of the solution. Irrespective from the experimental conditions, 

DBTO was obtained as the only recovered product, highlighting the high reactivity and 
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selectivity of HRP and making easier the successive extraction of the polar end product 

from the oil phase. The possibility of removing DBT with efficacy similar to native HRP, 

associated to the general green property of the system at relative low temperature (45 °C), 

room pressure and recyclability, makes HRP/Con A an effective tool in bio-

desulfurization ODS processes.  

In the case of bioink based on functionalized lignin nanocapsules, the synthesis of 

the pigment was catalyzed by LbL-immobilized tyrosinase and laccase, with the lignin 

scaffold performing as the vehicle and binder of the pigment. L-DOPA, L-tyrosine, 

epicatechin, and other phenol derivatives were used as reactants to afford a large panel of 

pigments. When tested together, a mixture of phenols afforded different colors, with the 

specific shade depending upon both the reaction time and the ratio between the two 

reactants. Pigments were found to be linked to lignin, suggesting the formation of 

covalent bonds between the pigment and the support. The presence of the catechol or 

hydroquinone moiety in the substrate was essential for the stability of the ink. Oxidative 

coupling processes occurring through reactive quinone intermediates were probably 

responsible for this effect. The pigmentation process does not modify the spherical shape 

of lignin nanocapsules, and the pigment was mainly deposited on the surface of lignin, 

probably in the proximity of immobilized enzymes. Black bioinks characterized by low 

values of reflectance were obtained. Black ink, two shades of gray and yellow inks were 

resistant to ultraviolet photoirradiation. In the case of the black color, the darkness 

increased during the exposition time. Exposure to ultraviolet radiation usually induces the 

modification of melanin, suggesting the occurrence of a protective effect, probably due 

to the known UV shielding capacity of lignin at the nanoscale level. The black pigment 

was also resistant to alkaline treatment, retaining a black coloration darker than the 

reference, even for prolonged reaction time. The very fact that the pigment is confined on 

the surface of lignin nanocapsules, which can act contemporary as vehicle, additive, and 

binder for the pigment, encourages the use of this procedure for the preparation of unique 

polyvalent bioinks. 

Finally, lignin nanoparticles proved to be an efficient green platform for the 

immobilization of HRP and GOX mediated by Con A. The activity and kinetic parameters 

of the HRP–GOX enzymatic cascade were controlled by the specific nature of the cationic 

polyelectrolyte layer able to modify the aggregation stability of the tetrameric sub-units 

of Con A, CATLIG being the best performing polyelectrolyte. In this latter case, the 

optimal distance of 7.0 nm was measured between immobilized HRP and GOX by 
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F¨orster resonance energy transfer (FRET) effect. Cyclic voltammetry analysis confirmed 

the critical role played by Con A in the electrochemical responsiveness of the systems, 

associated to a boosting effect exerted by LNPs probably due a better electron transfer 

mechanism occurring at the electrode surface. The efficacy of novel immobilized Con 

A/HRP–GOX systems in the oxidation of β-D-glucose was tested by colorimetric assay, 

using ABTS and dopamine as chromogenic substrates. The lowest LOD values were 

obtained in the presence of CATLIG as cationic polyelectrolyte layer. The comparison of 

the LOD value obtained with the CATLIG based biosensor with that of other reference 

systems showed that a LOD value (0.85 mM) is better than, or comparable to, that 

previously reported for other heterogeneous HRP–GOX immobilized systems. The fact 

that a full renewable nanoplatform composed by lignin (organosolv and CATLIG) and 

Con A can efficiently support the HRP–GOX enzymatic cascade maintaining the catalytic 

activity open a new entry for a green and biodegradable family of biosensors useful for 

bio-catalytic and environmentally friendly applications. 
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