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Abstract 

 
This study focused on novel nano-biotechnology applications in the context of green 

chemistry and circular economy, with a primary attention to valorisation of natural 

polyphenols, such as lignin as sustainable nanomaterials and carriers for the 

immobilization of enzymes in biocatalysis. Three main topics have been discussed, each 

addressing different aspects of lignin nanoparticles utilization: I) nanofillers for 

biodegradable and home-compostable plastic blends; II) protective nanocarriers in 

cosmetic formulations; and III) nano-biocatalysts for green organic synthesis. 

In the first section of the thesis, innovative lignin nanoparticles enriched with saccharides 

from fishery wastes, such as chitosan and chito-oligosaccharides, are developed as 

versatile bio-filler for advanced bioplastic formulation. These nanoparticles showed 

remarkable physical, chemical, and biological properties. In particular, they demonstrate 

UV-shielding, antioxidant, and antimicrobial activities, with the added benefits of a 

synergistic antioxidant effect between lignin and chito-oligosaccharides. 

Next, the study explores the application of lignin nanoparticles in cosmetic and 

cosmeceutical formulations, with a particular focus on sunscreen products. In this latter 

case, lignin nanoparticles have been applied as carriers for commercially available UV 

chemical filters, such as avobenzone and octyl methoxycinnamate, enhancing their 

stability and photoprotective properties. Furthermore, lignin nanoparticles were used as 

capsules for the protection of ascorbic acid esters from degradation, contributing to the 

development of sustainable and effective cosmetic formulations. 

Finally, sustainable bio-catalysts have been developed for biotechnology applications by 

functionalization of lignin nanoparticles with enzymatic cascades. They comprised the 

co-immobilization of lipase M and tyrosinase on lignin-chitosan nanoparticles by layer-

by-layer (LbL) deposition technique. The enzymatic cascade retained high catalytic 

activity over numerous cycles in the one-pot synthesis of a large panel of bioactive 

lipophilic esters of natural hydroxytyrosol, starting from tyrosol and long chain 

carboxylic acids, under environmentally friendly experimental conditions. Detailed 

description of the activity parameters and kinetic properties of these novel catalysts are 

described in detail. Notably, the co-immobilization of the enzymes was facilitated by the 

use of natural concanavalin A as molecular spacer, ensuring the correct orientation and 

appropriate spatial distance between the two enzymes. In a subsequent investigation, the 

integration of multicomponent chemistry with previously described multienzymes 

cascade was reported in order to synthesized bioactive 1,4-benzoxazines under favourable 

heterogeneous conditions. Benzoxazines represent an important privileged scaffolds in 

medicinal chemistry due to their pharmacological properties. The synthetic approach 
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involved the selective oxidative functionalization of tyrosol esters via nucleophilic 1,6-

Michael addiction of selected −amino acid methyl esters, followed by consecutive 

intramolecular lactonization and aromatization processes. 

In summary, this study significantly contributed to green chemistry and circular economy 

applications by showcasing the versatility of lignin nanoparticles. They were used as a 

versatile nanoplatform for the design of sustainable materials and biocatalysts, offering 

promising entries for environmentally friendly industrial processes. This work 

underscores the potential of lignin nanoparticles to play a pivotal role in advancing 

sustainable and eco-conscious technologies. 
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1.1 Green chemistry and Circular economy 
  

The convergence of green chemistry and circular economy represents a fundamental 

paradigm in the development of sustainability and environmental protection. Green 

chemistry's steadfast commitment to developing chemical processes and products that 

minimize harm to ecosystems and human health1 providing robust pillars for the circular 

economy strategy and optimizing resource efficiency.2(Figure 1.1) 

 

 

 
 

Figure 1.1. Convergence of Circular economy and Green chemistry. 

 

The 12 fundamental principles of green chemistry3 work as a reference for the design of 

novel materials and manufacturing processes, exerting far-reaching implications not only 

for human well-being and environmental preservation, but also for the lifecycle of 

products.1,4 Recently, green chemistry has been associated to circular economy, moving 

away from the traditional linear economy model5 which is characterized by a take-

produce-dispose approach,6 with generation of significant amount of wastes.7 In addition, 

linear economy is responsible for the uncontrolled use of non-renewable resources like 

fossil fuels.1 In contrast, circular economy approach emphasizes the principles of reuse,  

recycling, and resource efficiency,8,9 by developing closed-loop production systems able 

to optimize resource utilization, thereby reducing waste and pollution.1 

Thus, the association between green chemistry and circular economy furnish a potent tool 

for the design of ecologically friendly and economically sustainable processes at the 

global scale. 
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1.2 Chemistry of renewable biopolymers 

 
The increasing focus on renewable biopolymers as a viable alternative to mitigate 

environmental pollution of materials deriving from conventional fossil fuels is 

highlighted by several industrial applications.10 Renewable biopolymers include natural 

polyphenols such as lignin, alginate, cellulose, starch, chitin, and chitosan, derived from 

both industrial and domestic wastes provide environmental benefits including 

biodegradability, biocompatibility, non-toxicity, and cost-effectiveness,11,12 and directly 

contribute to an increase in quality of life.13-15 (Table 1.2) 

 

Table 1. Summary of chemical structures and advantages of various biopolymers 
Renewable 

biopolymers 
Chemical structure Advantages 

Chitin  

 

Non-toxic, 
biodegradability, 
abundance, and 
renewability 

Chitosan   Natural cationic 
copolymer, 
excellent 
biocompatibility, 
low toxicity, 
biodegradability, 
and antibacterial 
activity 

Cellulose  

 

Biocompatibility, 
low density, 
non-toxic, low 
cost, 
biodegradable 
and renewable. 

Starch   Non-toxic, 
biodegradability, 
abundance, and 
renewability. 

Alginate  

 

Biocompatible, 
easily 
functionalizable, 
good cell 
recognition, 
biocompatible. 

Lignin  

 

Inexpensive and 
renewable, high 
carbon content, 
biocompatible 
and renewable. 
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The concept of biorefinery has emerged as an appealing strategy, wherein biomass from 

wastes can be subjected to sustainable transformation in order to yield high-value added 

bioproducts.16 For this reason, biorefineries are of pivotal relevance for circular 

economy.17 

The intricate nature of biopolymers, governed by the complex molecular structure and 

functional properties, has paved the way for diverse commercial applications. However, 

the efficacy of these materials is strictly dependent from the origin, purification process, 

and processing methods.18,19 Additionally, biopolymers serve as exceptional reservoirs of 

bioactive compounds, recognized for their well-established antioxidant and antimicrobial 

effects.20 Among them, polyphenols are well recognized bioactive compounds that can 

be categorized into distinct classes of secondary metabolites, including flavonoids, 

phenolic acids, lignans, tannins, and stilbenes.21  

Nowadays, great interest has been devoted on development of economically 

advantageous value-added polymers derived from lignocellulosic biomass wastes. 

Lignocellulosic biomass is primarily composed of cellulose microfibrils (45-60%), 

hemicellulose (35-25%) and lignin (15-2%).22 

This latter demonstrated to be an environmentally and renewable benign building block 

for manufacturing innovative biomaterials.22  

 

 

1.2.1 Lignin properties and applications 

 
Lignin, the second most abundant natural polymer after cellulose, is a component of cell 

walls of vascular plants,23 forming lignin-carbohydrate complexes (LCC) with cellulose 

and hemicellulose, a complex system that is of crucial importance for water and solute 

transport in the plant.24,25 (Figure 1.2) Beyond its structural function, lignin plays key 

roles in supporting plant growth, acting as a defence barrier against microbial invasions, 

and mitigating environmental stress.25  

 

 
Figure 1.2 (A). Cross-section of a wood trunk. (B). A multi-layer structure wraps around the plant cell cytoplasm (the lumen), starting 
with the plasma membrane, developing with three layers (S1-S2-S3) of lignin-rich secondary cell walls and ending with the more 

external primary walls that are surrounded by the pectin-rich middle lamella, which also provides connection to adjacent cells. (C) 
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cellulose microfibrils (MF, gray rods) embedded in a matrix of hemicelluloses (in orange), pectin (in green, only present in the primary 

walls) and lignin microparticles (lignin–carbohydrate complexes, LCC). 

 

 

Lignin is deprived of any ordered structure, being composed by different types of phenyl-

propanoic units.26 

The biosynthesis of lignin begins with the oxidative radical polymerization of three major 

monolignols: p-coumaryl alcohol (4-hydroxycinnamyl alcohol), coniferyl alcohol (3-

methoxy-4-hydroxycinnamyl alcohol), and sinapyl alcohol (3,5-dimethoxy-4 alcohol), 

that are commonly referred as p-hydroxyphenyl (H), guaiacyl (G) and syringyl (S) 

units.27,28 Monolignols have a common molecular motif and differ from each other for the 

substitution pattern on the aromatic moiety.26 They are produced in the cell by the 

shikimate pathway, involving the deamination of phenylalanine and tyrosine by the action 

of phenylalanine ammonia lyase (PAL),29,30 followed by cascade hydroxylation and O-

methylation reactions, and reduction of the carboxylic acid group to alcohol.31 During 

lignification, monolignols are transported from the cytoplasm to the apoplast32 where 

laccases and peroxidases catalyse oxidative coupling processes, generating phenoxy 

radical intermediates.33 By resonance, the radical are delocalized in different position of 

the molecule and coupling reactions at any of these positions lead to β-O-4, β-5, 5-5, β-1 

and β-β sub-units.34 The biosynthetic mechanism results in an heterogeneous polymer 

lacking regular and ordered repeating units, making it particularly recalcitrant and 

difficult to depolymerize. The composition and structure of lignin vary significantly on 

the basis of the natural source of lignocellulosic biomass. For example, hardwood 

predominantly comprises S and G units, softwood predominantly comprises G units, and 

grass contains small amounts of H.35 (Figure 1.3)  
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Figure 1.3. In the upper part, the lignin biosynthetic pathway. In the bottom part, the major structural unit in the polymer 

and the structure of lignin.  
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The properties of lignin, including colour, molecular weight, functional group content, 

and glass transition temperature (Tg) are influenced by extraction source and process,36 

they encompass the production of Kraft lignin (containing sulfur), sulfonated lignin, soda 

lignin (sulfur-free, commonly extracted from grass), and organosolv lignin.37 (Figure 1.4) 

 

 
Figure 1.4 Main properties of common technical lignin.  

 

In addition, lignin can be modified by the following procedures: (1) depolymerization or 

fragmentation; (2) production of graft copolymers; and (3) chemical modification of the 

structure.38,39 these procedures involve the enhancement of the reactivity and efficiency 

by hydroxyalkylation, amination, nitration, sulfo-methylation, alkylation, esterification, 

ring-opening polymerization,40 pyrolysis and hydrolysis.41 Beyond its intrinsic properties, 

lignin emerges as a promising feedstock for high-value materials in various industries.42 

After these functionalization procedures lignin improve its versatility and 

sustainability,26,43,44 associated with the improvement of specific chemical and physical 

properties, such as antioxidant properties45 and electron transfer properties46,47 useful in 

the design of UV screen and biosensors.50,51 In addition to its roles in energy and 

materials, lignin emerges as a renewable alternative in the context of bioplastics50 as well 

as for waste treatment.51 This comprehensive exploration underscores the diverse 

applications and transformational potential of high-value lignin-derived materials across 

wide range of applications. 
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BIO-NANOTECHNOLOGY 

APPLICATIONS OF LIGNIN 
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2.1  Innovative bio-nanotechnology  

 
Bio-nanotechnology is based upon the exploitation of nano-sized materials (e.g., 

nanoparticles, nanotubes, nanomembranes, nanowires, nanofibers and so on) ranging 

from 1 to 1000 nm.52-54  

The preparation of nanomaterials is driven by the pursuit of distinctive properties that 

emerge at nanoscale level.55 This phenomenon can be attributed to the 'quantum effect,' 

which often make the characteristics of nanomaterials different from their macroscale 

counterpart. 56,57  

In general, organic and inorganic nanoparticles consist of three main levels:58 (Figure 

2.1) 

a- Superficial layer, that can be functionalized with small molecules, ions and polymers. 

b- Shell layer aimed stabilize the superficial layer. 

c- The core, that can be functionalized with hydrophobic drugs (entrapment and drug 

delivery). 

 

 
 

Figure 2.1 a) The layers of nanoparticles. b) Types of nanoparticles. 

 

There are different type of nanodevices, they include nanoparticles (NPs) or nanowires, 

quantum dots (QDs), and nanotubes. These devices are characterized by electronic, 

optical, catalytic, semiconductor and magnetic properties, which make them applicable 

in various technological fields.56,59 For instance, silver nanoparticles (AgNPs) have been 

applied in biomedical and industrial applications,56 while gold nanoparticles (AuNPs) and 

titanium dioxide nanoparticles (TiO2NPs) are employed in diagnostic tools and in the 

wastewater treatment. 60-62 In the medical fields, nanomaterials offer an efficient entry for 

drug delivery, offering an advantageous alternative to the side effects associated with 

conventional therapies (chemotherapy, radiotherapy, surgery).63 

Despite their potential benefits, the preparation of nanoparticle is still expensive and, in 

principle, subject to produce by-products.52 In this context, green and sustainable 

approaches represent a valuable alternative for design new biocompatible, biodegradable 

and cost-effective nanomaterials with increased biological properties, comprising 

electrochemical responsiveness, antioxidant and antimicrobial effects.64-68  
 

 

2.2  Lignin nanoparticles 
 

Lignin nanoparticles (LNPs) are environmentally friendly and cost-effective alternative 

to traditional organic materials and are characterized by improved chemical and physical 

properties compared to their native counterpart.10,69,70 

In contrast to amorphous lignin, LNPs allow a specific organization of lignin side-chains, 

affording particle with tuneable shapes and dimensions.38 Typically, LNPs show 
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dimensions ranging from 1 to 1000 nm38 and exhibit a −potential value less than -40mV 

attributed to the abundance of hydroxylic, carboxylic phenolic and aliphatic groups on 

the surface, imparting a negative superficial charge. The morphology of LNPs includes 

spheres,69 clusters, nearly spherical structure,71 aggregates,69 hollow spheres, and cuboids 

or irregular shapes (Figure 2.2). The specific morphology is of paramount importance for 

the performance of LNPs.72 For instance, irregularly shaped LNPs may compromise 

interactions with other materials,73 while LNPs with defined spherical morphology may 

play a crucial role in stabilizing Pickering emulsions and find applications in biology, 

particularly as carriers for hydrophobic substances targeting specific cells.74,72 

 

 
 

Figure 2.2. Representation of the different shapes of LNPs. 

 

Various strategies, including physical and chemical methods (ultrasonication, dialysis, 

interfacial crosslinking and nanoprecipitation with antisolvent) are useful for the 

synthesis of LNPs with tuneable properties, such as porosity and hydrophobicity (Figure 

2.3)38,74 Among them, nanoprecipitation with antisolvent has proven to be the most 

effective approach for the production of large amount of LNPs with regular spherical 

shape.75 In this latter case, lignin is solubilized in an appropriate organic solvent (DMSO, 

THF, or ethanol) and then poured into water to yield aggregation, instantaneously. The 

resulting LNPs exhibit uniform dimensions, smooth surfaces, and regular spherical shape. 

These properties are crucial for achieving high colloidal stability.76,73 
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Figure 2.3. LNPs preparation methods. 

 

The nanoprecipitation protocol is driven by non-covalent forces, including hydrogen 

bonds, hydrophobic interactions and π-π stacking interactions, which are influenced by 

the nature of the organic solvent and lignin source.77 The π-π stacking interactions, that 

control the disposition of aromatic groups,71 impact the charge transfer processes and the 

spectral properties,78 leading to H-type and J-type aggregations based on the inclination 

angle between the molecular axis connecting the chromophore and its dipole moment.79 

In particular, when the value of the angle is lower than 54,7°C, the aromatic groups 

produce J-type aggregates characterized by bathochromic shift (‘redshift’ of UV spectra 

and fluorescent). The ‘redshift’ favours the occurrence of electron and charge transfer 

processes80,81 providing new redox properties. When the angle is higher than 54,7°C, the 

aromatic groups make H-type aggregates that have a hypsochromic shift towards the M 

band.82 

Overall, the characterization of LNPs involves the determination of the average particle 

size (z-average), polydispersity index (PDI), -potential representing the superficial 

charge, static light scattering (SLS), dynamic light scattering (DLS), and morphological 

characterization, mainly acquired by scanning electron microscopy (SEM), transmission 

electron microscopy (TEM) and atomic force microscopy (ATM).76 

Researchers have observed that the conversion of lignin into nanoparticles enhances 

homogeneity, dispersibility, surface area, antioxidant activity and permeability.83 

 

 

 

2.2.1   Lignin nanoparticles valorisation and applications 

 
Lignin nanoparticles are versatile platforms for the development of functional nano-

biomaterials, offering a structural and morphological control of lignin at nanoscale 

level.84 The distinctive chemical composition of LNPs controls a range of functionalities, 
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encompassing ultraviolet (UV) protection,85 antioxidant properties, antimicrobial 

activity,86 biocompatibility,87 and pollution-absorbing capabilities.88,89 (Figure 2.4)  

 

 
Figure 2.4 Different applications of LNPs. 

 

Consequently, LNPs hold significant promise for applications in cosmetics,90 drug 

delivery,91 and pollution treatment.92 Owing to their hydrophobic core (involving the 

hydrophobic functional groups), and their hydrophilic shell (derived from the hydrophilic 

functional groups), LNPs emerge as a promising biocompatible tool for drug delivery in 

environments characterized by high polarity, such as water.93,38 In the field of 

biomedicine, LNPs can diffuse through biological membranes.94 Numerous 

investigations have been undertaken to assess the biocompatibility of lignin nanoparticles 

across various cell lines, including murine macrophages,95 human breast adenocarcinoma 

(MCF-7), and human alveolar epithelial adenocarcinoma (A549). Notably, irrespective 

to the nature of cell-line, LNPs showed high biocompatibility.96  

In addition, the in vivo genotoxic effects of lignin nanoparticles have been analysed 

through viability and phenotypic analyses conducted on Drosophila melanogaster larvae 

and adults. The outcomes of these tests revealed absence of genotoxicity, thereby 

reinforcing the favourable biocompatible profile of LNPs in the context of in vivo 

systems.96 

 

 

2.2.2 Lignin nanoparticles functionalization 
 

The functionalization of LNPs could improve technological applications. Whitin this 

context, the adsorption of water-soluble polymers,97 proteins98 and other biopolymers on 

the surface of LNPs provides useful hybrid nanomaterials.98,99 The interactions between 

the lignin surface and proteins are influenced by the linear form of peptides and the 3D-

folding of proteins.100 Notably, the interactions between lignin and linear peptides is 

influenced by the nature of the amino acids in the peptide sequence.101 Peptides 

containing histidine, phenylalanine, proline and serine residues showed the highest 

affinity with LNPs surface. More complex 3D-folding structures of proteins can impact 
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on the adsorption of proteins on lignin nanoparticles.98 In this case, the principal 

interactions identified between lignin and proteins include coulombic forces and 

hydrogen bonds.102 Additionally, hydrophobic forces play a crucial role in enhancing 

protein adsorption on the lignin surface through π-π interaction between the aromatic 

portion of lignin and the hydrophobic and aromatic side-chains of proteins.  (Figure 2.5) 

 

 
Figure 2.5 a) Main chemical interactions between lignin nanoparticles and proteins; b) General methods for loading 

and releasing active substances from various lignin-based particulate and capsule carriers. 

 

Among the different technologies applied for the functionalization of LNPs (Figure 2.5), 

the layer by layer (LbL) technology, involving the sequential deposition of 

polyelectrolytes with opposite electric charge, received a great interest in the last years.103 

This technique, considered an auto-assembly technology, facilitates the development of 

hybrid nanomaterials.104,105 In the LbL technique, the negative charge of lignin 

nanoparticles is overcompensated by the deposition of a cationic polyelectrolyte layer. 

The stratification of various layers, both positive and negative, enhances the stability of 

the overall LbL system.106,107  

In the case of lignin nanoparticles which are dispersed in water, the introduction of 

cationic polyelectrolyte results in a reversal of the negative surface charge, shifting the 

zeta potential value from negative to positive.74 In addition, lignin nanoparticles coated 

with a cationic polymer enhances colloidal system stability, imparting greater thermal 

stability again pH’s modifications.38 Recently, the LbL technology has been extended to 

the use of natural cationic polyelectrolytes such as chitosan and cationic lignin 
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(CATLIG).108-110 Notably, chitosan is derived from the deacetylation of chitin from fish 

industry wastes,111 while CATLIG is produced from kraft lignin that is a waste from the 

industrial production of pulp.110 

By selecting an appropriate functionalization method, the properties of lignin 

nanoparticles can be optimized to facilitate the efficient production of nanocomposites 

with specific attributes, rendering them suitable for diverse applications.109 

 

 

 

2.2.3 Lignin nanoparticles as functional supports for enzyme 

immobilization 

 
Enzymes, natural protein-based biocatalysts, exhibit remarkable catalytic capabilities 

under mild biological conditions, demonstrating high specificity, selectivity, and low 

toxicity while significantly accelerating reaction rates.112,113 However, their practical 

applications are hindered by the low stability under adverse experimental conditions.114 

Enzymatic immobilization offers a solution to solve this problem by enhancing catalytic 

performance and stability under challenging conditions (such as varying pH, temperature, 

and solvents), and facilitating recyclability without compromising activity.115-117 

Nanomaterials are in principle excellent functional platforms for enzyme immobilization, 

providing a large surface area for effective enzyme loading.118 Five main methods are 

employed for enzyme immobilization: adsorption, covalent immobilization, entrapment, 

encapsulation, and cross-linking. Adsorption (I) is the most simple method based on the 

adsorption of the enzymes on the surface of the matrix through hydrophobic interactions, 

hydrogen bonds, Van der Waals forces,119 and electrostatic bonding.120 Covalent 

immobilization (II) is based on the formation of stable covalent bonds between the 

enzyme and support, in order to prevent leaching process.121 Entrapment (III) involves 

the immobilization of the enzymes within a polymeric network, allowing substrate and 

product diffusion.120 Encapsulation (IV) is based on the entrapment of the enzymes in 

semi-permeable membranes, enabling movement within limited space.122 Cross-linking 

(V) creates covalent bonds between enzyme molecules an the support.122,123 The 

appropriate choice of both immobilization technique and support properties (roughness, 

hydrophobicity, porosity) is crucial for design efficient biotransformations,122 since they 

can influence the enzyme conformation and activity.124,125  

In this context, lignin nanoparticles emerge as an electroactive, sustainable, and efficient 

platform for enzyme immobilization.126 For example, the low solubility of lignin 

nanoparticles in water facilitates the immobilization of water-soluble enzymes, 

overcoming recovery and separation challenges. In addition, lignin nanoparticles show 

advantages such as low cost, biocompatibility, and biodegradability.127,128 Numerous 

studies showed the beneficial effect of lignin nanoparticles in the immobilization of 

several enzymes and applications, such as lipases for the synthesis of ester 

derivatives,126,129 phospholipase D (PLD) useful to obtain phospholipids of commercial 

interest133 tyrosinase for the synthesis of catechol and bioinks and130,131 laccase for the 

selective oxidation of alcohols.132 In these latter cases, tyrosinase and laccase were 

efficiently immobilized on lignin nanoparticles following the LbL protocol. In addition, 

amperometric analysis highlighted the occurrence of specific boosting effect in the case 

of immobilized laccase by both long-range electron transfer (pseudo-DET) and mediated 

electron transfer (MET) mechanisms. Similarly, lignin nanoparticles boosted the activity 

of tyrosinase by the occurrence of long-range electron transfer mechanisms.127 This 
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underscores lignin nanoparticles as versatile and eco-friendly immobilization support for 

the immobilization of enzymes opening new strategies on the nano-biocatalysis field. 

 

 

2.2.4 Multienzyme cascade immobilization 
 

The multienzyme cascade reactions are prevalent in nature. In these systems, enzymes 

are organized in a cascade framework, leading to highly efficient catalysis.134-137 

Enzymatic cascades perform multi-step reactions by the fast transport of the reaction 

intermediates between different enzymes, reducing their diffusion in solution.138  

Inspired by natural cascade processes, different strategies have been developed to co-

immobilize enzymes at the nanoscale level139 assuring the retention of the enzyme 

stability and original kinetic parameters.140-142 The immobilization of multi-enzymes 

takes care to optimize the spatial organization of overall system to create ‘architectures’ 

that improve the activity, selectivity, stability, and reusability of the cascade. 143,144 

Since support materials can strongly influence enzyme properties, the ideal approach 

requires appropriate materials compatible with the enzymes to be immobilized in order 

to ensure overall activity of the system.134,136 As a general approach, the co-

immobilization method encompass the following five chemical approaches: (a) random 

co-immobilization, (b) sequential immobilization, (c) positional immobilization, (d) site-

specific co-immobilization, and (e) cross-linking without a scaffold.145-147 (Figure 2.6)  

 

 

 
Figure 2.6. Five chemical approaches to construct multienzymatic complex. 

 

Random co-immobilization methods require no-specific conjugation of the enzymes to 

the supports that negatively affect the overall catalytic activity. On the other hand, an 

ideal co-immobilization involves controlled and oriented enzyme co-immobilization.147  

In fact, a correct orientation favours the occurrence of substrate channelling and 

tunnelling effects when enzymes are within distances of ∼1 nm to ∼10 nm.150 This 

optimal distance limits the diffusion of the intermediates into the bulk medium and 

prevents rapid intermediate consumption in highly concentrated active site clusters.148 
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The use of natural lectins, such as Concanavalin A (Con A), has been reported for eco-

friendly co-immobilization of enzymes. Con A is a carbohydrate-binding protein capable 

to bind specifically glycoproteins, providing optimal spacing for oriented 

immobilization149 by formation of complexes with metal atoms (Mn+ and Ca+).150 

Multienzyme complexes find applications in various fields, including biology, chemistry, 

bioengineering, and materials science.141 Bio-nanocatalytic cascade systems could open 

novel routes to develop artificial metabolic pathways, offering sustainable approaches for 

chemical and biological synthesis.139 In the context of green chemistry, one-pot 

multienzyme cascade reactions represent a promising alternative to avoid traditional 

unsustainable multi-step synthesis.151 
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3.1 Nanoparticles of Lignins and Saccharides from Fishery Wastes 

as Sustainable UV-Shielding, Antioxidant, and Antimicrobial 

Biofillers 

 
3.1.1 Aim of work 

 
Lignin is the most abundant polyphenol in nature.27 It is characterized by its amorphous 

structure and variable elemental composition depending on origin and isolation 

technologies.152 Lignin is recovered in a large amount as a waste from pulp and paper and 

biorefinery processes,153 serving as renewable compounds in Green Chemistry and 

Circular Economy.154 Biofillers from lignin have been reported155−158 and their role in the 

control of thermal stability, printability, and flexural capability of advanced materials 

deeply investigated.159−165 Organosolv lignin biofillers are ingredients in 3Dprinting 

technologies,166 as well as in rubber,167 ink,168 and adhesive applications.169,170 The self-

assembly of lignin into ordered nanoparticles (LNPs) improves chemical, physical, and 

rheological properties due to the emergence of interactions between the aromatic subunits 

of the polymer.171 Chitosan (CH) and chitooligosaccharides (COSs) are biodegradable 

and biocompatible natural compounds characterized by antimicrobial and anti-

inflammatory activities.172−183 Blends of LNPs and CH are reported in the 

decontamination of water184 and in the synthesis of hydrogel185,186 and food packaging 

materials.187 The preparation of nanoparticles of chitosan and lignin has been reported 

under different experimental conditions, including microfluidic electrostatic assembly,188 

layer-by-layer,109 nanoprecipitation,189 Pickering emulsion polymerization,190,191 solvent 

casting,187 hydrothermal methods,192 and sonochemistry,186 focusing on the application 

as a pH responsive delivery device, composite sorbent, packaging ingredient, and UV 

absorber. These synthetic procedures always involved the use of high-molecular-weight 

chitosans (from 100 to 400 KDa) characterized by high deacetylation degree (>80%), the 

only exception being reported in the case of methacrylated lignin, in which chitosan 

oligomers were also applied.193 A comparative study on the effect of the molecular weight 

and of the deacetylation degree of chitosan and chitosan oligomers in the chemo-physical, 

biological, and rheological properties of lignin/chitosan nanoparticles is not available. 

Here, we report the preparation and structural characterization of lignin and saccharide 

nanoparticles by applying nanoprecipitation technology. Kraft lignin (KL) and 

organosolv lignin (OL) were used in association with CH and COSs with different values 

of molecular weight and deacetylation degree recovered from fishery wastes. The 

stability, aggregation state, and biological properties of novel nanoparticles were 

influenced by the structure of the saccharide and the optimal conditions consisting of the 

use of low-molecular-weight and highly deacetylated molecules. As a general trend, 

nanoparticles containing COSs showed higher antioxidant, UV-shielding, and 

antimicrobial activities than the high-molecular-weight CH counterpart and were 

characterized by the presence of a hypsochromic effect due to the formation of aggregates 

of H-type, highlighting the emergence of specific interactions and synergistic effects 

between the polyphenol and saccharide components. 
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3.1.2 Experimental part  
 

Materials  

Organosolv lignin (OL) and Kraft lignin (KL) were obtained from Chemical Point and 

Stora Enso, respectively. Chitosan from fishery wastes (CH1−4) was prepared by 

ANFACOCECOPESCA, and commercial chitosan (CH5−7) was purchased from Acros 

Organics and Sigma-Aldrich. Chitooligosaccarides (COS1−10) were produced with 

endochitinase Chit33 from Trichoderma harzianum expressed in Pichia pastoris; the 

detailed protocol for the production of Chit33 is given in the Supporting Information, S1. 

3,5-Dinitrosalicylic acid (DNSA) and 2,2′-diphenylpicrylhydrazyl (DPPH) were supplied 

by TCI chemicals and used without further purification. 

 

Preparation of CH1−4 from Fishery Wastes 

The chitosan samples CH1−4 were obtained from crustacean’s exoskeletons of big size 

that were initially disinfected following autoclaving for 3 min at 121 °C. The shells were 

mashed and dried in a forced air-drying oven for 48 h at 60 °C. Once dried, they were 

crushed in a STEPHAN for 4 min, and fractions were selected using a 2 mm mesh size 

sieve. Deproteinization was performed with a NaOH solution (4% in deionized water, 1:5 

w/v ratio). The mixture was incubated in an orbital shaker (200 rpm) for 3 h at 65 °C, 

followed by vacuum filtration and washing until the pH of the extract became neutral, 

and finally dried at 60 °C. The dried material was treated with 2.5 M HCl (1:10 w/v) 

under orbital agitation for 3 h at 25 °C. After this time, it was filtered under vacuum and 

washed until the pH of the extract was neutral and then dried at 60 °C. Depigmentation 

was performed by treatment with ethanol (1:10 w/v ratio). The mixture was kept under 

orbital agitation for 3 h at 30 °C. Subsequently, the material was filtered and washed until 

neutral and dried at 60 °C. Deacetylation was performed by treatment of the sample with 

NaOH (1:10 w/v ratio). The mixture was kept under orbital agitation for 24 h at 80 °C, 

followed by filtration and washing until neutrality and dried at 60 °C. Structural 

characterization of samples consisted in the evaluation of the deacetylation degree (DD) 

and the determination of the molecular weight (MW). For the analysis, the sample was 

treated with HCl (1 M) at 80 °C until the material dissolved. The DD was estimated using 

the potentiometer titration method starting from chitosan (500 mg) dissolved in HCl (50 

mL; 0.3 M) at 25 °C. The solution was titrated with NaOH (0.1 M) until a change of 2 

pH units was detected. The DD was calculated from the following formula:  

 

DD(%) = 16.1((V2 -V1)/w)*M 

 

where M is the molarity of the NaOH solution, V2−V1 is the difference in the volume of 

added NaOH required for the change of 2 pH units, w is the weight of chitosan, and 16.1 

is a value related to the equivalent weight of chitosan. The formula used for the estimation 

of the intrinsic viscosity was [η] = KMv∧α. Measurements of the intrinsic viscosity η 

were performed by the analysis of solutions with different concentrations (acetic acid and 

sodium acetate) using the AR/1000 rheometer (TA Instruments, Waters LLC). It uses a 

cone−plate system in aluminium of 60 mm in diameter and angle 2°1′2″ equipped with a 

Peltier system of temperature control, which must be fixed at 25 °C to measure the 

viscosity. The intrinsic viscosity was obtained by the representation of the reduced and 

inherent viscosity of the chitosan with the best and worst degree of deacetylation, taking 

into account the average of the ordinates at the origin. From this value, and through the 

molecular weight equation, the K and α parameters were calculated to be 0.074 and 0.76, 

respectively. 
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Preparation of CH1−7/KLNPs and CH1−7/OLNPs  

The CH1−7/KLNPs and CH1−7/OLNPs were prepared by the nanoprecipitation 

procedure194,195 using acetic acid (1.0% water solution) as an antisolvent and 

tetrahydrofuran (THF) as a primary solvent. As a general procedure, lignin (12 g) in THF 

(0.5 L) was rapidly added to CH (20 g) in acetic acid (1.5 L) under gentle mechanical 

stirring at 25 °C. CH1−7/KLNPs and CH1−7/OLNPs were isolated after evaporation of 

THF under reduced pressure, followed by washing with acetic acid (3.0% water solution), 

centrifugation (12 100 rpm for 10 min 2×), and freeze-drying for 24 h. 

 

Preparation of COS1−10 

Chitooligosaccharides (COS1−10) characterized by different values of DD and MW were 

prepared by enzymatic treatment of CH1−4 with endochitinase Chit33 from Trichoderma 

harzianum expressed in Pichia pastoris. CH1−4 (4% w/w) were dissolved in acetic acid 

0.1 M (1 L) under gentle magnetic stirring overnight. CH solutions were dialyzed against 

distilled water until pH 5 was reached. The solutions of CH1−4 were then treated with 

endochitinase Chit33. The initial chitinase activity was determined by the detection of 

reducing sugars obtained from chitinolytic materials. Reactions were performed by 

Chit33 (40 total units) in a 3.0 L flask at 45 °C and 200 rpm for 5 days. Reactions were 

stopped at 80 °C for 10 min, and a few drops of NaOH (10 M) were added until pH 9 was 

achieved to facilitate the separation of reaction products from the nondigested CH by 

centrifugation (4000g for 10 min). After the centrifugation step, the supernatant was 

clarified by filtration (0−45 μm and 0.22 μm membranes). COS (3−10, 10−30 kDa, and 

more than 30 kDa) were separated according to their size using 3000, 10 000, and 30 000 

MWCO PES membranes using a Vivaflow 50 system and dialyzed against distilled water 

to a neutral pH value. All fractions were freeze-dried. 

 

Preparation of COS1−10/OLNPs  

COS1−10/OLNPs were prepared by the nanoprecipitation process. In particular, OL (12 

g) in THF (0.5 L) was rapidly added to the appropriate COS1−10 (20 g) in deionized 

water (1.5 L) at 25°C under gentle stirring. COS1−10/OLNPs formed instantaneously and 

were isolated after evaporation of THF under reduced pressure, centrifugation (12 100 

rpm for 10 min), and freeze-drying.  

 

3,5-Dinitrosalicylic Acid Colorimetric Assay  

The amount of residual CH1−7 and COS1−10 was evaluated spectrophotometrically 

through the 3,5-dinitrosalicylic acid (DNSA) colorimetric assay using CH5 as standard 

for the calibration curve (concentration range between 100 μg/mL and 1000 μg/mL).196 

The stock solution was prepared by adding DNSA (0.5 g) and sodium potassium tartrate 

(15 g) to NaOH solution (0.3 M, 60 mL). Before the spectrophotometric analysis, the 

sample was treated with NaNO2 (0.5 M, 0.1 mL) at 80 °C for 45 min to obtain the reducing 

sugar forms. At the end of the reduction, the DNSA solution (1 mL) was added to the 

reaction mixture. The amount of the saccharide was evaluated by the calibration curve of 

CH5 by measuring the absorbance at 540 nm.  

 

Differential Scanning Calorimetry (DSC) Analysis  

The melting point values were measured by differential scanning calorimetry (DSC) in a 

DSC822e apparatus from METTLER TOLEDO (Columbus, Ohio). All of the samples 

were heated from 0 °C up to 350 °C at 10 °C/min under a N2 atmosphere (flow rate of 80 

mL/min).  
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Field Emission Scanning Electron Microscopy (FESEM)  

The field emission scanning electron microscopy (FESEM) of CH/OLNPs and 

COS/OLNPs was performed on an FESEM ZEISS GeminiSEM500 operated at 5 kV after 

20 μL (with deionized water) of sample dispersion was dropped on specimen stubs, air 

dried, and coated with gold by sputtering with an AGAR (Auto Sputter Coater). Before 

the observations, the sample received a deposition of chromium thin film (5 nm) by 

sputter coating using a QUORUM Q 150T ES plus coater. 

 

FTIR ATR Analysis  

Attenuated total reflection Fourier transform infrared (ATR-IR) spectroscopic analysis 

was performed using a PerkinElmer (Spectrum One) spectrometer (UATR unit cell), 

averaging 32 scans (resolution of 4 cm−1). 

 

Dynamic Light Scattering (DLS) and ζ Potential Analysis 

The hydrodynamic diameter and ζ-potential were measured with DLS by suspending a 

freshly prepared sample in H2O using a Zetasizer Nano ZS (Malvern Instruments, 

Malvern, U.K.) apparatus equipped with a He−Ne laser (633 nm, a fixed scattering angle 

of 173°, 25 °C). Measurements were performed in triplicate at room temperature (T = 

25°C). 

 

Antioxidant Activity  

The antioxidant activity was determined spectrophotometrically using the 2,2′-diphenyl 

picrylhydrazyl (DPPH) radical scavenging assay. The DPPH solution shows a strong 

absorption band at 517 nm (deep violet colour). Briefly, the stock solution of the sample 

was diluted to a dilution series (six different concentrations in the range of 5−500 μg/mL, 

ethanol/water (6:1)). The decrease in the absorbance measured at 517 nm was determined 

by adding an aliquot of each dilution (0.5 mL) in a freshly prepared solution of DPPH 

(0.25 mM) in 2.5 mL of methanol at 37 °C in the dark for 30 min. The kinetics of the 

process was analyzed for each concentration tested, and the rate of DPPH remaining at a 

steady state was estimated. The radical scavenging activity was expressed as the IC50 

value (defined as the concentration of the substrate in μg/mL that causes a 50% loss of 

DPPH activity). 

 

UV Shielding Assay  

The UV absorption properties were determined with a Cary UV 60 spectrophotometer 

using the same concentration of nanoparticles (0.1 mg/mL) in deionized H2O (3.0 mL), 

working in the range between 190 and 600 nm at 25 °C under gentle stirring. 

 

Antimicrobial Activities of COS1−10/OLNPs  

For evaluation of the doubling time, Escherichia coli and Staphylococcus aureus were 

cultured separately in sterilized Luria−Bertani (LB) broth medium (30 mL) and kept in a 

shaker incubator at 37 °C for 16 h. The cultures (0.01 mL) were transferred to 96-well 

plates containing COS1−10/OLNPs (0.02 mg) in deionized water (0.01 mL) and LB 

(183.3 μL) and maintained at 37 °C with only 5 s of agitation periods prior to each of the 

growth monitoring at OD600, which were every 15 min. The cultures were normalized 

to an initial growth of 0.05 OD600. Wells containing microorganisms alone and OLNPs 

were used as a control. The procedures to determine the growth rate were the same as 

explained previously.197 The minimum inhibitory concentrations (MICs, mg/mL) were 

measured by growing microorganisms in the presence of different concentrations of 

COS/OLNPs (from 0 to 6.4 mg/mL). MIC50 values were defined as the lowest 

concentration of the sample at which 50% of the bacterial growth was inhibited. 
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3.1.3 Results and discussions 

 
Preparation of Nanoparticles Containing Lignins and Saccharides.  

Commercially available KL198,199 and OL200,201 were selected as the lignin component. 

KL is a byproduct of the Kraft chemical pulping process covering c.a. 95% of the overall 

pulp wastes.202,203 OL is derived from organic solvent bleaching of the lignocellulosic 

material at high temperatures.204−207 OL and KL are structurally modified with respect 

to the native counterpart.206 KL is subjected to severe chemical modifications, including 

the cleavage of β-O-4 subunits208 and the incorporation of sulfur atoms.209,210 

Conversely, OL is a sulfur-free lignin with a high amount of β-O-4 subunits and long 

and flexible aliphatic side-chains. These latter subunits influence the performance of 

lignin biofillers by tuning the mechanical stiffness, thermochemical, and flexible 

module properties.211 Initially, nanoparticles were prepared by nanoprecipitation 

starting from lignins and selected CH from fishery wastes (CH1−4/KLNPs and 

CH1−4/OLNPs) or alternatively from a commercial source (CH5−7/KLNPs and 

CH5−7/OLNPs),194,195 using acetic acid (1.0% water solution) as an antisolvent and 

tetrahydrofuran (THF) as a primary solvent (Figure 1). The deacetylation degree (DD), 

average molecular weight (MW), and melting point (Mp) of CHs are presented in Table 

2. As a general procedure, lignin (12 g) in THF (0.5 L) was rapidly added to CH (20 g) 

in acetic acid (1.0% water solution, 1.5 L) under gentle mechanical stirring at 25 °C 

(Figure 3.1, Panel A, B). Nanoparticles formed instantaneously as a colloidal 

suspension (Figure 3.1, Panel C). CH/KLNPs and CH/OLNPs were isolated after the 

evaporation of THF under reduced pressure, followed by washing with acetic acid (3.0% 

water solution), centrifugation (12 100 rpm for 10 min 2×), and freeze-drying (Figure 

3.1, Panel D). As a general trend, CH/KLNPs were brighter than the CH/OLNP 

counterpart (Figure 3.2, Panel A versus Panel B). CH/OLNPs were obtained in yield 

(total amount in weight of nanoparticles with respect to the initial amount of lignin and 

CH) higher than CH/KLNPs (Table 2, entries 10−16 versus entries 3−9). Commercially 

available chitosan (from CH5 to CH7) and chitosan from fishery waste (from CH1 to 

CH4) showed a similar yield. Irrespective of the experimental conditions, the highest 

yield was always observed in the case of CH1 (Table 2, entries 6 and 13, respectively). 

 

 
 

Figure 3.1 Schematic representation of the nanoprecipitation for the preparation of mixed lignin 

nanoparticles bearing chitosan (CH/LNPs) and chito-oligosaccharides (COS/OLNPs). Panel A: 

dissolution of Kraft lignin in THF (the upper part) and Organosolv lignin (bottom part). Panel B: 

dissolution of CH and COS in acetic acid (upper part) and in deionized water (bottom part), respectively. 

Panel C: nanoprecipitation procedure at two different times (few seconds). Panel D: CH/KLNPs and 

CH/OLNPs obtained after freeze-dry. 
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The melting point of CH/OLNPs and CH/KLNPs was evaluated by differential scanning 

calorimetry (DSC), using native OLNPs and KLNPs as references (Table 2). The original 

DSC curves are reported in Supporting Information S2 (Figures S2.1 and Figure S2.2, 

respectively). As a general trend, the presence of the saccharide increased the melting 

point of nanoparticles with respect to reference (Table 2). In addition, nanoparticles 

prepared from OL showed a melting point higher than KLNPs at parity of the type of CH 

(Table 2, entries 3-9 versus entries 10-16). This thermochemical behaviour was 

consistent with data previously reported for KL and OL.212,213 In the case of KL samples, 

commercially available chitosan generally improved the melting point of nanoparticles 

with respect to fishery-waste counterpart (Table 2, entries 3-5 versus entries 6-9), with 

the only exception of CH4 which showed the highest value of melting point. Conversely, 

commercially available chitosan and chitosan from fishery waste showed comparable 

value of melting point when aggregated with OL (Table 2, entries 10-12 versus entries 

13-16), reflecting the different properties and elemental composition of the two lignin 

samples. CH/OLNPs showed melting point values compatible with that of common bio-

plastics, such as poly(lactic acid) (PLA:120-175 °C),214 poly(butylene succinate) (PBS: 

107 °C),215 poly(butylene succinate adipate) (PBSA: 83,7 °C)216 and poly(butylene 

adipate terephthalate) (PBAT: 120 °C), making them useful bio-filler for advanced 

blends.217 The relative amount of CH and lignin embedded into nanoparticles was 

evaluated by 3, 5-dinitrosalicylic acid (DNSA) colorimetric assay.196,218 The type of 

lignin, and the molecular weight and DD of the saccharide affected the amount of the two 

components (Table 2). CH aggregated with OL better than KL (Table 2, entries 10-16 

versus entries 3-9), and the amount of embedded saccharide increased by increasing the 

value of DD (Table 2, entries 3, 6 and entries 10, 13 versus entries 8, 9 and entries 15, 

16). Commercially available chitosan and chitosan from fishery waste showed 

comparable amount of embedded saccharide in KL samples (Table 2, entries 3-5 versus 

entries 6-9). A similar trend was observed for OL samples (Table 2, entries 10-12 versus 

entries 13-16). In both cases, CH1 was aggregated into lignin in the highest amount. FT-

IR analysis of CH/OLNPs confirmed the presence of lignin and saccharide components 

into nanoparticles (Figure 3.3). The amide I band (1640 cm-1) and amide II band (1585 

cm-1), and bands at 1066 cm−1 and 1028 cm−1, characteristic of the C-O stretching of CH, 

were clearly identified in the spectra besides to typical bands of lignin at 1614 cm-1 

Figure 3.2. Pictures of CH/KLNPs (Panel A) and CH/OLNPs (Panel B) obtained from the 

nanoprecipitation process and classified depending on the CH type. Samples 1 and 8: 

commercial medium molecular weight CH. Samples 2 and 9: commercial low molecular 

weight CH. Samples 2 and 9: commercial low molecular weight CH. Samples 3 and 10: 

commercial shrimp CH. Samples 4 and 11: CH from fishery waste with 57-80% de-

acetylation degree. Samples 5 and 12: CH from fishery waste with 57%-70% de-

acetylation degree. Samples 6 and 13: CH from fishery waste with 64% de-acetylation 

degree. Samples 7 and 14: CH from fishery waste with 30% de-acetylation degree. 
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(aromatic bending vibration),219 1462 cm-1 (C–H deformations), 1332 cm-1 (C=O 

stretching), and 1116 cm-1 (aromatic C–H in plane deformation).220 FT-IR of original CH 

and OL samples are in Supporting Information S3. 

 

 

 

Chito-oligosaccharides with different values of DD and MW were prepared by enzymatic 

treatment of CH1-4 with endo-chitinase Chit33 from Trichoderma harzianum expressed 

in Pichia pastoris.178 Briefly, CH (4% w/w) was solubilized in acetic acid 0.1M (1.0 L) 

and dialyzed against water until pH 5 was reached. After the dialysis, CH was treated 

with Chit33 (40 units) in 3.0 L flask at 45 °C for 5 days. Reactions were stopped 

increasing the temperature (80 °C for 10 min), followed by addition of NaOH (30 mL; 10 

M, pH 9), centrifugation (4000 x g for 10 min) and filtration (0-45 µm and 0.22 µm). 

COS1-10 (Table 2, entries 17-26) were isolated using PES membranes (3000, 10000 and 

30000 MWCO), dialyzed against distilled water to neutral pH and freeze dry. The 

hydrolytic activity of Chit33 and DD and yield values of COS1-10 (defined with respect 

to the total amount of recovered COS) are reported in Table 2 COS1-10 were applied for 

the preparation of nanoparticles selecting OL on the basis of previously reported melting 

point and aggregation data. OL (12 g) in THF (0.5 L) was rapidly added to the appropriate 

COS (20 g) in deionized water (1.5 L) at 25 °C under gentle stirring. Acetic acid was not 

required as anti-solvent due to the high solubility of COS in water. Nanoparticles COS1-

10/OLNPs formed instantaneously (Figure 3.1, Panel C) and were recovered by 

centrifugation (12100 rpm for 10 minutes) and freeze dry (Table 2; entries 17-26). The 

melting point of COS1-10/OLNPs increased by lowering the MW of the saccharide (see 

for example Table 2, entry 19 and entry 25 versus entry 21, and entry 26, the original 

DSC curves of COS1-10/OLNPs are in Supporting information S2; Figures S2.3) and 

was of the same order of magnitude than CH/OLNPs. In addition, low molecular weight 

COS aggregated more efficiently into nanoparticles (Table 2, entries 17, 19, 22 and 25 

versus entries 18, 21, 24 and 26). 

 

 

 

 

 

 

 

 

Figure 3.3. FT-IR spectra of CH/OLNPs. Panel A: CH/OLNPs bearing CH with high DD value. Panel 

B: CH/OLNPs bearing CH with low DD value. 
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Table 2. Yield, ratio of components, melting point and DPPH scavenging activity (IC50, 

µg/mL) of CH/KLNPs, CH/OLNPs and COS/OLNPs. 

 

Entry Lignin CH COS DD% 

Mw  

(KDa) 

Mp 

(°C)(g) 

Yield(c) Ratio(d) 

DPPH  

IC50 [g/mL]  

1 KL - - - 6-7 59.46 96% - - 

2 OL - - - 1.51 67.78 96% - 14.08 

3 KL CH5 (a) - 90 100-300  60.00 86% 1.29 - 

4 KL CH6 (a) - 75-85 50-190 59.10 83% 1.21 - 

5 KL CH7 (a) - 75 50-190 62.00 82% 1.20 - 

6 KL CH1(b) - 57-80 53-64 45.30 88% 1.32 - 

7 KL CH2(b) - 57-70 90 55.16 86% 1.30 - 

8 KL CH3(b) - 64 171 57.30 82% 1.20 - 

9 KL CH4(b) - 30 190 74.24 79% 1.15 - 

10 OL CH5 (a) - 90 100-300 66.50 88% 1.35 15.00 (43.44)(h) 

11 OL CH6 (a) - 75-85 50-190 59.70 85% 1.27 14.15 (42.53)(h) 

12 OL CH7 (a) - 75 50-190 67.09 84% 1.22 18.00 (45.32)(h) 

13 OL CH1(b) - 57-80 53-64 77.01 92% 1.40 14.08 (42.34)(h) 

14 OL CH2(b) - 57-70 90 60.00 88% 1.35 17.60 (42.46)(h) 

15 OL CH3(b) - 64 171 66.97 83% 1.19 17.20 (43.72)(h) 

16 OL CH4(b) - 30 190 66.97 81% 1.16 16.40 (41.52)(h) 

17 OL CH2 
COS1 

(33.3)(e)[29.3](f) 57-70 3-10 67.22 95% 1.54 11.87 (39.44)(i) 

18 OL CH2 
COS2 

(14.6)(e)[29.3](f) 57-70 >30 68.90 94% 1.52 12.80 (24.65)(i) 

19 OL CH1 
COS3 

(23.1)(e)[39.0](f) 57-80 3-10 74.50 96% 1.56 11.08 (41.08)(i) 

20 OL CH1 
COS4 

(31.1)(e)[39.0](f) 57-80 10-30 62.29 95% 1.51 12.05 (22.93)(i) 

21 OL CH1 
COS5 

(27.3)(e)[39.0](f) 57-80 >30 60.50 92% 1.53 12.69 (24.05)(i) 

22 OL CH3 
COS6 

(46.2)(e)[33.6](f) 64 3-10 63.99 95% 1.55 11.80 (20.54)(i) 

23 OL CH3 
COS7 

(31.1)(e)[33.6](f) 64 10-30 61.53 93% 1.52 12.64 (20.12)(i) 

24 OL CH3 
COS8 

(33.3)(e)[33.6](f) 64 >30 60.09 91% 1.49 11.80 (23.48)(i) 

25 OL CH4 
COS9 

(33.3)(e)[58.4](f) 30 3-10 72.22 94% 1.55 11.64 (32.80)(i) 

26 OL CH4 
COS10 

(14.6)(e)[58.4](f) 
30 >30 61.03 89% 1.52 13.90 (49.30)(i) 
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a CH commercial sample. b CH fishery waste sample. c The yield was calculated as amount of recovered 

nanoparticles with respect to initial amount of lignin and saccharide. d The ratio is defined as gram of 

saccharide per gram of lignin. e Total yield expressed as %w/w of COS recovered from initial CH. f 

Percentage of hydrolytic activity for each type of CH with respect to 100% of hydrolytic activity (2.8U/mL) 

against chitin as reference. g Melting point calculated by DSC analysis. h IC50 [g/mL] calculated by DPPH 

scavenging assay of CH1-7. i IC50 [g/mL] calculated by DPPH scavenging assay of COS 1-10. 

 

 

Morphological and dimensional analysis.   

Scanning electron microscopy (SEM) images of CH/OLNPs are reported in Figure 3.4 

(Panel A).  The SEM images of CH/KLNPs are reported in Supporting information S4; 

Figures S4.1. Nanoparticles showed a regular spherical shape with roughly aggregate of 

small clumps on the surface more pronounced in the case of samples bearing CH with 

high value of DD (Figure 3.4, Panel A; the second and third column, respectively). These 

clumps are fingerprint of the saccharide221-223 and were not visible on the surface of 

nanoparticles produced from lignin alone (Figure 3.4, Panel A; first column). In addition, 

the presence of high DD chitosan (CH5/OLNPs and CH1/OLNPs, respectively) afforded 

nanoparticles with a lower aggregation state than CH4/OLNPs. The presence of holes on 

the surface of nanoparticles was explained taking into account the rush out effect of the 

solvent during the drying procedure.224 COS3/OLNPs, COS9/OLNPs, COS5/OLNPs and 

COS10/OLNPs, were selected in order to cover different values of molecular weight and 

DD, and showed a morphology similar to CH/OLNPs (Figure 3.4, Panel C). 

 

 

 

Dynamic light scattering (DLS) and zeta-potential values of CH1/OLNPs, CH4/OLNPs, 

CH5/OLNPs are reported in Table 3 (entries 1-4) and the DLS and zeta-potential values 

of CH1/KLNPs, CH4/KLNPs, CH5/KLNPs are reported in Supporting information S4 

(Table SI 4.2). CH/OLNPs inverted the zeta potential value with respect to OLNPs, 

probably due to the over-balancing of the original negative charge of lignin by the positive 

charge of the saccharide (Table 3, entries 2-4 versus entry 1).109 CH5/OLNPs showed 

average diameter of the same order of magnitude than OLNPs, whilst CH1/OLNPs and 

CH4/OLNPs were larger than the reference, CH4/OLNPs having the highest value of 

poly-dispersion index (PDI). The presence of COS into nanoparticles do not revert the 

Figure 3.4. SEM images of CH/OLNPs and COS/OLNPs. Panel A: CH/OLNPs bearing CH with 

high DD (CH5/OLNPs and CH1/OLNPs) and low DD (CH4/OLNPs), respectively. Panel B: 

COS/OLNPs bearing COS with high DD (COS3/OLNPs and COS5/OLNPs) and low DD 

(COS9/OLNPs and COS10/OLNPs), respectively. 
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zeta potential, COS/OLNPs showing negative values in the range between -26 mV and -

54 mV (Table 3, entries 5-8), probably as a consequence of the absence of acetic acid as 

anti-solvent in their preparation. In addition, COS with low MW values favoured lower 

values of PDI (Table 3, entries 5-7). 

 

 

Table 3. DLS and -potential of CH/OLNPs and COS/OLNPs. 

 
Entry Sample Size(nm) PDIb -Potential (mV) 

1 OLNPs 160 0,29 -45 

2 CH1/OLNPs  566 0,46 +63 

3 CH4/OLNPs 531 0,54 +48 

4 CH5/OLNPs 149 0,18 +26 

5 COS3/OLNPs (3-10 KDa)a 368  0,17 -39 

6 COS5/OLNPs (>30 KDa)a 373 0,50 -26 

7 COS9/OLNPs (3-10 KDa)a 218 0,20 -54 

8 COS10/OLNPs (>30 KDa)a 594  0,49 -50 

aMolecular Weight of COS. bPolydispersion index. 

 

Antioxidant activity.  

The antioxidant activity of CH/OLNPs and COS/OLNPs was evaluated by 2, 2’-diphenyl 

picrylhydrazyl (DPPH) radical scavenging assay (Table 2). The antioxidant activity of 

OLNPs, CH1-7, and COS1-10 alone were used as references (Table 2). Briefly, the 

appropriate sample was diluted at six different concentrations (in the range between 5.0 

µg/mL and 500 µg/mL) and analysed by UV-visible spectrophotometry in ethanol-water 

mixture (60% v/v). The decrease in absorbance was determined at λmax 517 nm by adding 

an aliquot of each sample (0.5 mL) in freshly prepared methanol solution of DPPH (2.5 

mL, 0.25 mM) at 37 °C in the dark for 30 min. The kinetic of the process was evaluated 

for each concentration and the rate of DPPH remaining at the steady state estimated. The 

radical scavenging activity was expressed as the IC50 value (defined as the concentration 

of substrate in µg/mL that causes 50% loss of DPPH activity) as follow: 

 

[(Abs control-Abs sample)/Abs control]x 100 

 

Where ‘Abs control’ is the absorbance of the control. CH/OLNPs showed antioxidant 

activity lower, or of the same order of magnitude, than OLNPs (Table 2, entries 10-16), 

in CH/OLNPs both types of chitosan showed comparable antioxidant activity (Table 2, 

entries 10-12 versus entries 13-16), CH1/OLNPs showing the highest antioxidant activity 

(lowest value of IC50). Conversely, COS/OLNPs were antioxidant more effective than 

OLNPs and COS alone, showing IC50 value similar to commercially available hydroxy 

benzyl toluene (BHT).225 The occurrence of a synergistic effect between the lignin and 

saccharide components was evaluated by comparing the IC50 value of COS/OLNPs with 

that of the mixture of COS and OLNPs taken in the same relative amount they are 

embedded into nanoparticles. The ratio between these values is a measure of the 

occurrence of synergistic effect (ratio < 0.5) or, in alternative, simple additive effect (ratio 

>0.5)226,227 between the two components. COS1/OLNPs, COS3/OLNPs and 

COS9/OLNPs showed a synergistic effect (Table 4), highlighting the beneficial role of 

low MW COS in the overall antioxidant activity. 
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Table 4. Determination of synergistic or additive antioxidant effect of lignin and 

saccharide for COS/OLNPs. 

 
Entry COS+OLNPs IC50 [g/mL]a Ratio (%)b

 

(IC50 COSn/OLNPs: IC50COSn+OLNPs)  

Effects c 

1 COS1+OLNPs 25.00 0.47 Synergistic 

2 COS2+OLNPs 13.57 0.94 Additive 

3 COS3+OLNPs 27.00 0.41 Synergistic 

4 COS4+OLNPs 12.10 0.99 Additive 

5 COS5+OLNPs 13.04 0.97 Additive 

6 COS6+OLNPs 12.70 0.93 Additive 

7 COS7+OLNPs 12.75 0.99 Additive 

8 COS8+OLNPs 12.10 0.97 Additive 

9 COS9+OLNPs 24.20 0.48 Synergistic 

10 COS10+OLNPs 21.40 0.66 Additive  
a DPPH scavenging activity (µg/mL) of the mixture between COSn and OLNPs. b Ratio (%) between the IC50 value of 

COS/OLNPs (Table 1) and the IC50 value of the mixture of the two components. c Synergistic effect (ratio < 0.5) or, 

in alternative, simple additive effect (ratio > 0.5). 

 

 

UV absorption properties.  

The UV-absorption properties were determined by UV-visible analysis in the range 

between 210 nm and 600 nm (Figure 3.5, panel A-C and Supporting information S5, 

Figure S5). CH/OLNPs and CH/KLNPs showed UV-absorption capacity lower than 

OLNPs and KLNPs, respectively (Figure 3.5, Panel A and Supporting information S5; 

Figure S5, respectively), probably due to a detrimental effect exerted by chitosan in the 

supramolecular organization of the aromatic subunits of lignin. In a similar way, 

COS/OLNPs with high MW showed a decreased UV absorption capacity with respect to 

OLNPs (Figure 3.5, Panel B). Conversely, COS3/OLNPs, COS6/OLNPs and 

COS9/OLNPs, characterized by a low value of MW, showed UV-absorption capacity of 

the same order of magnitude (COS6/OLNPs), or higher than (COS3/OLNPs) OLNPs, 

respectively (Figure 3.5, Panel C). Note that, in the case of COS3/OLNPs, the UV-visible 

spectrum was characterized by hypsochromic shift of the λmax with respect to native 

OLNPs, probably associated to the formation of H-aggregation state.228 
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Antimicrobial Activity.  

The antimicrobial activity of COS/OLNPs was determined against common foodborne 

pathogens, Gram-positive (Staphylococcus aureus) and Gram-negative (Escherichia 

coli), by evaluation of the bacteria doubling time when they were grown in nutrient broth 

(Figure 3.6, Panel A). As a general trend, low molecular weight COS/OLNPs were more 

active than CH/OLNPs and CH/KLNPs (Supporting information S6, Figure S6). This 

result is in accordance with data previously reported about the antimicrobial activity of 

free COS when compared with that of chitosan.229 COS1/OLNPs, COS10/OLNPs and 

COS5/OLNPs showed the highest activity against E. coli, while COS1/OLNPs, 

COS7/OLNPs and COS3/OLNPs were more effective against S. aureus. On the basis of 

these data, we were not able to find a specific correlation between molecular weight/de-

acetylation degree and inhibition in the case of E. coli, while S. aureus was selectively 

inhibited by low molecular weight and high de-acetylated COS. The minimum inhibitory 

concentration (MIC50) is reported in Figure 3.6 (Panel B). Among the samples tested, 

COS1/OLNPs was more active against E. coli, while COS7/OLNPs against S. aureus. 

 

Figure 3.5. UV-absorbing capacity of CH/OLNPs and COS/OLNPs. Panel A: CH/OLNPs. Panel B: 

COS/OLNPs characterized by high MW saccharides. Panel C: COS/OLNPs characterized by low MW 

saccharides. 
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Figure 3.6. Antibacterial activity of COS1-10/OLNPs. Panel A: doubling time 

for the referred Gram-negative and Gram-positive bacteria. Panel B: minimum 

inhibitory concentration (MIC50) of COS1/OLNPs, COS2/OLNPs, 

COS4/OLNPs, COS5/OLNPs and COS7/OLNPs evaluated against E. coli and S. 

aureus. All the data included the standard error of the mean of three independent 

assays. 
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176- Silva, N. S. d.; Araújo, N. K.; Daniele Silva, A.; Oliveira, J. W.; Medeiros, J. M.; Araújo, R.; M Fernandes-Pedrosa, 
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4.1 Nano-Structured Lignin as Green Antioxidant and UV 

Shielding Ingredient for Sunscreen Applications (Review) 

 
4.1.1 Aim of work 

 
Drawbacks of Current Antioxidant and UV Shielding Ingredients in Sunscreen 

Formulations.  

The harmful consequences of prolonged exposure of human skin to sunlight have long 

been explored.230 UV radiation (190–400 nm) is the main cause of generation of radical 

reactive oxygen and nitrogen-centered species and related oxidative stress. Radicals are 

responsible for lipid peroxidation and degradation of elastin and collagen, promoting both 

loss of skin elasticity and aging.231 In addition, they react with DNA promoting apoptosis, 

genetic mutation, and cancer.232 In this latter case, the radical damage is related to 

melanoma, the most aggressive form of skin cancer, arising from melanocytes resistant 

to chemotherapy.233,234 Sunscreen formulations are designed to protect the skin from solar 

radiation and possibly from melanoma. They contain active ingredients capable of 

absorbing (organic chemical filters, OCFs) or reflecting (physical mineral filters, PMFs) 

the UV radiation. PMFs are generally used as nanoparticles since the nanoscale improves 

the reflectance activity, as well as the consumer cosmetic acceptance.235 In a typical high 

sun protection factor (SPF) sunscreen, the final concentration of PMFs and OCFs can 

reach 45% by weight.236 In addition, UV boosters are used to further increase the SPF by 

physical effect, tuning the ratio between the UV shielding efficiency and the total UV 

filter concentration.237 UV boosters are usually composed of plastic micro-sized spheres 

from petroleum origin, such as styrene/acrylate copolymers, that are well recognized as a 

waste in water pollution.238 High amounts of PMFs, OCFs, and UV boosters, are detected 

in marine environments235 as a consequence of their release from cosmetics, producing 

submicronic aggregates in freshwater, or alternatively, sediment settles in seawater.239 

Consequently, the growing consumption of sunscreens has gradually led to a significant 

increase in coastal pollution with a deleterious impact on marine organisms.240 3-

Benzylidene-camphor (3-BC) and 3-(4-methyl benzylidene)camphor (4-MBC), which 

belong in the OCFs family, induce severe and fast coral bleaching, altering the symbiosis 

between coral and zooxanthellae, and inhibiting the reproduction of both oligochaete 

Lumbriculus variegatus238 and marine phytoplankton.241 Moreover, they are concentrated 

in tissues of aquatic organisms (mussels, crustaceans, eels, fishes, marine mammals, and 

pelagic birds) due to the high lipophilicity.242 In a similar way, PMFs are harmful to 

marine ecosystems. Zinc oxide nanoparticles contributed significantly to the whitening 

of the Acropora spp.243, and titanium oxides negatively affect dinoflagellates, fish, algae, 

and marine invertebrates.244 Risks for human health are also associated to UV filters245 as 

a consequence of phototoxic and photoallergic responses and, in the long term, 

photoaging and cell damage.246 The absorbance spectrum of OCFs changes during the 

UV exposure time as a consequence of structural transformation and degradation 

processes.247 These processes can produce free radicals and interaction with other 

sunscreen ingredients and skin constituents (e.g., lipids, proteins, and nucleic acids), 

altering the absorbing property of the sunscreen and inducing oxidative damage.248 

Avobenzone (AVOB), that is a widely recognized OCF in commercial sunscreens, 

demonstrated photo instability after prolonged UV exposure to yield radical 

photoproducts (Figure 4.1A),249 and octyl methoxycinnamate (OMC), the most used UV-

B filter, is photo-unstable after exposure to sunlight, undergoing photodimerization and 

loss of shielding efficiency. In this latter case, the photoproducts 4-methoxy 
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benzaldehyde (4-MBA) and 2-ethylhexanol (2-EH) are also produced (Figure 

4.1B).250,251 Moreover, benzophenone-3 (BP-3), and octocrylene (OC) are able to 

penetrate in the epidermal nucleated layers generating in situ radical species after UV 

irradiation.252 

 

 
 

 

Despite photodegradation and generation of radicals, OCFs cause other drawbacks for 

human health. For example, AVOB promotes obesogenic phenotypes in normal human 

epidermal keratinocytes (NHEKs), increasing the gene transcription of peroxisome 

proliferator-activated receptor (PPAR) and fatty acid-binding protein,253 and affecting 

diabetes254 with disruptive endocrine effects.255 The toxic effect of some of the most 

representative OCFs are summarized in Table 5. 

 

Table 5. Toxic effects of some of the most representative OCFs applied in sunscreen 

formulations. 
OCFs UV Range Photodegradation Toxic Effects 

AVOB 357 yes Suppression of human trophoblast cells and apoptosis 

mediated by mitochondrial disruption,256 induction of 

obesogenic phenotypes,257 and hormone-like activity.258 

HS 295–315 no Skin penetration,259 disrupts estrogen.260 

OMC 280–355 yes Skin penetration, hormone like-activity; 

reproductive system, thyroid, and behavioral 

alterations in animal studies246 

OB 270–350 yes Estrogenic activity, alteration of sperm production 

in the animal associated with endometriosis in 

women.261 

AVOB: avobenzone. HS: homosalate. OMC: octyl methoxycinnamate. OB: oxybenzone 

 

Figure 4.1. Schematic representation of photodegradation processes operative in the case of 

avobenzone (AVOB) (A) and octyl methoxycinnamate (OCM) (B). 
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Alternative UV Shielding and Antioxidant Ingredients in Sunscreen Formulations 

The use of PMFs and OCFs is regulated by directives from different agencies, such as the 

Food and Drug Administration (FDA) and the European Chemicals Agency, in order to 

adequate the UV protection to minimal side effects for health.262 The use of alternative 

eco-friendly and natural ingredients, deprived of toxic effects, is strongly recommended 

and foreseen in future formulations. The toxicity and pollution effects of actual 

commercial UV filters increased the interest for eco-friendly and natural alternatives.263 

Their use is considered an advantage not only for the ability to improve the SPF value in 

safer formulations, but also in improving the photostability of traditional UV filters.264 

Secondary metabolites of the cell, such as terpenoids and products of the shikimic acid 

and polyketide pathways, can play a relevant role bearing conjugated double bonds and 

aromatic pharmacophores with high UV absorbing and antioxidant properties.265 They 

have been selected during molecular evolution by plants and microorganisms in 

developing defence strategies to minimize the damage of UV radiation and chemical 

oxidative stresses.266-268 Sunscreen formulations containing mixtures of secondary 

metabolites from plants, algae, and fungi, as well as from cyanobacteria,269 showed a 

higher shielding effect with respect to commercial filters. In addition, mycosporins and 

mycosporin-like amino acids (MAAs)270 produced by marine phototrophs 

(dinoflagellates, cyanobacteria, and macro algae)271 are able to convert radiative energy 

in thermal energy without generation of radical species.272 Sunscreen formulations 

containing MAAs from Porphyra umbilicals showed a high protective effect on 

fibroblasts and keratinocytes exposed to UV-A.273 Mixtures of secondary metabolites 

from the spent fraction of coffee grounds and green coffee oil (GCO) have a synergistic 

effect with traditional OCFs and increase the SPF value of sunscreen formulations 

(+20%).274 The protective effect from UV-B exposure by grapes wine extract of Jacquez 

(namely JW-E), containing high level of proanthocyanidins, anthocyanins, and 

hydroxycinnamic acids, has been evaluated by three-dimensional tissue cell model of the 

human epidermis.275 Finally, the water resistance of OCFs is improved by natural waxes 

that stabilize the SPF value of sunscreen formulations after immersion in water.276 Waxes 

also increase the SPF value and improved the photostability of OCFs and PMFs after UV 

irradiation.264 Despite exhibiting strong sun protection effect, most crude plant extracts 

are insoluble in water, thus hindering their practical applications. 

 

 

4.1.2 Results and discussions 

 

Lignin as a Novel Eco-Friendly Sunscreen Ingredient 

The development of sunscreen formulations based on renewable and recyclable resources 

received a great interest, mainly due to circular economy and green chemistry concerns. 

In this context, lignin, the most abundant polyphenol in nature, is increasingly becoming 

one of the main protagonists since it is recovered in large amounts as a low-cost waste 

from pulp and paper industry and biorefinery.24 The low environmental impact of lignin 

extraction and purification technologies has been reported and discussed, focusing on the 

expected benefits of lignin as a high added value material.277-279 Current and potential 

application of lignin has been reviewed,280-283 focusing on power fuel and syngas 

production (Fischer–Tropsch synthetic fuels), material science and fine-chemicals, 

specialties, and commodities preparation.284,285 Lignin confers rigidity and 

microbiological and mechanical resistance to lignocellulosic materials.286 In addition, it 

shows low-medium UV-shielding,287 antioxidant activities288,289 and biocompatibility.290 

The lack of toxicity of lignin has been reported by in vivo toxicity assessment in 

embryonic zebrafish (Danio rerio).291 The efficacy of lignin as an alternative sunscreen 
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ingredient depends on its origin and composition, as well as from the structural order and 

dimensional scale.292 The main lignin functions in sunscreen cosmetics are summarized 

in Table 6. The next paragraphs will report about these specific aspects. 

 
Table 6. Cosmetic and cosmeceutical application of lignin. 

Lignin Property Petroleum Derived Compounds Substituted by Lignin Ref 

Antioxidant BHT, BHA [293] 

UV booster acrylates/c10-30 alkyl acrylate cross-polymer [294] 

Antimicrobic agent phenoxyethanol, hydroxybenzoates and triclosan [295] 

Chelating agent EDTA, THPE [296] 

Emulsifier and 

stabilizer 
acrylamides salts [297] 

BHT: butylated hydroxytoluene; BHA: butylated hydroxyanisole, EDTA: ethylenediaminetetraacetic acid; THPE: 

tetrahydroxypropyl ethylenediamine. 

 

 

Structure, Availability, and Green Application of Lignin 

Lignin is an important source of phenolic compounds.298 It is one of the main components 

in the plant cell wall beside cellulose, hemicellulose, pectin, and extractives. This polymer 

is biosynthesized by a cascade of oxidative radical couplings, involving three 

phenylpropanoid monomers (monolignols), namely para-hydroxyphenyl (H), syringyl 

(S), and guaicyl (G) alcohols (Figure 4.2A).299 These compounds differ in the degree of 

methoxylation of the aromatic ring and are present in the polymer in a different ratio 

depending on the plant species considered.286 The biosynthesis of monolignols starts in 

the cytoplasm, from which they are successively transported to the apoplast and delivered 

in different zones of the secondary area (central lamella and secondary wall of the 

xylem).300,301 The physiological significance of this distribution is apparently simple: 

differential targeting allows for the construction of lignified cell walls with distinct 

biophysical properties.302 The first step of the lignification process is the dehydrogenation 

of monolignols to corresponding phenoxy radicals plant cell-wall oxidases (lignin-

peroxidase LiP, manganeseperoxidase MnP, hybrid LiP-MnP, versatile-peroxidase VP, 

and laccase).299 Monolignols form a network of inter-unit linkages to yield relatively low 

molecular weight oligomers involved in the formation of stable supramolecular π-π 

aggregates into a complex 3D molecular architecture.303 The main types of inter-unit 

linkages are the alkyl-aryl ether -O-4, phenylcoumaran (-5), 1,2-diaryl-propane (-1), 

diaryl (5-5), diaryl ether (4-O-5), pinoresinol (-), and dibenzodioxin structural residues 

(Figure 4.2B). Lignin is classified into three basic types depending on the number and 

quality of subunits: softwood, hardwood, and grass lignin (Table 7). In addition, some 

unconventional types of structural motif, such as caffeyl lignin units (C-lignin), were also 

found.304 
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Table 7. Classification of different types of lignin depending on the amount of para-

hydroxyphenyl (H), guaiacyl (G), and syringyl (S) sub-units. 

 
Type Grass Lignin Softwood Hardwood 

H 5–35% <5% 0–8% 

G 35–80% >95% 25–50% 

S 20–55% 0% % 45–75% 

Proportion of different monolignols in lignin of different plants source. Adapted from [305–307]. 

 

Different technologies are available to separate wood components, and they can be 

classified depending on the scale of the treatment.308 At the analytical scale (from mg to 

gram), milled wood lignin (MWL) is considered the most reliable model of native lignin. 

MWL is produced from wood chips by extraction with 1,4-dioxane and successive 

precipitation in water.309 At the industrial scale (ton scale), two main types of lignin are 

prevailing: sulfur-containing lignin and sulfur-free lignin. Sulfur-containing lignin 

include lignosulfonate (LS) and kraft lignin (KL), which are produced in a strong alkaline 

and oxidative medium. The second category includes soda lignin (SL), organosolv lignin 

(OL) ionic liquid lignin (ILL), and steam-exploded lignin (SEL).310 Sulfur-free lignins 

have been applied in the production of probiotics for animals due to their capacity to 

improve the growth of beneficial bacteria,311,312 influencing the absorption of bile acids 

in the lipid metabolism.313,314 In addition, LS is used as a binder, dispersing agent, 

emulsifier, and heavy metal sequestrant in the design of advanced materials and 

wastewater treatment, as in the case of absorption of toxic chromium, copper, cadmium, 

lead, zinc, nickel, cobalt, and mercury ions.315 From the biological point of view, KL and 

SEL showed antioxidant activity in preserving human red blood cells.316 This activity was 

associated to non-etherified phenolic hydroxyl groups, ortho-methoxy groups, and 

aliphatic hydroxyl groups in the side chain. In particular, ortho substituents, such as 

methoxy groups, stabilize phenoxy radicals by resonance and hinder their propagation. 

Conjugated double bonds can also improve the antiaging activity by extensive electronic 

delocalization. In some cases, the antioxidant activity was associated to antiviral,317 

antimicrobial, and anticancer properties.318 

 

 

 

 

Figure 4.2. Chemical structure of the main components in lignin. (A) Monolignols; (B) 

representation of the main type of inter-units in lignin. 
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The Technology for the Self-Assembling of Lignin Nanoparticles 

The low solubility of lignin represents a limit for its application in the cosmetic and 

cosmeceutical formulations.319 This bias can be solved by the self-assembly of the native 

polymer into highly ordered lignin nanoparticles (LNPs).78 LNPs are characterized by 

improved chemical and physical properties compared to the native state.85 Their size 

tunability and spherical shape allowed to broaden the fields of application, encompassing 

drug delivery systems,93 flame retardant320 and reinforcing materials,321 and waste 

treatment.322 Remarkably, LNPs show improved UV shielding85 and antioxidant 

properties323 (see next paragraph). Table 8 reports the major technologies available for 

the production of LNPs, the relative experimental conditions, and some of their specific 

applications. Briefly, the following technologies have been reported for the preparation 

of LNPs: (i) solvent exchange precipitation method where the starting solvent was slowly 

replaced by an anti-solvent by dialysis; (ii) treatment of lignin solution by adding strong 

acid; (iii) aerosol flow reactor equipped with collision-type jet atomizer; (iv) 

microchannel reactor in which the lignin solution is continuously mixed with the 

antisolvent; (v) CO2 compressed fluid as antisolvent; (vi) flash-precipitation by fast 

adding of anti-solvent in lignin solution; and (vii) mini-emulsion between oil-phase and 

aqueous lignin solution under ultrasound treatment followed by polymerization with 

cross-linker agent. The formation of LNPs is influenced by different experimental 

parameters, including the physical properties of the medium (solvent, pH, temperature, 

stirring speed), and the chemical structure of the starting substrate (composition, 

molecular weight, polarity, and impurities). Among them, the pH value controls the 

ionization of the phenolic moieties, which in turn affect inter- and intra-molecular 

electrostatic interactions in the polymer. Recent studies based on light scattering analysis 

and pulse field gradient NMR, showed that the KL self-association process occurs below 

pH 9.0–11.5, the process being more efficient in water than in organic solvents.324 In 

addition, a low value of temperature favours the aggregation,325 and a combined effect of 

temperature and pH can finely control the particle dimension.326 As a general trend, 

softwood lignins show a higher degree of aggregation with respect to the hardwood 

counterpart, suggesting the greater presence of efficient intermolecular HOMO-LUMO 

interactions.327 The structuration process of LNPs is driven mainly by noncovalent 

interactions, including H-bonding, van der Waals forces, and π-π stacking aggregation 

between the aromatic rings of different molecules.328 Although no studies have been 

carried out on the specific role played by H-bonding in the self-assembly of lignin, this is 

commonly cited as a relevant contributing interaction due to its directional nature.329,330 

In accordance with this hypothesis, the formation of H-bonding network affects the 

mechanical properties of KL gels.331 The specific role of the Van der Waals forces in 

tuning the macro-syneresis of KL gel has been also reported.332 

 
Table 8 Major technologies available for the production of LNPs. 

 
Lignin Tech. Size 

(nm) 

pH Shap

e 

Advantag

es 

Application(s) Limits Ref 

SL SEP 50-250 7 S no 

aggregatio

n 

drug delivery 

and stabilizer 

toxic 

chemica

ls 

[333,

334] 

SL AP 50–250 >7 I - drug delivery, 

bioplastic 

- [337,

335] 

AL AFR 30–100 <12 S high yield bioplastic aggregat

e 

[83,3

36,33

8] 

AL AP 30–100 <12 S high 

stability 

sunscreen high 

ionic 

strength 

[87] 

AL MR 30–100 <12 S dispersibili

ty 

antioxidant, 

antimicrobial 

toxic 

chemica

ls 

[339,

340] 
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AL SEP 30–100 <12 S - antioxidant, 

antimicrobial 

toxic 

chemica

ls 

[87,5

0] 

KL AFR 38–250 4–12 I stability adhesives - [336,

341] 

KL PCA 38–250 4–12 S high 

solubility 

commodities high 

ionic 

strength 

[344,

104] 

KL FP 38–250 4–12 S UV-

shielding 

materials - [336,

342] 

KL MP 38–250 4–12 S - commodities - [336,

342] 

OL AFR 30–250 3.5–8 S high yield adhesives aggregat

e 

[336,

339,3

41] 

OL FP 30–250 3.5–8 S stability commodities high 

ionic 

strength 

[342] 

OL SEP 30–250 3.5–8 S stability materials toxic 

chemica

ls 

[338] 

S: spherical shape. I: irregular shape. SEP: solvent exchange precipitation. AP: acid precipitation. AFR: aerosol flow 

reactor. MR: microchannel reactor. PCA: compressed fluid antisolvent technique. FP: flash-precipitation. MP: mini-

emulsion polymerization. 

 

 

Antioxidant Activity 

Radical species take part in various degenerative processes, including aging and 

inflammatory response triggered by UV exposure.343 For this reason, antioxidants are 

common ingredients in sunscreen formulations.344 Lignin shows antioxidant activity due 

to the presence of the phenolic pharmacophore able to scavenge reactive radical species 

with formation of highly stabilized mesomeric forms. Figure 4.3 describes the main 

phenolic subunits responsible for the radical scavenger activity. Phenolic hydroxyl 

groups, ortho-methoxy groups, and aliphatic hydroxyl groups play a crucial role in this 

activity. In particular, ortho substituents, such as the methoxy groups, stabilize phenoxy 

radicals by both resonance and steric hindrance effects. 

 

 

 

The demethylation process of these groups, as well as the presence of conjugated double 

bonds, further increase the antioxidant activity by increasing the total amount of OH and 

favouring extensive electronic delocalization. Table 9 reports the antioxidant activity of 

Figure 4.3. Classification and structural representation of lignin sub-units with 

antioxidant activity and chromophoric groups. 
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a panel of low molecular weight compounds commonly considered as simplified models 

of lignin, as evaluated by the DPPH assay.327 As a general trend, the antiradical power 

(ARP; defined as the reverse of the dose inhibiting the 50% of the DPPH radical) and the 

number of reduced DPPH units (NRD; which represents the moles of DPPH reduced per 

mole of compound) show that syringyl-like derivatives have higher antioxidant activity 

than guaiacyl and para-hydroxy phenyl counterparts (Table 9, entry I versus entry II). In 

addition, lower values of ARP and NRD were observed when a carbonyl moiety was 

present in the phenylpropanoid side-chain (Table 9, entry III, IV), while the presence of 

a conjugated double bond system increased the antioxidant activity (Table 9, entry VII, 

VIII, IX, and X).345 In addition to the capacity of sequestering radical species, lignin is 

promising to inhibit lipid peroxidation and, from a general point of view, the oxidative 

degradation of other cosmetic ingredients. For example, the ability of KL to inhibit the 

undesired radical production by PMFs (e.g., TiO2) in sunscreen formulations has been 

demonstrated.346 Interestingly, the antioxidant activity of LNPs was different order of 

magnitude higher than that of native lignin.85,347 This behaviour can be explained by the 

higher density of phenolic and carboxylic groups on the surface of LNPs with respect to 

the native polymer,348 as well as by the occurrence of favourable electron transfer 

processes between the ordered π-π stacked aromatic moieties.340 In order to further 

increase the antioxidant activity, LNPs with mixed adsorbed polyphenols were prepared, 

highlighting the synergistic effects among the components.225 The application of LNPs 

as UV filter or, alternatively, UV booster in broad-spectrum sunscreen formulations has 

been explored,349,90,350 confirming the beneficial role of lignin when used in the nanoscale 

form. 

 
Table 9. Antioxidant activity comparison of main lignin subunit. 

 
# Name Struc

ture 

AR

P a 

NRD 
b 

# Name Struc

ture 

ARP NRD 

I Guaiacol 

 

2.6 1.3 VI Guaiacyl 

propanol-1 

 

3.0 1.5 

II Syringol 

 

3.6 1.8 VII Coniferyl 

alcohol 

 

4.2 2.1 

III Guacyl 

propanone-1 

 

0.2 <0.1 VIII Coniferyl 

aldehyde 

 

1.9 0.97 

IV propiosyring

one 

 

0.5 0.2 IX Isoeugenol 

 

2.2 1 

V Propyl 

guaiacol 

 

3.5 1.75 X Eugenol 

 

4 2 

a ARP: antiradical power, reverse of the dose inhibiting the 50% of the DPPH radical. b NRD: number of reduced DPPH 

units, moles of DPPH reduced per mole of compound. 

 

 

UV Shielding Activity 

The Sun emits electromagnetic radiation in three ultraviolet (UV) wavelength areas. Rays 

with the shortest wavelength (UV-C, 100–290 nm) are captured by atmosphere, UV-A 

radiation at medium wavelength (UVA, 290–320 nm) and longer wavelength (UV-B, 
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320–400 nm) reach the surface of Earth. Excessive exposure to UV-B causes sunburn, 

while UV-A penetrates deeper into the skin. Both UV-A and UV-B are causing agents 

for DNA damage and cancer.351 Lignin shows a broad absorption range in the UV region 

due to the presence of different chromophores and auxochromic groups (Figure 4.3), the 

maximum of absorbance being located at 283 nm.352,353 Auxochromic groups (from 

ancient Greek αὐξάνω auxanō “increase” and χρῶμα chrōma “color”) are groups of atoms 

bearing non-bonding electrons (OH, OCH3, NH2, CO, SH, and SCH3) able to increase the 

chromophore effect. The contribution of auxochromic groups in lignin to generate a 

bathochromic effect (redshift phenomena) is reported354 (Figure 4.4). LNPs are 

characterized by improved UV-shielding properties in relation to the native counterpart. 

For example, KL nanoparticles showed a higher absorption efficacy (up to 30%) than 

native KL, associated to the presence of a larger absorption band in the region of the 

longest wavelengths.85,355 This effect is mainly due to the occurrence of π-π stacking 

interactions between the aromatic moieties, that can form two main types of aggregates, 

namely sandwich-type (H-orientation) and head-to-tail (J-orientation) aggregates. The J-

orientation (water media) is the most efficient to decrease the energy gap for the π-π* 

electronic transition, thus enhancing the absorption efficacy of UV photons.356 In 

addition, charge transfer complexes between electron-donating phenolic groups and 

electron acceptor ortho-quinones moieties can further increase the UV photo-absorbing 

capacity of LNPs.357 

 

 

 

 

Notably, experimental data highlighted that the UV-absorbing capacity of lignin increases 

during the exposition to radiation as a consequence of the formation of novel 

chromophores, such as quinonoid units.358 The negative charged surface of LNPs can be 

further functionalized by consecutive deposition of natural macromolecules or 

polyelectrolytes with opposite charge by the layer-by-layer technique (LbL).130,132 In this 

way, mixed LNPs containing layers of other natural polyphenols, such as tannic acid, 

showed enhanced UV shielding properties, by occurrence of a synergistic effect between 

Figure 4.4. UV-VIS assay to evidence of bathochromic effect of 

organosolv lignin nanoparticles (OLNPs; green line) after the 

nanostructuration of starting technical organosolv lignin (OL; red 

line). 
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the aggregate polymers.339 Finally, the cavity of LNPs can be exploited for the physical 

encapsulation of both OCFs and PCFs to yield functionalized LNPs with UV shielding 

properties higher than the parent compounds. One example of this strategy is represented 

by the encapsulation of TiO2 inside lignin-based colloidal nanoparticles to afford a stable 

UV filter deprived of undesired side-chain catalytic effect in the generation of radical 

species.359 

 

Other Physical and Chemical Properties of LNPs Useful in Sunscreen Formulation. 

LNPs are characterized by a large panel of physical and chemical properties useful for 

the design of sunscreen formulations, encompassing emulsion stabilizer, antimicrobial, 

and chelating properties. These properties will be explored in the following paragraphs. 

 

Emulsion Stabilizer Properties 

The emulsions are unstable systems due to the high surface energy exerted between the 

two immiscible phases. For this reason, the presence of a surfactant able to reduce the 

surface energy is required.360 Most surfactants derive from non-renewable precursors and 

are generally not biodegradable.361 Lignin is considered an amphipathic polymer due to 

the presence of both hydrophilic and hydrophobic components. In addition, the presence 

of ionizable groups make it an efficient stabilizer by the occurrence of electrical repulsion 

effects.362 A case of study for the application of LNPs as a stabilizer is represented by the 

production of Pickering emulsions, which were characterized by a higher deformation 

resistance compared to that stabilized with conventional surfactants. This effect was 

associated to the barrierless adsorption of the LNPs at the interfaces of two immiscible 

liquids, thanks to their partial wetting properties.363 LNPs were also efficient Pickering 

emulsifiers to stabilize oil emulsions in water (O/W) in the formulation of sunscreen 

containing low soluble organic substances.74 

 

Antimicrobial Properties 

Lignin is characterized by antimicrobial activity as a consequence of the capacity to 

interact with the bacterial cell causing lysis with consequent release of the cell content. 

KL is effective against Erwinia carotovora and Xanthomonas campestris pv. vesicatoria 

(but not against Pseudomonas syringae), while AL showed antimicrobial activity against 

Escherichia coli, Staphyloccocus aureus, and Pseudomonas.364 In particular, the C=C 

double bond and γ-methyl groups in the side chain confer to lignin a higher antimicrobial 

activity than phenolic and aliphatic groups.365 Again, LNPs showed higher antimicrobial 

activity than the native counterpart, as a consequence of the highest contact surface area 

available for the interaction with the microorganisms,352 associated to the possibility to 

penetrate into the bacterial cell. In addition, LNPs favoured the damage of the bacterial 

cell by electron transfer processes able to generate local radical species.90 Examples of 

the synergy activity between silver nanoparticles365 and lignin against Gram-positive and 

Gram-negative bacteria have been reported, focusing on the role of lignin as a recognizer 

and delivery system for the controlled release of the silver ion.366 In this latter case, the 

amount of silver ions used in the treatment was 10 times lower than conventional 

materials, reducing the known negative impact of silver wastes on the environment. 

Examples of the use of lignin as a green antimicrobial ingredient in the formulation of 

cosmetics are reported, as in the case of the reduction or substitution of high 

environmental impact antimicrobial agents, such as phenoxyethanol, hydroxybenzoates, 

and triclosan.295 
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Chelating Properties 

Chelating agents are ingredients able to complex metal ions in a stable way. These 

compounds play a crucial role in the stability and efficacy of cosmetics since the chelation 

mechanism stabilizes metal ions by preventing them from reacting with other substances 

and skin. The adsorbing capacity of lignin has been studied against different metal 

species, including chromium, copper, cadmium, lead, zinc, nickel, cobalt, and 

mercury.367,368 The chelating process occurs by coordination of the metals with Lewis 

basic sites in lignin, such as carbonyl, carboxylic, and phenolic groups.369 The adsorption 

was found to be pH dependent, being favoured by deprotonation of the active groups in 

lignin.370 In this context, the use of lignin to replace commercial chelating agent 

characterized by a well-known environmental pollution impact (e.g., EDTA) has been 

reported.371 

 

 

Colour Agreeableness of Lignin 

The dark colour of lignin, that is mainly due to the harsh conditions of physical and 

chemical treatments (e.g., high temperature and oxidative transformations), hinders the 

promotion of lignin-based cosmetics on the market.372 The principal methods to assess 

the lignin colour are the Munsell and CIELAB procedures.373 The Munsell colour system 

determines the classification of the colour by measuring the human perceptual response, 

and consists in the evaluation of three independent variables, represented by the colour 

hue (measured in degrees on a horizontal circle), saturation (measured radially from the 

neutral gray axis outwards), and brightness (measured vertically on the gray axis from 0 

for black and to 10 for white) parameters. This method is accurate and quantitative, but it 

is limited by a laborious visual matching. The CIELAB method is based on a 

spectrophotometer analysis in two different modes: (i) specular component included 

(SCI); and (ii) specular component excluded (SCE) modes. SCI is used to evaluate the 

actual colour using both specular and diffuse reflected light, while SCE determines the 

colour by excluding any specular reflected light. In the International Commission on 

Illumination L*a*b* (CIELAB) colour space, the L* value represents a bright behaviour 

of a sample as follows: white when L* = 100 and black when L* = 0; +a* is a red shade 

and −a* is a green shade; +b* is a yellow shade and −b* is a blue shade. A total colour 

difference value (ΔE) is defined as following Equation (1): 

 

ΔE=[(ΔL*)2+(Δa*)2+(Δb*)2]/2      (1) 

 

where ΔL*, Δa*, and Δb* are the differences in L*a*b* values between a reference and a 

sample. In order to enhance the color agreeableness of lignin, the chromophore and 

auxochrome groups should be blocked or cleared. This is of particular relevance in the 

case of sunscreen formulation. The main techniques applied to lighten lignin are described 

in the following paragraphs. 

 

Drying of Lignin 

Drying of lignin involves the control of the organization of the polymer structure at the 

morphological level by removal of the water molecules included in the sample.374 An 

appropriate drying procedure can significantly reduce the dark colour of lignin without 

extensive structural modification of chromophores and auxochrome moieties. This 

procedure has been applied in the preparation of light-coloured sun creams, the control 

of the colour intensity depending on the specific drying method (i.e., oven, vacuum, 

freeze, and spray drying).375 Oven and vacuum drying procedures favoured the formation 

of large particles with a glossy surface and a dark colour, while spray and freeze drying 
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make the lignin as a lighten coloured fine powder. In addition, a correlation between the 

particle size and the lignin colour was observed, small-sized particles being less coloured. 

 

 

Fractionation of Lignin with Solvents 

Light-coloured lignin nanoparticles (CEL-NP) have been obtained from rice husks 

through initial extraction of cellulolytic enzyme lignin (CEL) followed by the solvent 

shifting procedure.376 The colour of CEL-NP and CEL was evaluated using the L* a* b* 

(CIELAB) colour space method and compared with lignin from rice husks without 

cellulase treatment (RH) and organosolv lignin (OL), as references. The brightness (L*) 

and redness (a*) values of CEL were similar to those of RH as a consequence of the low 

effect of cellulase activity on phenolic and quinoid chromophore groups. The L* value of 

CEL was higher than that of OL and the a* value of CEL was lesser than OL. This is 

because CEL was prepared under much milder conditions than OL. As expected, the nano 

structuration process further increased the lightness of the sample (CEL-NP). The effect 

of mixture of organic solvents in the lightness of lignin has been also reported.377 

 

Heat Treatment 

The thermal processing of lignin involves the cleavage of β-O-4 linkages and 

demethoxylation. Usually, this process produces condensed structures and increases the 

amount of chromophores groups.378,379 As an alternative, the steam and heat treatment of 

wood (steam explosion procedure) for the extraction of lignin, consists in heating the 

starting material at temperatures between 180 °C and 220 °C and high pressure. This 

procedure affords an effective discoloration of lignin.380 In this latter case, the degree of 

colour change (as evaluated by the DE* value) was highly dependent from the temperature 

and pressure parameters. 

 

Chemical and UV Whitening of Lignin 

Traditional chemical bleaching procedures are not suitable for lignin colour reduction as 

their aim is to profoundly degrade the lignin structure. Softener procedures are therefore 

required to whiten lignin without reducing the antioxidant and UV shielding capability. 

Among them, sulfonation, sulphomethylation, and butane sulfonation treatments at high 

temperature and pressure have been shown to be effective in whitening eucalyptus 

lignin.381 The reaction occurred preferentially at the C-α position of the phenylpropanoid 

side chain, while, when performed in the presence of formaldehyde and Na2SO3, the 

aromatic C-5 position was also modified.382 UV irradiation combined with a long-time 

(20 h) H2O2 treatment effectively decolorizes sulfonated alkali lignin (SAL) by reducing 

the amounts of aromatic moieties and methoxyl and phenolic hydroxyl groups. Thanks to 

this treatment, SAL was successfully used as a dye dispersant.383 Pre-treatments of the 

starting material can facilitate the bleaching procedure. They include autohydrolysis, 

steam explosion, and treatment with dilute acids. In particular, the autohydrolysis process 

improved the whitening of KL and decreased the excessive consumption of the sample 

during the overall whitening processes.384 Selective functionalization procedures can also 

be applied in the whitening of lignin. For example, the acetylation of solvent-fractionated 

KL with acetic anhydride reduced the colour intensity of the sample without interfering 

with its UV absorption capability (313.5% and 145.6% in brightness and L* value, 

respectively). In this latter case, the acetylation process was responsible for the inhibition 

of the auxochrome effect of the phenolic moieties, as a consequence of its electron 

withdrawing effect. Acetylation prevented demulsification processes due to the fine 

control of the polarity of lignin.373 As a general trend the lightening process slightly 

interferes with the antioxidant and UV shielding properties. 
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4.2 Lignin Nanoparticles as Sustainable Photoprotective Carriers 

for Sunscreen Filters 
 

4.2.1 Aim of work 

 
UV sunscreen filters (SSFs) commonly found in commercial formulations may cause 

production of radical species after prolonged irradiation with a concomitant loss of 

cosmetic function and emergence of toxicity.246,385,386 Photostabilizers are used to avoid 

these side effects by quenching the high-energy excited states of SSFs,387 but in turn, they 

can be degraded with production of toxic side products.388,389 Over the past few years, 

photostabilizers from renewable sources received a great interest due to green chemistry 

and circular economy concerns.390 Lignin, the most abundant polyphenol in nature, is a 

waste recovered from pulp and paper and biorefinery processes.391 It is characterized by 

different beneficial properties for cosmetic applications, including antioxidant activity,392 

sun protection factor booster,194 antimicrobial,393 and metal chelating effects.394 In 

addition, lignin forms stable colloidal nanoparticles (LNPs) deprived of toxicity395 and 

characterized by high UV absorbing capacity and radical scavenging properties225 as a 

consequence of the formation of π-interaction between the aromatic subunits of the 

polymer.396 Examples of application of native lignin and LNPs as sunscreens are 

reviewed,397,376 and the role played by these nanodevices in the formulation of cosmetic 

and cosmeceutical products is deeply investigated.293,294 These properties associated with 

the presence of an internal cavity make LNPs a suitable nanodevice for the encapsulation 

and stabilization of active substances in drug delivery398 and Pickering emulsion 

technologies.399 Here, we report that LNPs from kraft lignin are efficient and sustainable 

carriers for the stabilization of two common SSFs,400 4-tert-butyl-4′-

methoxydibenzoylmethane 1 (avobenzone) and 2-ethylhexyl-3-(4-methoxyphenyl)prop-

2-enoate 5 (octyl methoxycinnamate). Compound 1 is a largely applied UV-A filter 

whose photostability is dependent on the overall composition of the formulate.401 

Conversely, 5 is a highly active and photolabile UV-B filter.402 Under prolonged 

irradiation, compound 1 is subjected to α-cleavage by a McLafferty-like retro-heteroene 

hydrogen rearrangement to yield tert-butylbenzene 2, 4-tert-butyl benzoic acid 3, and 

para-methoxy benzoic acid 4 (Figure 4.5, panel A).403 The allergenic effect and 

cytotoxicity of 2–4 at the lymph node level are reported.404 In a similar way, the prolonged 

irradiation of 5 causes isomerization to (Z)-cis counterpart 6, followed by side chain 

degradation to 4-methoxy benzaldehyde 7 and 2-ethyl-hexanol 8, or alternately, [2 + 2]π 

cycloaddition to cyclobutane dimers 9a,b (Figure 4.5, panel B).405-407 
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Toxic effects of 6, 7, and 9a,b against cellular viability in NIH/3T3 mouse fibroblast cells 

are reported.250 Antioxidants have been explored and applied as energy quenchers408 in 

order to improve the photostability of 1 and 5.409,410 These compounds are not completely 

deprived of toxicity since they can generate radical oxygen species and reactive quinone 

derivatives.410,411 Presently, few examples of the application of LNPs as carriers for UV 

filters are reported, apart from encapsulation of titanium dioxide with consequent 

decreased photoactivity359 and the Pickering emulsions with SSF oils.412 These 

procedures involve the formation of emulsions in which the UV filter is surrounded by 

LNPs, or alternately, a coating of a titanium dioxide core by layer-by-layer deposition. 

Otherwise, examples of encapsulation of UV filters in the internal cavity of LNPs are not 

reported, despite that these nanodevices are expected to improve the stability of the active 

ingredients by acting as a UV barrier, contemporaneously favouring their controlled 

release in the medium.413 Here, we describe the encapsulation of 1 and 5 into LNPs by 

nanoprecipitation using eco-certified dimethyl isosorbide (DMI) as a primary solvent and 

deionized water as an anti-solvent. High values of loading capacity (LC) and loading 

efficacy (LE) were obtained. Compounds 1 and 5 were also co-encapsulated with para-

hydroxy phenethyl alcohol 10 (hydroxytyrosol), a natural phenol from olive wastewater, 

characterized by high antioxidant activity and beneficial skin regenerative effects,414 

usually applied in cosmetic formulations and functional food.415-417 Compound 10 was 

selected due to its well-known UV-B shielding capacity and radical quenching 

properties.418 After the loading procedure, compounds 1 and 5 showed increased 

photostability with respect to the bare counterpart, showing a beneficial role of the lignin 

carrier and hydroxytyrosol in the inhibition of photodegradative pathways. 

 

 

 

 

Figure 4.5. Photodegradation pathway of 1 (panel A) and 5 (panel B) after UV 

irradiation. (i) Z/E isomerization process; (ii) side chain cleavage; and (iii) [2 + 2]π 

cycloaddition. 
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4.2.2 Experimental part 

 
Reagents 

4-Tert-butyl-4′-methoxydibenzoylmethane 1 (avobenzone), 2-ethylhexyl-3-(4-

methoxyphenyl)prop-2-enoate 5 (octyl methoxycinnamate, and para-hydroxy phenethyl 

alcohol 10 (hydroxytyrosol) were obtained from Sigma-Aldrich and used without further 

purification. Kraft lignin (KL) was obtained from Sigma-Aldrich and was purified before 

use by standard procedures,419 including alkali–acid treatment and continuous washing 

with deionized water. DMI (purity 98.0%) was purchased from TCI Europe and used 

without further purification. 

 

Encapsulation Protocol and Determination of Loading Parameters 

LNPs were prepared using the nanoprecipitation method. KL (100.0 mg) was dissolved 

in DMI:H2O (3.0 mL, 2.5:0.5 v/v) at 50 °C for 12 h under gentle magnetic stirring. Milli-

Q water (6.0 mL) was added to the KL solution and LNPs formed instantaneously. For 

the encapsulation procedure, the appropriate compound to be encapsulated (0.06 mmol) 

was dissolved in the KL solution before the addition of water. A similar procedure was 

repeated in the presence of a mixture of compounds (1:1 molar ratio). After the 

precipitation, LNPs were recovered by centrifugation (6500 rpm, 10 min). The LC and 

LE were evaluated using the high-performance liquid chromatography (HPLC) analysis 

of the supernatant obtained after centrifugation using eqs 1 and 2: 

 
𝐿𝐶(%): (𝑤𝑒𝑖𝑔ℎ𝑡 𝑜𝑓 𝑠𝑡𝑎𝑟𝑡𝑖𝑛𝑔 𝑆𝑆𝐹 − 𝑤𝑒𝑖𝑔ℎ𝑡 𝑜𝑓 𝑢𝑛𝑙𝑜𝑎𝑑𝑒𝑑 𝑆𝑆𝐹)

𝑤𝑖𝑔ℎ𝑡 𝑜𝑓 𝑙𝑖𝑔𝑛𝑖𝑛 
 × 100 

 

𝐿𝐸 (%):
(𝑤𝑒𝑖𝑔ℎ𝑡 𝑜𝑓 𝑠𝑡𝑎𝑟𝑡𝑖𝑛𝑔 𝑆𝑆𝐹 − 𝑤𝑒𝑖𝑔ℎ𝑡 𝑜𝑓 𝑢𝑛𝑙𝑜𝑎𝑑𝑒𝑑 𝑆𝑆𝐹)

𝑤𝑒𝑖𝑔ℎ𝑡 𝑜𝑓 𝑠𝑡𝑎𝑟𝑡𝑖𝑛𝑔 𝑆𝑆𝐹
 × 100 

 

Here, LC is the percentage of the encapsulated compound with respect to starting KL, 

while LE represents the amount of encapsulated compound with respect to the initial 

concentration of SSF. 

 

2,2′-Diphenyl picrylhydrazyl (DPPH) Radical Scavenging Activity 

The antioxidant activity of LNPs was evaluated by the DPPH radical scavenging assay. 

The test was performed starting from different amounts of LNPs (500, 250, 100, 50, and 

10 μg/mL) in H2O (0.550 mL), which were added to a freshly prepared DPPH solution 

(2.45 mL, 0.7 mM in MeOH). The spectrophotometric analysis was carried out in 

duplicate at 25°C. The radical scavenging activity was monitored as a function of time by 

measuring the absorbance band of DPPH at 517 nm (λmax) until the absorbance values 

reached a plateau. The kinetics of the process was analyzed for each concentration tested, 

and the amount of DPPH remaining at the steady state was estimated. This value was used 

to calculate the IC50 (concentration of the substrate that causes 50% loss of DPPH 

activity). Data were expressed as percentage of inhibition of DPPH activity based on the 

following eq 3: 

 

𝑖𝑛ℎ𝑖𝑏𝑖𝑡𝑖𝑜𝑛 𝑜𝑓 𝐷𝑃𝑃𝐻 (%): 
(𝐴𝑏𝑠 𝑐𝑜𝑛𝑡𝑟𝑜𝑙 − 𝐴𝑏𝑠 𝑠𝑎𝑚𝑝𝑙𝑒)

𝐴𝑏𝑠 𝑐𝑜𝑛𝑡𝑟𝑜𝑙
 × 100 

 

where “Abs control” is the absorbance of the DPPH solution in the absence of the sample. 
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Hydrodynamic Diameter and ζ-Potential Analyses 

The hydrodynamic diameter and ζ-potential values were evaluated in H2O by dynamic 

light scattering (DLS) using a Zetasizer Nano ZS (Malvern Instruments, Malvern, UK) 

apparatus equipped with a He–Ne laser (633 nm, fixed scattering angle of 173°, 25 °C). 

Measurements were performed in triplicate at 25 °C. 

 

Field-Emission Scanning Electron Microscopy (FESEM) 

FESEM was carried out using a ZEISS Gemini 500 (Oberkochen, Germany) at 5 kV. As 

a general procedure, LNPs in water (20 μL) were deposited on a coverslip coated with 

gold (AGAR auto sputter coater) and dehydrated in air. The coverslip was mounted on 

the stub with conductive carbon glue and a thin film (5.0 nm) of chromium was deposited 

using the Sputter Quorum Q150T ES plus to make the sample sufficiently conductive for 

measurement purposes. 

 

Small-Angle X-ray Scattering (SAXS) 

The measurements were performed by SAXS with a Xeuss 2.0 Q-Xoom system (Xenocs 

SAS, Grenoble, France) equipped with a microfocus Genix 3D X-ray source (λ = 0.1542 

nm) and a two-dimensional Pilatus3 R 300K detector, which can be placed at a variable 

distance from the sample. The beam size was determined by the two-pinhole collimation 

system equipped with “scatterless” slits to be 0.5 mm × 0.5 mm. Calibration of the 

scattering vector q range is described in eq 4: 

 

𝑞: 
(4𝜋 ∗ sin 𝜃)

λ
 

 

and 2θ is the scattering angle, and the calibration was performed using silver behenate. 

Measurements with two different sample detector distances (26.2 and 250 cm) were 

performed and the overall explored q region was 0.045 < q < 17 nm–1. Samples of LNPs 

(concentration of the SAXS samples: 1.0 mg/mL) dispersed in a DMI:H2O 1:3 mixture 

were inserted into disposable borosilicate glass capillaries with a nominal internal 

diameter of 0.15 cm, sealed with hot glue, and placed in the instrument sample chamber 

at room temperature and reduced pressure (∼0.2 mbar). The two-dimensional scattering 

patterns were measured for a total of 3.5 h acquisition time per sample, subtracted for the 

“dark” counts, and then masked, azimuthally averaged, and normalized for calculating 

the transmitted beam intensity, exposure time, and subtended solid angle per pixel using 

the FoxTrot software developed at SOLEIL. The one-dimensional I versus q profiles were 

then subtracted for the solvent and capillary contributions and expressed in absolute scale 

units (cm–1) by dividing for the sample thickness estimated by scanning the capillary with 

the X-ray beam. The different angular ranges were merged using the SAXS utilities 

tool.420 

 

UV–Visible Assay 

LNPs (10 μg) in cyclohexane were analyzed in a quartz cuvette (3.0 mL, 1 cm path length) 

by a Varian Cary UV 60 scan (Crawley, UK) in the range between 250 and 800 nm with 

a scan speed of 400 nm/min and a bandwidth of 5 nm at 25 °C under gentle stirring. The 

analysis was elaborated by the UV–vis scan software. 

 

Photostability Assay 

LNPs (10.0 mg) were suspended in cyclohexane (5.0 mL) in an open glass lens (10.0 cm 

diameter). The suspension was irradiated using a UV Hg low-pressure lamp (HAERUS 

250W; 40 cm of distance to obtain 3000 mj/cm2) for 20.0 min. After the irradiation, 
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tetrahydrofuran (THF, 5.0 mL) was added to the crude in order to degrade LNPs, followed 

by filtration (25 mm, 0.22 μm syringe filter), roto-evaporation, and freeze-drying. The 

percentage of photodegradation was evaluated by HPLC analysis of the supernatant after 

the filtration step. 

 

HPLC Analysis 

The HPLC analysis was performed using an UltiMate 3000 rapid resolution system 

(Thermo Fisher Scientific) equipped with an Alltima C18 column (250 mm × 4.6 mm, 5 

μm), an injection volume of 10 μL, a mobile phase flow rate of 1.0 mL/min, and a detector 

set up at 319 nm for 1, 361 nm for 5, and 280 nm for 10, respectively. The analysis was 

repeated in triplicate. The compounds were separated using the isocratic method using 

95.0% MeOH and 5.0% ultrapure formic acid for 25 min and quantified using the 

calibration curve method. 

 

 

4.2.3 Results and discussions 

 
Preparation and Characterization of LNPs 

LNPs were prepared by nanoprecipitation using eco-certified DMI as the primary solvent 

and deionized H2O as the anti-solvent. As a general procedure, compounds 1 and 5 (0.06 

mmol) were dissolved in DMI/water (3.0 mL, 2.5:0.5 v/v) in the presence of KL (100 mg) 

at 50 °C under gentle magnetic stirring. Deionized water (6.0 mL) was added with 

formation of a colloidal suspension of LNPs and contemporaneous encapsulation of the 

selected compound. The mixture was centrifuged (7000 rpm, 15 min), washed with 

deionized water (×3, 9.0 mL), and freeze-dried to yield LNPs-1 and LNPs-5, respectively 

(Scheme 4.1). 

 

 

 

A similar procedure was applied in the presence of a mixture of 1 and 5 (1:1 molar ratio) 

to yield LNPs-1/5. In addition, compounds 1 and 5 were co-encapsulated with 

hydroxytyrosol 10 (0.06 mmol) to yield LNPs-1/10 and LNPs-5/10, respectively. LC (eq 

1) and LE (eq 2) of LNPs were evaluated by HPLC analysis of the residual compound in 

the supernatant after the centrifugation step. Irrespective of the experimental conditions, 

the LNPs showed high values of LE and LC (Table 10), confirming the efficacy of LNPs 

in the encapsulation of aromatic derivatives.421 
 
 

 

 

 

Scheme 4.1. General Procedure for the Preparation and Characterization of Loaded LNPs. 
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Table 10. Encapsulation Parameters, Hydrodynamic Diameter, ζ-Potential, and Polydispersive 

Index of LNPs-1, LNPs-5, LNPs-1/5, LNPs-1/10, and LNPs-5/10. 

 
entry Sample  compound LE 

(%) 

LC 

(%) 

z-

potential 

Mean 

size 

(nm) 

PDIa 

1 LNPs    -34.5 225 0.101 

2 LNPs-1 1 86.1 10.8 -33.7 291 0.141 

3 LNPs-5 5 79.7 12.4 -32.9 286 0.139 

4 LNPs-
1/5 

1,5 82.9 11.1 -34.1 301 0.138 

5 LNPs-

1/10 

1,10 85.1 12.0 -36.0 302 0.134 

6 LNPs-
5/10 

5,10 81.9 10.9 -34.2 297 0.135 

aPolydispersive index. 

 

 

Figure 4.6 shows the FESEM analysis results of LNPs-1 (panel A), LNPs-5 (panel B), 

and LNPs-1/5 (panel C) as selected representative samples (SEM images of empty LNPs, 

LNPs-1/10, and LNPs-5/10 are shown in Figure S1, Supporting Information). The 

samples were characterized by regular and spherical-shaped nanoparticles bearing small 

clumps on the surface, which appears rather rough. DLS analysis of LNPs showed the 

formation of monodisperse population of particles (Figure 4.6, bottom). 

 

 

 

The average diameter of LNPs was in the range between 286 nm (LNPs-5; entry 3, Table 

10) and 302.3 nm (LNPs-1/10; entry 5, Table 10). It was higher than that previously 

observed for empty LNPs (entry 1, Table 10) in accordance with the steric hindrance of 

encapsulated compounds.422 The ζ-potential value was found to be almost constant 

irrespective of the loaded compound (Table 10, entries 2–6) and of the same order of 

magnitude as empty LNPs (Table 10, entry 1), confirming the absence of significant 

adsorption phenomena on the surface of LNPs. 

The SAXS analysis was performed in the selected cases of empty LNPs, LNPs-1, LNPs-

5, and LNPs-1/5. As shown in Figure 4.7 panel A, the four samples had almost 

Figure 4.6. Results of (top) FESEM analysis of LNPs-1 (panel A), LNPs-5 (panel B), and LNPs-

1/5 (panel C) and (bottom) DLS analysis. 
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superimposable scattering profiles, but LNPs-1 and LNPs-1/5 showed additionally the 

presence of an evident diffraction peak at 3.065 nm–1, corresponding to an interplanar 

distance of 2.05 nm, and subsequent weaker peaks (the second at 6.13 nm–1) characteristic 

of a crystalline phase. These peaks were not observed in LNPs-5 and in empty LNPs. 

Considering the reported crystallinity of compound 1 (compound 5 is an oil) and 

comparing the observed positions of the diffraction peaks in units of 2θ (at 4.3, 8.6, 16.6, 

and 18.4°, Figure 3 panel B) to those reported in the literature,423 these data suggest the 

presence of compound 1 in LNPs-1 and LNPs-1/5 samples, respectively, in the crystalline 

isoform II, reported as a metastable phase accessible from the melt of the commercially 

available form I. 

 

 
 

 

Regarding the measured scattering signal at lower angles, in agreement with the DLS data 

showing LNPs with diameters of the order of 200–300 nm, the overall size of the particles 

in the samples lies beyond the resolution limit of the used SAXS. Therefore, the decay of 

the initial intensity in the scattering profiles (q <0.4 nm−1) is evident on a length scale 

between 70 and 10 nm, following the power law (Porod law, ∼1/q4), expected for the 

interface between the particles and the solvent. A fit according to the Guinier law in this 

region provides such additional feature, related to a radius of gyration Rg of 1.33 nm, 

which means sizes of 3–4 nm (from the value of the radius of gyration Rg of 1.33 nm 

estimated from the intensity decay according to the Guinier law) such an additional 

feature could be interpreted as due to both the characteristic internal porosity of the self-

assembled LNPs and the individual lignin units.396,374 

 

 

 

 

Figure 4.7. SAXS profiles of LNP samples. (A) The intensity vs q data in a double logarithmic 

scale are shown as colored dots and lines (LNPs, red; LNPs-1, green; LNPs-5, blue; and LNPs-

1/5, purple), while the model function of the Porod law decay (c/q4, with c = 3.2 × 10–4 cm–1 

nm–4, reference slope indicated as dotted gray line) and the Guinier contribution 

(I(0)exp(−Rg2q2/3) with I(0) = 8 × 10–3 cm–1 and Rg = 1.33 nm) with a flat background (3 × 10–

3 cm–1) are shown as a solid black line. The latter contribution is also reported as a dashed black 

line. The most evident diffraction peak position is indicated. (B) The wider-angle scattering 

region presenting the diffraction peaks for samples LNPs-1 and LNPs-1/5 (q > nm–1) is 

highlighted by plotting data as a function of 2θ rather than q. The data are vertically shifted on 

the intensity scale for better visualization and the peak positions are indicated by dotted gray 

lines. 



73 

 

UV-Shielding Capacity of LNPs 

The UV-shielding capacity of LNPs-1, LNPs-5, and LNPs-1/5 was evaluated by a 

spectrophotometric analysis after dispersion of 10 μg of the particles in 3.0 mL of 

cyclohexane (250–800 nm) at 25 °C (UV-shielding data of LNPs-1/10 and LNPs-5/10 are 

shown in Figure S2). 

Empty LNPs and compounds 1, 5, and 10 were used as references (Figure 4.8, panels A–

C). LNPs-1, LNPs-5, and LNPs-1/5 showed increased absorption capacity (hyperchromic 

effect) and pronounced bathochromic shift with respect to references. In particular, LNPs-

1 and LNPs-5 showed an appreciable red shift (Δλ of 43.7 nm and Δλ of 51.2 nm, 

respectively) with respect to the corresponding references 1 (364.5 nm) and 5 (310.2 nm)  

as reported in Figure 4.8 panels A and B. A similar effect was observed for LNPs 1/5 

(Figure 4.8, panel C). 

 

 

 

This effect was probably due to the interaction between the auxo-chromic groups of KL 

and the chromophore moieties of compound 1 and 5, associated with the formation of 

typical J-aggregation modes in lignin subunits. 

 

Antioxidant Activity of LNPs 

The antioxidant activity of LNPs-1, LNPs-5, LNPs-1/5, LNPs-1/10, and LNPs-5/10 was 

evaluated by measuring the radical scavenging activity against DPPH. The percentage of 

quenching of the DPPH radical was evaluated at different sample concentrations by 

Figure 4.8. In vitro UV–vis absorbance of aqueous suspensions of LNPs-1 (panel 

A), LNPs-5 (panel B), and LNPs-5/10 (panel C). 
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applying eq 3. The IC50 values (μg/mL of sample that causes 50% loss of DPPH 

concentration) are reported in Figure 4.9 and Table S1. Empty LNPs and commercially 

available butyl-hydroxytoluene (BHT) were used as references. LNPs-5 and LNPs-1/5 

showed higher antioxidant activities than LNPs-1 and references. The presence of 10 

further increased the antioxidant activity, and LNPs-1/10 and LNPs-5/10 showed IC50 

values lower than those of LNPs-1 and LNPs-5, respectively. 

LNPs-5/10 showed the highest antioxidant activity. Irrespective of the sample, the 

antioxidant activity of LNPs was probably due to the radical scavenging properties of 

aromatic OH moieties, as previously reported.349 

 

UV Photostability of 1 and 5 after Encapsulation into LNPs 

The ability of LNPs to protect 1 and 5 from UV photodegradation was evaluated by 

analysis of the residual amount of these compounds after irradiation. Briefly, LNPs 1 and 

5 (10 mg) were suspended in 5.0 mL of cyclohexane and irradiated by a UV lamp (Hg, 

low pressure) for 20 min at 25 °C. The irradiation of 1 and 5 alone or their mixture (1:1 

equivalent ratio) was performed under similar experimental conditions as a reference. 

After the irradiation of the sample, the nanoparticles were treated with THF (5.0 mL) in 

order to deliver the encapsulated compounds. The residual amount of 1 and 5 was 

determined after evaporation of the organic phase by HPLC analysis. High percentage of 

photodegradation was measured for 1 (72.2%) and 5 (79.1%) as references with formation 

of expected photoproducts 2–4 and 7 and 8, respectively. The percentage of 

photodegradation increased for 5 (87.8%) and decreased for 1 (69.2%) during the 

irradiation of the mixture due to the undesired photochemical-induced isomerization of 5 

by 1.424,425 It is worth noting that photodegradation was significantly reduced in the case 

of LNPs-1 (12.8%) and LNPs-5 (10.9%), confirming the photostability of the compounds 

after the encapsulation process (Figure 4.10 and Table S2). A similar result was observed 

for LNPs-1/5 in which case the energy transfer process was limited by the presence of 

lignin. This enhanced photostability is of great commercial interest since both 1 and 5 are 

widely used as a mixture in sunscreen formulations. Finally, the photodegradation of 1 

and 5 was further inhibited by the presence of 10 (LNPs-1/10 5.1% and LNPs-5/10 4.2%) 

as a consequence of a combined UV shielding and antioxidant effect exerted by this 

catechol derivative (Figure 4.10 and Table S2). 

 

Figure 4.9. DPPH scavenging activity of loaded lignin nanoparticles presented as % of 

DPPH radical inhibitions and IC50 values (μg/mL). 
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Figure 4.10. Photostability evaluation of loaded LNPs compared to the 

corresponding dissolved SSF. 
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4.3 Biosynthesis of Novel Ascorbic Acid Esters and Their 

Encapsulation in Lignin Nanoparticles as Carriers and 

Stabilizing Systems 
 

4.3.1 Aim of work 

 
Ascorbic acid (AA, Vitamin C) is a water-soluble vitamin produced by the metabolism 

of plants and animal species.426 It is characterized by a glucose-like structure comprising 

six carbon atoms, two of them which are involved in the enediol moiety responsible for 

the reducing activity.427 AA is used in cosmeceutical, pharmaceutical and nutraceutical 

applications at high concentration (up to 15% w/w) as potent antioxidant additive to 

contrast skin aging processes and to protect the cell against UV-induced photo-damage, 

promoting the differentiation of keratinocytes and decreasing the biosynthesis of 

melanin.428 In addition, it showed repair tissue’s activity, activation of the immune 

system, neo synthesis of collagens, and production of specific neurotransmitters.429-432 

Unfortunately, AA is susceptible to oxidative degradation showing low stability under 

both aerobic and anaerobic conditions,433,434 with concomitant loss of biological activity 

and emergence of unpleasant Maillard browning side processes.435 The degradation of 

AA involves the oxidation to dehydroascorbic acid (DHA), followed by nucleophilic 

ring-opening of the lactone ring to yield diketogulonic acid (DKG). Finally, DKG releases 

CO2 and L-xylosone (L-XY), 2-furanoic acid (2-AF), and furfural (FU) (Scheme 4.2). 

This process is associated with change of the colour, smell, and gas generation, as well 

as loss of homogeneity of formulate. 

 

 

 

 
In order to improve the stability of AA, appropriate chemical and physical conditions 

have been selected for the control of solubility, viscosity, polarity of the medium and pH 

range, which was occasionally associated with emulsifying agents and additives.436,437 

Recent approaches to improve the stability of AA encompass the synthesis of stable 

derivatives or, in alternative, the protection of the molecule by encapsulation technology. 

In the first case, AA is alkylated with alcohols or, in alternative, esterified with carboxylic 

Scheme 4.2. Degradation pathway of AA. AA: ascorbic acid; L-XY: L-xylosone, 2-AF: 2-

furanoic acid; DHA: dehydroascorbic acid; DKG: di-ketogulonic acid; FU: furfural. The 

numbering of the carbon atoms of ascorbic acid is highlighted by the red numbers. 
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acids.438,439 In the second case, it was encapsulated inside micro- and nano carriers from 

natural (i.e., chitosan, alginate, phospholipids)440 and synthetic (i.e., acrylic compound) 

441 origins.442 

Renewable polyphenols, such as lignin, may be applied for the encapsulation and 

controlled release of low stable natural substances.93 Lignin is produced in miles scale of 

tons annually as a byproduct from the biorefinery and pulp industries.443 The commercial 

interest for this polymer has grown in the last year in the context of green chemistry and 

circular economy.444 Procedures for the large-scale preparation of lignin nanoparticles 

(LNPs) are reported in the literature.194 Compared to amorphous lignin, after the nano-

structuration process, LNPs showed improved antioxidant,445 UV shielding,353 and anti-

microbial properties, as a consequence of the π–π interactions between the aromatic 

subunits of the polymer.225 Examples of encapsulation of bioactive natural substances 

inside LNPs are reported, including the encapsulation of resveratrol446 and curcumin.398 

LNPs have been also applied in the stabilization of photosensitive commercial UV 

filters447 and in the controlled release of bioactive thymine photo-dimers useful for the 

activation of alert cellular pathway in damaged cells.448 We report here the synthesis of 

novel ferulic acid and palmitic acid esters of 3-O-ethyl ascorbic acid by lipase B from 

Candida antarctica immobilized on LNPs and their successive encapsulation inside LNPs 

prepared from kraft lignin by solvent shift procedure. 3-O-ethyl ascorbic acid is a 

stabilized derivative of AA widely applied in cosmetic formulations,449 due to the 

selective protection of the most acidic C3 hydroxyl group (pKa = 4.25) in the molecule.450 

In addition, ferulic acid and palmitic acid were selected since their esters are well 

recognized to have high stability.451,452 LNPs showed synergistic effect with encapsulated 

AA esters improving the overall antioxidant activity and stabilizing the encapsulated 

compounds towards pH and temperature variations. The kinetic release of AA esters from 

LNPs showed a Fickian-like diffusion process characterized by release of the 

encapsulated compounds during the first 24 h. The capability of LNPs to stabilize AA 

esters, associated to the synergy effect in the antioxidant activity, highly suggested LNPs 

as an effective carrier of AA derivatives in cosmetic and cosmeceutical formulations. 

 

 

5.7.3 Experimental part 

 
Materials 

Kraft lignin (KL) was purchased from Sigma Aldrich (St. Louis, MO, USA) and used 

after purification by standard procedures including alkali–acid treatment and continuous 

washing with deionized water. Dimethyl isosorbide (DMI), ethanol, 2,2-diphenyl-1-

picrylhydrazyl (DPPH), L-ascorbic acid AA, 3-O-ethylascorbate 1, ferulic acid 2, 

palmitic acid 3, 6-O-Palmitoyl-L-ascorbic acid 6, diisopropyl azodicarboxylate (DIAD), 

triphenylphosphine (TPP), butylhydroxytoluene (BHT), para-4-nitrophenyl laurate 

(para-NPL), chitosan (non-animal derived, average Mw 50 kDa, CH), concanavalin A 

(Con A, from Canavalia ensiformis, Jack bean type VI), and Lipase B from Candida 

antarctica were purchased from Sigma Aldrich and used without further purification. 

Analytical grade tetrahydrofuran THF and 2-methyl tetrahydrofuran (2-MeTHF) were 

refluxed over Na–benzophenone under nitrogen, followed by distillation and storage over 

4 Å molecular sieves. Deuterated and HPLC purity-grade solvents were purchased from 

VWR. 1H and 13C NMR spectra were obtained in MeOD3 using a Bruker 400 MHZ 

spectrometer (Bruker, Billerica, MA, USA). 
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Preparation and Kinetic Characterization of Biocatalyst I 

Biocatalyst I was prepared as reported in reference.453 Briefly, LNPs (5 mg, 1.0 mg mL−1) 

obtained by nanoprecipitation from KL in Milli-Q water were added to CH (10 mg, 1.0 

mg mL−1 in diluted acetic acid 1.0% v/v) under slow magnetic stirring (200 rpm) for 2 h 

at room temperature. The LNPs/CH intermediate (1.0 mg mL−1) was coated with ConA 

(0.4 mg mL−1) in sodium phosphate buffer (PBS, 1.0 mL; pH 7.3, 0.1 M) at room 

temperature to yield LNPs/CH/ConA. This latter intermediate (1.5 mg mL−1) was 

dispersed in PBS (1.0 mL; 0.1 M, pH 7) and added of lipase B from Candida antarctica 

(25 U; 3.0 mg mL−1) dissolved in PBS (0.1 M; pH 7) under gentle stirring (200 rpm) at 4 

°C for 24 h and the suspension was centrifuged and washed two times with PBS (pH 7, 

0.1 M) to afford biocatalyst I (overall yield 85% in weight with respect to 

LNPs/CH/ConA intermediate). 

The enzymatic activity and kinetic parameters of biocatalyst I were determined by the 

para-NPL assay.454 In particular, the activity of lipase was evaluated by measuring the 

increase in absorbance (λmax 405 nm) produced during the release of para-nitrophenol in 

the hydrolysis of para-NPL in Tris-HCl (0.1 M, pH 7.4) at 25 °C for 15 min. In a typical 

experiment, biocatalyst I (1.5 mg mL−1 in PBS, 0.1 M, pH 7) was added to para-NPL 

solution (0.1 mL; 20 mM; CNCH3: water 1:1) in Tris-HCl. The international unit of lipase 

activity was defined as the amount of the enzyme necessary to hydrolyze 1.0 μmol of 

para-NPL in 1.0 min at 25 °C and optimal pH. Kinetic parameters (Km and Vmax) of 

biocatalyst I were determined by measuring the activity of lipase (25 U) using different 

concentration of para-NPL (from 0 to 10 mM) in Tris-HCl (pH 7.4). The kinetic 

parameters were analyzed by Lineweaver–Burk plots and calculated in triplicate with the 

GraphPad Prism 9 software. 

 

Synthesis and Characterization of Esters 4 and 5 

3-O-ethyl-L-ascorbyl-6-ferulate 4 and 3-O-ethyl-L-ascorbyl-6-palmitate 5 were 

synthesized from 3-O-ethyl ascorbic acid 1 and the appropriate carboxylic acid in 2-

MeTHF in the presence of biocatalyst I. Compound 1 (103 mg, 0.5 mmol) and the 

appropriate carboxylic acid (1.0 eq.) were dissolved in 2-MeTHF (5.0 mL) in the presence 

of biocatalyst I (5 U), and the mixture was gentle stirred at 50 °C for 48 h under argon 

atmosphere in the presence of anhydrous molecular sieves. At the end of the reaction, 

biocatalyst I was recovered by centrifugation (6000 rpm), and the organic phase was 

evaporated under reduced pressure. The crude was dissolved in EtOAc (5.0 mL), washed 

with NaCl ss, dried over anhydrous Na2SO4 and evaporated under high vacuum. Esters 4 

and 5 were obtained after chromatographic purification by using CH2Cl2:MeOH 95:5 as 

eluent. 

 

3-O-ethyl-L-ascorbyl-6-ferulate 4. Yield: 38.8% mp: 175–181°C, yellow solid. 

Elemental analysis for C18H20O9, expected value: C, 56.84; H, 5.30; O, 37.87; measured 

value: C, 56.80; H, 5.30; O, 37.83. 1H NMR (MeOD3, 400 MHz): δH 7.63 (1H, d, J = 

16Hz, H11), 7.19 (1H, s, H10), 7.08 (1H, d, J = 6.4 Hz, H9), 6.83 (1H, d, J = 16Hz, H8), 

6.34 (1H, d, J = 15.88 Hz, H7), 4.38 (1H, d, J = 3.28 Hz, H6), 4.36–4.31 (4H, m, H5 + 

H4), 3.90 (3H, s, H3), 3.67 (1H, d, J = 6.96 Hz, H2) 1.40 (3H, t, H1). 13C NMR (MeOD3, 

100 MHz): δC 169.58 (C18), 162.96 (C17), 150.67 (C16), 149.09 (C15), 147.96 (C14), 

145.53 (C13), 126.38 (C12), 122.59 (C11), 119.06 (C10), 115.06 (C9), 114.49 (C8), 

110.27 (C7), 75.33 (C6), 69.17 (C5), 67.14 (C4), 64.40 (C3), 55.04 (23), 14.40 (C1). 

 

3-O-ethyl-L-ascorbyl-6-palmitate 5. Yield: and 47.1% mp: 121–129°C, bright yellow 

solid. Elemental analysis for C24H42O7, expected value: C, 65.13; H, 9.57; O, 25.30; 

measured value: 65.10; H, 9.51; O, 25.28. 1H NMR (MeOD3, 400 MHz): δH 4.75 (1H, s, 
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H9), 4.38–4.36 (2H, m, H8), 4.29–4.18 (2H, m, H7), 4.12–4.08 (1H, m, H6), 2.40 (2H, t, 

H5), 1.66–1.61 (2H, t, H4), 1.40–1.37 (3H, t, H3), 1.30 (24H, m, H2), 0.93 (3H, t, H1); 
13C NMR (MeOD3, 100 MHz): δC (ppm) 173.74 (C17), 171.74 (C16), 152.59 (C15), 

118.69 (C14), 75.79 (C13), 66.66 (C12), 64.40 (C11), 62.09 (C10), 33.48 (C9), 31.69 

(C8), 29.39–28.81 (C7 + C6 + C5), 24.59 (C4), 22.35 (C3), 14.4 (C2), 13.07 (C1). 

 

Encapsulation of AA and AA Derivatives into LNPs 

The encapsulation protocol was applied for AA, 1, 4, 5, and 6 by the solvent shifting 

protocol.205 Briefly, lignin solution were prepared adding KL (20.0 mg) in DMI (2.0 mL) 

at 45 °C under magnetic stirring for 24 h. Successively, the appropriate compound (0.03 

mmol) was added at room temperature under magnetic stirring for 6 h. MilliQ water (6.0 

mL) was added to previously solution to produce the corresponding LNPs-AA, LNPs-1, 

LNPs-4, LNPs-5, and LNPs-6, which were recovered by centrifugation (2000 rpm; 20 

min) and freeze dry (LABCONCO, Kansas City, MO, USA, freeze time 48 h). 

 

Determination of Loading Efficiency and Kinetic of Release of LNPs-4 and LNPs-5 

The loading efficiency (LE) was evaluated by HPLC analysis of the supernatant 

recovered from the centrifugation step by applying the Equation (2): 

 

𝐿𝐸 (%):
(𝑤𝑒𝑖𝑔ℎ𝑡 𝑜𝑓 𝑠𝑡𝑎𝑟𝑡𝑖𝑛𝑔 𝑆𝑆𝐹 − 𝑤𝑒𝑖𝑔ℎ𝑡 𝑜𝑓 𝑢𝑛𝑙𝑜𝑎𝑑𝑒𝑑 𝑆𝑆𝐹)

𝑤𝑒𝑖𝑔ℎ𝑡 𝑜𝑓 𝑠𝑡𝑎𝑟𝑡𝑖𝑛𝑔 𝑆𝑆𝐹
 × 100 

 

where LE represents the amount of encapsulated compound with respect to the initial 

concentration of esters 4 and 5. 

The HPLC analysis was performed by Ultimate 3000 Rapid Resolution system 

(ThermoFisher scientific, Waltham, MA, USA) equipped with Alltima C18 (250 mm × 

4.6 mm, 5 μm) column, injection volume 10 μL, mobile phase flow rate 1.0 mL/min and 

a detector set up at 254 nm for ascorbic acid and compounds 1, 5, and 6, and 320 nm for 

ester 4. The analysis was repeated in triplicate. The compounds were separated by 

isocratic method using 95.0% of ultra-pure formic acid and 5.0% MeOH for 25 min and 

quantified by using the calibration curve method. 

The profile release of LNPs-4 and LNPs-5 was evaluated suspending the sample (10.0 

mg) in Na-acetate buffer (3.0 mL, pH 3.0 and 5.4) in dialysis bag (cellulose membrane, 

MWCO = 1.000) inserted in the acceptor compartment (25.0 mL) under slight stirring at 

room temperature for 24 h. At regular intervals time, aliquots (1.50 mL) were collected 

from the acceptor compartment with milliQ water replacing to maintain a constant 

volume. The aliquots were quantified by the HPLC method previously described using 

the calibration curve procedure. The measurements were performed in triplicate. Data 

were elaborated by applying the kinetic models reported in Equations (3)–(6),455 

including zero-order (3), first-order (4), Higuchi (5), and Korsmeyer–Peppas (6) models: 

 

𝑄0 − 𝑄𝑡 = 𝑘0𝑡 

 

 

log 𝐶 =  log 𝐶0 − 
𝐾𝑡

2.303
 

 
𝑀𝑡

𝑀∞
= 𝐾𝐻  ∗  𝑡

1
2 
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𝑀𝑡

𝑀∞
= 𝐾𝐾𝑃  ∗  𝑡𝑛𝐾𝑃 

 

where Q0: the starting amount of compound dissolved in the solution; Qt: amount of 

released compound at time (t); K0: constant of zero-order release express in units of 

concentration/time; K: constant of first-order release presented in units of time−1; C0: 

starting concentration of compound; KH: constant of the Higuchi model; Mt: amount of 

released compound; M∞: amount of compound in dosage form; Mt/M∞: amount of 

compound released at time t ratio of released compound ratio; KP: release constant related 

to the Korsmeyer–Peppas model. In the Korsmeyer–Peppas “n” was found by using the 

portion of the release curve where Mt/M∞ < 0.6. 

 

Average Size and ζ-Potential Determination 

The hydrodynamic diameter and ζ-potential values were evaluated in H2O by dynamic 

light scattering (DLS) using a Zetasizer Nano ZS (Malvern Instruments, Malvern, UK) 

apparatus, equipped with He-Ne laser (633 nm, fixed scattering angle of 173°, 25 °C). 

Measurements were performed in triplicate at 25 °C. 

 

FE-SEM Analyses 

FE-SEM was carried out by ZEISS Gemini 500 (Oberkochen, Germany) at 5 kV. The 

appropriate compound in water (20 μL) was deposited on a coverslip coated with gold 

(AGAR Auto Sputter Coated) and dehydrated in air. The coverslip was mounted on the 

stub with conductive carbon glue and a thin film (5.0 nm) of chromium was deposited 

using the Sputter QUORUM Q 150T ES plus (Laughton, United Kingdom) to make the 

sample sufficiently conductive for measurement purposes. 

 

Antioxidant Activity 

The antioxidant activity was evaluated by the 2,2′-diphenyl picrylhydrazyl (DPPH) 

radical scavenging assay. The test was performed starting from different amounts of 

sample (500, 250, 100, 50, and 10 μg/mL) in water (0.550 mL) by addition to freshly 

prepared DPPH solution (2.45 mL, 0.7 mM in MeOH). The spectrophotometric analysis 

was carried out in duplicate at 25 °C. The radical scavenging activity was monitored as a 

function of time by measuring the absorbance band of DPPH at 517 nm (λmax) until the 

absorbance value reached a plateau. The kinetic of the process was analyzed for each 

concentration tested, and the amount of DPPH remaining at the steady state was 

estimated. This value was used to calculate the IC50 (concentration of the substrate that 

causes 50% loss of DPPH activity). Data were expressed as percentage of inhibition of 

DPPH activity based on Equation (7): 

 

𝑖𝑛ℎ𝑖𝑏𝑖𝑡𝑖𝑜𝑛 𝑜𝑓 𝐷𝑃𝑃𝐻 (%):
(𝐴𝑏𝑠 𝑐𝑜𝑛𝑡𝑟𝑜𝑙 − 𝐴𝑏𝑠 𝑠𝑎𝑚𝑝𝑙𝑒)

𝐴𝑏𝑠 𝑐𝑜𝑛𝑡𝑟𝑜𝑙
 × 100 

 

where “Abs control” is the absorbance of the DPPH solution in the absence of the sample. 

The measurements were performed in triplicate. 

 

Thermal Stability Assay 

The free and encapsulated AA esters (1.0 mg/mL) were incubated in Na-acetate aqueous 

(pH 3.0) solution in presence of DMI (7.0% v/v) as co-solvent into capped glass vials and 

placed in standard oven at 60 °C for 24 h. After incubation time, the residual compound 

was recovered by liquid-liquid extraction and quantified by HPLC analysis. In the case 

of LNPs-4 and LNPs-5 the analysis required the initial disaggregation of LNPs by 
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treatment with THF (5.0 mL) at room temperature under gentle magnetic stirring 

followed by filtration of the organic phase on 0.23 μm disc filter. 

 

 

4.3.3 Results and discussions 

 
Synthesis of 3-O-ethyl Ascorbic Acid Esters 

Ascorbic acid esters have been previously synthesized by hazardous procedures for 

environment and human health, including Fischer esterification456,457 and toxic acyl 

chlorides.458 Alternative carbodiimide based coupling reactions, such as the use of N,N′-

dicycloexhylcarbodiimide (DCC) and 1-ethyl-3-(3-dimethylaminopropyl)carbodiimide 

(EDC), were not completely deprived of environmental drawbacks.459 Biocatalytic 

procedures involving lipase B from Candida antarctica furnished a greener procedure 

with both aromatic and aliphatic carboxylic acids even in organic solvent.438 In this latter 

case, the esterification proceeded selectively at the primary alcoholic group of AA.460 The 

application of lipase B from Candida antarctica in heterogeneous condition for the 

synthesis of AA esters is limited to the use of synthetic polyacrylic resin as a support.461 

Recently, we reported the immobilization of lipase M from Mucor javanicus on the 

surface of LNPs coated with chitosan and Concanavalin A, and its use for the synthesis 

of hydroxytyrosol esters in a cascade reaction with tyrosinase.453 Here, we extended the 

application of this procedure (deprived of tyrosinase) for the immobilization of lipase B 

from Candida antarctica and the successive synthesis of 3-O-ethyl ascorbic acid esters. 

Briefly, the preparation of biocatalyst I required the following steps: (a) formation of 

LNPs from KL by nanoprecipitation in THF as primary solvent and water as antisolvent; 

(b) layer-by-layer coating of LNPs with chitosan; (c) concanavalin A deposition; and (d) 

immobilization of lipase. The schematic representation of the preparation of biocatalyst 

I is reported in Figure 4.11. The immobilization and activity of biocatalyst I resulted in 

87% and 60%, respectively. 

 

 

 

The kinetic parameters of biocatalyst I were determined by using the standard para-

nitrophenyl laurate (para-NPL) assay and were compared with native lipase as a 

reference.462 As reported in Table 11, biocatalyst I showed Km value lower and Vmax 

value higher than native lipase (Table 11) confirming the beneficial effect played by the 

immobilization process. 

 
Table 11. Kinetic parameters of biocatalyst I. 

Catalyst Km (mM) 1 Vmax (μmol L−1 s−1) 2 

Free Lipase 4.2 0.24 

Biocatalyst I 3.2 0.45 
1 Average error is 2–4%. 2 Average error is 1–3%. 

 

Figure 4.11. Schematic representation of preparation steps of biocatalyst I. 
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FE-SEM image of biocatalyst I showed the presence of roughly aggregated on the 

surface on the particles in accordance with the deposition of ConA and lipase (reported 

in Supplementary Materials, Figure S1). 

The synthesis of 3-O-ethyl ascorbic acid esters 4 and 5 was then performed starting from 

3-O-ethyl ascorbic acid 1 (103 mg, 0.5 mmol) and equimolar amount of ferulic acid 2 

(97.1 mg), or in alternative, palmitic acid 3 (128.2 mg), previously dissolved in 2-MeTHF 

(5.0 mL). 2-MeTHF was selected as reaction solvent due to the previously reported 

application in enzymatic transformations.463,464 Biocatalyst I (5 U) was added to the 

solution and the mixture was gently stirred at 50 °C for 48 h under argon atmosphere in 

the presence of anhydrous molecular sieves (Scheme 4.3). 3-O-ethyl-L-ascorbyl-6-

ferulate 4 and 3-O-ethyl-L-ascorbyl-6-palmitate 5 were obtained in 38.8% and 47.1% 

yields, respectively, beside the unreacted substrate. These yields are of the same order of 

magnitude as those obtained by chemical procedures, such as the Mitsunobu reaction 

described in Supplementary Materials Figure S2. 

 

 
 

 

NMR data were in accordance with the proposed structures. In particular, the 1H NMR 

spectrum of ester 4 and 5 showed the typical multiplet shift of CH2 of ester bond at δ ppm 

4.38 and 4.29, respectively, associated to the presence of the corresponding 13C NMR 

signal at δ ppm 64.40 as reported in supporting information (Figures S3 and S4) The UV-

vis absorbance analysis of dissolved esters 4 and 5 in comparison with 1 and 2 are 

reported in Supplementary Materials Figure S5. 

 

Encapsulation of AA Derivatives and Morphological Characterization 

The schematic representation for the encapsulation protocol is reported in Figure 4.12. 

Briefly, commercially available KL and esters 4 or 5 were dissolved in pure DMI194 

(primary solvent) in order to avoid the possible degradation processes due to the presence 

of water.465 The solution was successively added with milliQ water (anti-solvent) at room 

temperature under gentle magnetic stirring with instantaneous precipitation of LNPs-4 

and LNPs-5 which were fast recovered by centrifugation. Note that DMI was selected as 

primary solvent due to its certified eco-sustainability.466 Ascorbic acid and compounds 1 

and 6 were also encapsulated to obtain LNPs-AA, LNPs-1, and LNPs-6 as references. 

The encapsulation protocol was studied in different compound to LNPs ratios (ratio: 1:1, 

1:5, 1:10) in order to evaluate the optimal experimental conditions. 

Scheme 4.3. Synthesis of 3-O-ethyl ascorbic acid esters 4 and 5 by using biocatalyst I in 2-

MeTHF. 
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The optimal condition corresponding to well dispersed LNPs was obtained in the 1:10 

ratio, while undesired aggregates were observed under the resting experimental 

conditions. The loading efficiency (LE) was evaluated by HPLC analysis (original 

chromatograms are available in Figure S6) of the residual amounts of esters in the 

supernatant (see Table 12). LNPs-4 and LNPs-5 showed LE values higher than LNPs-

AA and LNPs-1 as references. The high efficacy observed in the encapsulation of esters 

4 and 5 was probably due to their high lipophilicity and steric hindrance which favoured 

the interaction with the hydrophobic core of LNPs.467 

 
Table 12. Efficiency of loading of ascorbic acid esters and other AA derivatives into LNPs. 

 
Name LNPs Structure LE (% ± SD) 

L-ascorbic acid 

(AA) 

LNPs-AA 

 

4.3 ± 0.91 

3-O-ethyl-L-

ascorbic acid (1) 

LNPs-1 

 

13.2 ± 1.62 

3-O-ethyl-L-

ascorbyl-6-

ferulate (4) 

LNPs-4 

 

69.1 ± 1.91 

3-O-ethyl-L-

ascorbyl-6-

palmitate (5) 

LNPs-5 

 

44.8 ± 3.12 

L-ascorbyl-6-

palmitate (6) 

LNPs-6 

 

32.8 ± 1.47 

LE: loading efficiency calculated by Equation (2). SD: standard deviation; LNPs: lignin nanoparticles; AA: ascorbic 

acid. 

 

 

In addition, π–π interactions between the aromatic moiety of the molecule and lignin 

subunits were probably operative in the case of ester 4. Note that LNPs-4 and LNPs-5 

also showed LE values higher LNPs-6, suggesting the beneficial role of the ethereal 

protection of the AA scaffold in the encapsulation procedure. 

The size characterization of loaded LNPs and the empty counterpart was conducted by 

DLS analysis (Table 13). As a general trend, the average diameter of LNPs proportionally 

increased after the encapsulation by increasing the LE value. The PDI and Z-potential 

values remained similar to the empty LNPs. 

Figure 4.12. Schematic representation of the encapsulation protocol of esters 4 and 5. DMI: dimethyl 

isosorbide; AA: ascorbic acid; DLS: dynamic light scattering; SEM: scanning electron microscopy. 
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Table 13. Morphology and size characterization of loaded LNPs. 

 
Sample Mean Size 

(nm ± SD) 
PDI Z-Potential 

(mV ± SD) 
SEM Images 

LNPs 221 ± 1.2 0.101 −34.5 ± 1.2 

 

LNPs-

AA 
226 ± 0.9 0.109 −34.9 ± 1.1 

 

LNPs-1 254 ± 1.4 0.121 −34.2 ± 0.7 

 

LNPs-4 314 ± 1.0 0.159 −35.4 ± 0.9 

 

LNPs-5 279 ± 1.1 0.111 −37.1 ± 1.4 

 

LNPs-6 259 ± 1.9 0.129 −36.8 ± 0.8 

 
PDI: polydispersion index; SD: standard deviation; LNPs: lignin nanoparticles; AA: ascorbic acid. 

 

 

Release Profile and Kinetic Release Data of Esters 4 and 5 from LNPs 

The release profiles of esters 4 and 5 were studied by analyzing the UV-absorption pattern 

of dialyzed solutions from LNPs-4 and LNPs-5 suspended in Na-acetate buffer (pH 

values 5.4 or 3.0) at room temperature for 24 h. The pH values were selected in order to 

model the microenvironment of the skin468 and of typical anti-age serum formulations,469 

respectively (Figure 4.13A). As a general trend, the release of esters 4 and 5 was faster 

during the first 5 h, followed by a plateau. In addition, the release profile was favoured 

under the most acidic conditions. Ester 4 showed slight delay with respect to ester 5, 

probably due to the presence of extra π–π interactions. After 24 h, esters 4 and 5 were 

released in 68% and 84% at pH 3.0 and in 62% and 78% at pH 5.4, respectively. 
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Next, kinetic profiles of LNPs-4 and LNPs-5 were evaluated by fitting the release profiles 

data with zero-order, first-order, Higuchi, and Korsmeyerñ–Peppas kinetic models at pH 

3.0 as a representative pH value (Section 3). The data plotting was expressed by using R2 

coefficient and linear regression (Figure 4.13B). The Higuchi model provided the best fit 

(R2 value 0.9782 for LNPs-4 and 0.9716 for LNPs-5), confirming the presence of Fickian-

like diffusion-controlled process.470 This phenomenon is specific for host compounds 

which are characterized by a size significantly smaller than that of the carrier matrix and 

where swelling and matrix dissolution are negligible. Furthermore, first 60% ester release 

profile were fitted in Korsmeyer-Peppas model obtaining good fit (R2 value 0.953 for 

LNPs-4 and 0.9447 for LNPs-5) and “n” index lower of 0.5, suggesting a quasi-Fickian 

diffusion process.471 

Figure 4.13 Panel (A) Release profile of esters 4 and 5 at selected pH values 

(pH 3.0 and pH 5.4). Panel (B) Zero-order, first-order, Higuchi and 

Korsmeyerñ–Peppas kinetic models for the release of esters 4 and 5 at pH 3.0. 
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Antioxidant Activity 

The antioxidant activity of esters 4 and 5 was evaluated by spectrophotometric assay 

using 2,2-diphenyl-1-picrylhydrazyl (DPPH) as a probe. Ascorbic acid and compounds 

1–2 and 6 were studied as references. The analysis was performed at different 

concentrations of the sample (500, 250, 100, 50, and 10 μg/mL) in milliQ water by 

monitoring the reduced form of DPPH at 517 nm. 

The results were expressed in terms of IC50 (the amount of antioxidant compound required 

to inhibit the starting concentration of the DPPH radical by 50%) and antioxidant capacity 

index ACI (the inverse value of IC50). Esters 4 exhibited lower IC50 and higher ACI values 

with respect to AA derivatives references (Table 14, entry 2–4), confirming the 

contribution of ferulic acid in the antioxidant activity, while ester 5 showed a similar trend 

to commercial analogue 6 (Table 14, entry 5–6). 

 
Table 14. The antioxidant activity was expressed in IC50 values (μg/mL). 

 
Entry Compound IC50 (μg/mL ± SD) ACI 

1 AA 6.5 ± 1.9 15.4 

2 1 13.9 ± 2.7 7.2 

3 2 21.7 ± 1.1 4.6 

4 4 11.5 ± 3.8 8.7 

5 5 17.1 ± 2.1 5.8 

6 6 17.4 ± 1.1 5.7 

8 LNPs 19.9 ± 3.4 5.0 

9 LNPs-4 7.1 ± 2.2 (0.23) a 14.1 

10 LNPs-5 12.1 ± 4.1 (0.33) a 8.3 

IC50: inhibition concentration; SD: standard deviation; ACI: antioxidant capacity index defined as the reciprocal of 

IC50. A IC50 ratio obtained from Equation (1). 

 

 

Next, the IC50 and ACI of LNPs-4 and LNPs-5 were evaluated by using empty LNPs as 

a reference (Table 14, entry 8–10). LNPs-4 and LNPs-5 showed IC50 values (7.1 and 

12.1, respectively) lower than esters 4 and 5 alone (11.5 and 17.1, respectively). The 

improved antioxidant activity of esters 4 and 5 after encapsulation was probably due to 

the co-antioxidant effect exerted by LNPs (which showed the IC50 value of 19.9) in the 

scavenging of free radicals.472 In order to evaluate the occurrence of a synergistic effect 

between lignin nanoparticles and loaded esters we applied Equation (1): 

 

𝐼𝐶50 𝑟𝑎𝑡𝑖𝑜 =  
𝐿𝑁𝑃𝑠𝐼𝐶50

𝑒𝐿𝑁𝑃𝑠𝐼𝐶50 +  𝐸𝐼𝐶50
 × 100 

 

 

where LNPsIC50 is the IC50 value of LNPs-4 or LNPs-5, eLNPsIC50 is the IC50 value of 

empty LNPs and EIC50 is the IC50 value of free esters 4 and 5. The synergistic effect is 

represented by a ratio value < 0.5, while the simple additive effect corresponds to ratio > 

0.5. LNPs-4 and LNPs-5 showed a synergistic effect occurring between lignin and loaded 

esters (ratio value 0.23 and 0.33, respectively) probably as a consequence of the 

regeneration of exhausted esters by electroactive LNPs trough hydrogen atom transfer 

(HAT).473 Examples of synergistic effect between amorphous lignin and antioxidant 

compounds are documented,474,475 and the role of the aromatic hydroxyl groups in the 

HAT mechanism discussed in detail in the case of LNPs.476,477 
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Thermal Stability 

The chemical stability of esters 4 and 5 and corresponding LNPs-4 and LNPs-5 was 

evaluated in sodium acetate solution (pH 3.0) and DMI as co-solvent by heating the 

sample at 60 °C in a standard oven for 24 h in the presence of air. Sodium acetate solution 

was selected since pH 3 was characteristic of cosmetic formulation containing AA.469 

Ascorbic acid, compounds 1, 6 and empty LNPs were studied as references. After the 

incubation time, the sample was analyzed in order to evaluate the residual amount of the 

original compound by HPLC analysis. In the case of LNPs-4 and LNPs-5 the analysis 

required the disaggregation of LNPs by treatment with THF at room temperature under 

gentle magnetic stirring followed by filtration of the organic phase on 0.23 μm disc filter. 

As expected, the almost total degradation of AA was observed after 24 h of treatment 

(Figure 4.14), while the AA derivatives 1 and 6 showed a moderate pH and thermal 

resistance (42.1% and 39.5%, respectively).478 Esters 4–6 showed an improved stability 

as a consequence of the protection of the sensitive primary alcohol moiety in the AA 

scaffold. In this latter case, the contemporary protection of the enediol moiety further 

increased stability. Noteworthy, LNPs-4 and LNPs-5 fully retained stability after the 

thermal/pH treatment confirming the beneficial role exerted by the encapsulation process. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 4.14. Evaluation of stability of AA derivatives under selected pH and temperature 

conditions. 
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5.1. Lignin Nanoparticles Support Lipase-Tyrosinase Enzymatic 

Cascade in the Synthesis of Lipophilic Hydroxytyrosol Ester 

Derivatives 
 

5.1.1 Aim of work 

 
In the last years, lignin nanoparticles received a great attention due to the optimal chemo-

physical properties they showed in the immobilization of different enzymes.130-

132,479,480,126 In this context, organosolv lignin nanoparticles (OLNPs) have been applied 

as functional nanoplatforms for the immobilization of laccase,132,131 horseradish 

peroxidase,480 and hydrolase,126 showing the beneficial effect to improve the enzymatic 

activity by pseudo direct electron transfer (pseudo-DET) and mediated electron transfer 

(MET) processes.132,481 Tyrosol, [2-(4-hydroxyphenyl) ethanol] and hydroxytyrosol [2-

(3,4-dihydroxyphenyl)ethanol] are secondary metabolites produced in the cell by the 

shikimic acid pathway.482 These compounds are well-recognized components in olive oil 

wastes, where they are recovered in high amount (about 1.0 g/L),483 representing a 

valuable resource for sustainable green processes.484 Tyrosol is resistant toward microbial 

degradation,485 and it is characterized by a lower biological activity than 

hydroxytyrosol.486 Pharmaceutical, nutraceutical and cosmeceutical properties of 

hydroxytyrosol are reported, including antioxidant activity,487 and protective effect 

against cardiovascular diseases,488 inflammation and neurodegenerative disorders.488-490 

Unfortunately, the high polarity of hydroxytyrosol limited its absorption, distribution, and 

excretion properties.491 Chemical procedures for the oxidation of tyrosol to 

hydroxytyrosol are reported, encompassing the use of toxic halogenated reagents and 

solvents,492 and tedious multi steps-procedures.493,494 Enzymes are potent and selective 

catalysts in the transformation of phenol derivatives492,495 under mild experimental 

conditions.496 Examples of the enzymatic mediated oxidation of tyrosol to hydroxytyrosol 

are reported492,497,498 under both homogeneous and heterogeneous conditions.499 In 

addition, the activity and biological availability of hydroxytyrosol was improved through 

the synthesis of lipophilic esters500 with high affinity for the cellular membrane,501,502 by 

using multi-steps chemical503 and enzymatic procedures.504,505 These compounds showed 

antioxidant and antiviral activity dependent from the number of carbon atoms in the side-

chain.506 Enzymatic cascade is an advanced tool for multiple synthetic transformations in 

one-pot condition,507,508 promoting the fast exchange of substrate between adjacent 

enzymes.509,136 Supported multienzyme cascades are reported, and their efficiency, 

selectivity, stability and reusability deeply discussed.479,142 Here we describe the one-pot 

synthesis of lipophilic hydroxytyrosol esters from tyrosol and long side-chain carboxylic 

acids by lignin nanoparticles supported enzymatic cascade involving lipase M from 

Mucor javanicus (MJL) and tyrosinase (Ty) from Agaricus bisporus. Previous examples 

of immobilization of Ty and MJL alone on lignin nanoparticles were reported by us in 

connection to the synthesis of bioactive catechols130 and the esterification of butyric 

acid,126 respectively. The novel lignin nanoparticles supported enzymatic cascade worked 

in mild experimental conditions using bio-renewable 2-methyltetrahydrofuran510 and 

sodium phosphate buffer as reaction medium. MJL performed as a lyase between tyrosol 

and carboxylic acids,511 while Ty catalyzed the selective ortho-hydroxylation of newly 

produced tyrosol esters to corresponding hydroxytyrosol counterpart. MJL and Ty were 

co-immobilized on lignin nanoparticles by a layer-by-layer (LBL) procedure using 

chitosan (CH) as positive charged polyelectrolyte to balance negative charged lignin and 

enzymes. Concanavalin A (Con A) was also used as a molecular spacer to confer an 



99 

 

ordered co-orientation at the two enzymes, thus favouring the optimal distance between 

their active sites.512 The molecular recognition properties of Con A in the immobilization 

of enzymatic cascade was previously reported in the preparation of glucose oxidase and 

horseradish peroxidase biosensors.479,512 

 

 

5.1.2 Experimental part 

 
Materials 
Organosolv lignin (OL) was purchased from Chemical Point (Oberhaching, Germany). 

Chitosan (medium molecular weight: 100.000-300.000), 2-(4-Hydroxyphenyl)ethanol 

(Tyrosol), octanoic acid, lauric acid, oleic acid, Amano lipase M from Mucor javanicus 

(300 U/mg), Concanavalin A (Con A) type IV from Canavalia ensiformis (Jack bean), 

mushroom tyrosinase from Agaricus bisporus (1000 U/mg), 4-nitrophenyl laurate, L-

tyrosine, trizma base (primary standard and buffer) and sodium sulfate anhydrous 

(Na2SO4), were purchased from Sigma Chemical Co. (St Louis, MO, USA). Reagents 

including n-hexane, 2-methyltetrahydrofuran, and ethanol were purchased from Sigma 

Chemical Co. (St Louis, MO, USA) and were used without further purification. Sodium 

phosphate buffer (PBS 0.1 M, pH 7) and Tris-HCl (0.1 M, pH 7.4) were prepared using 

Milli-Q water (ρ=18.2 MΩ cm a 25 °C; TOC <10 μg L−1, Millipore, Molsheim, France). 

Spectrophotometric analysis was performed with Cary 60 UV-Vis spectrophotometer 

equipped with a single cell peltier thermostated cell holder, Agilent, Santa Clara, USA. 

Data were elaborated with Cary Win UV software. Chemical reactions were monitored 

using thin layer chromatography on precoated aluminium silica gel Merck 60 F254 plates 

and a UV lamp (λmax =254 nm) was used for visualization 

 

Preparation of Catalyst I 

Organosolv lignin nanoparticles (OLNPs) were prepared by previously reported 

nanoprecipitation procedure.132 Briefly, CH solution (5 mg, 1.0 mg mL−1 in diluted acetic 

acid 1.0 % v/v) that was added dropwise to OLNPs (5 mg, 1.0 mg mL−1) in Milli-Q water 

under slow magnetic stirring (200 rpm) for 2 h at room temperature. The final suspension 

was centrifuged (2616 g, 20 min) and rinsed with deionized water, followed by 

centrifugation (2616 g, 20 min) and freeze-dry to yield OLNPs/CH intermediate. The 

yield of OLNPs/CH intermediate is defined as total amount in weight of nanoparticles 

recovered with respect to the total amount of the two components (lignin and CH) (yield 

96 %). In order to prepare Catalyst I, the OLNPs/CH intermediate (1.5 mg mL−1) were 

dispersed in sodium phosphate buffer (PBS 1.0 mL; 0,1 M, pH 7) and added of the 

appropriate amount of MJL (25 U; 3.0 mg mL−1) and Ty (25 U; 1.0 mg mL−1) dissolved 

in PBS (0.1 M; pH 7) under gentle stirring (200 rpm). The mixture was stirred at 4 °C in 

orbital shaking for 24 h and the suspension was centrifuged and washed two times with 

PBS (pH 7, 0.1 M) to afford Catalyst I (yield 85 %). Note that the enzymes were not 

released from Catalyst I in the reaction conditions (that is 2-MeTHF and PBS), as 

evaluated by Bradford analysis of the supernatant after recovery of the catalyst by 

centrifugation. 

 

Preparation of Catalyst II 

For the preparation of Catalyst II, 0.5 mL of Con A solution (1.0 mg mL−1) in PBS (0.1 

M, pH 7.3) was added to OLNPs/CH intermediate (1.5 mg mL−1) in PBS (1.0 mL; 0,1 M, 

pH 7) under gentle sonication conditions at 25 °C, followed by the addition of MJL (25 

U; 3.0 mg mL−1) and Ty (25 U; 1.0 mg mL−1) dissolved in PBS (0.1 M; pH 7). The 
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mixture was stirred at 4 °C in orbital shaking for 24 h. The solution was centrifuged and 

washed two times with PBS (pH 7; 0.1 M) to afford Catalyst II (yield 88 %). 

 

Field emission scanning electron microscopy (FE-SEM) characterization. 

The field emission scanning electron microscopy (FE-SEM) of Catalyst I and Catalyst 

II was acquired on FESEM ZEISS GeminiSEM500, operated at 5 kV after drop 20μL 

(with deionized water) of sample dispersion on specimen stubs, air dried and coated with 

gold by sputtering with AGAR (Auto Sputter Coater). Before the observations, the sample 

received a deposition of chromium thin film (5 nm) by sputter coating using a QUORUM 

Q 150T ES plus coater. 

 

Hydrodynamic diameter and ζ-potential analyses 

The hydrodynamic diameter and ζ-potential values were evaluated in H2O by dynamic 

light scattering (DLS) using a Zetasizer Nano ZS (Malvern Instruments, Malvern, UK) 

apparatus, equipped with an He−Ne laser (633 nm, fixed scattering angle of 173°, 25 °C). 

Measurements were performed in triplicate at 25 °C. 

 

Fourier-transform infrared spectroscopy (FT-IR) 

Catalyst I and II were analyzed by attenuated total reflection Fourier transform infrared 

(ATR-IR) spectroscopic using an Agilent Cary 630 FT-IR spectrometer (UATR unit cell) 

averaging 32 scans (resolution of 4 cm−1). 

 

Kinetic and activity parameters 

The enzymatic activity and kinetic parameters of MJL and Ty were determined by using 

the p-NPL513,514 and dopachrome assay,515 respectively. In particular, the activity of MJL 

was evaluated by measuring the increase in absorbance (λmax 405 nm) produced during 

the release of para-nitrophenol in the hydrolysis of para-nitrophenyl laurate (p-NPL) in 

Tris-HCl (0.1 M, pH 7.4) at 25 °C for 15 min. In a typical experiment, free MJL (25 U), 

or in alternative, Catalyst I and Catalyst II (1.5 mg mL−1 in PBS, 0.1 M, pH 7) were 

added to p-NPL solution (0.1 mL; 20 mM; CNCH3: water 1 : 1) in Tris-HCl. The 

international unit of lipase activity was defined as the amount of enzyme necessary to 

hydrolyse 1.0 μmol of p-NPL in 1.0 min at 25 °C and optimal pH. The activity of Ty was 

measured by the dopachrome assay (λmax 475 nm) in PBS (pH 7; 0.1 M) at 25 °C for 10 

min. In a typical experiment, free Ty (25 U), or in alternative Catalyst I and Catalyst II 

(1.5 mg mL−1 in PBS, 0.1 M, pH 7), were added to L-tyrosine solution (1.0 mL; 2.5 mM) 

in PBS (pH 7; 0.1 M). The international unit of tyrosinase activity was defined as the 

amount of enzyme necessary to oxidize 1.0 μmol of L-tyrosine in 1.0 min at 25 °C and 

optimal pH. Kinetic parameters (Km and Vmax) of MJL, Ty and Catalyst I and Catalyst 

II were determined by measuring the activity of the appropriate enzyme (25 U) kept 

constant using different concentration of p-NPL (from 0 to 10 mM) in Tris-HCl (pH 7.4) 

and L-tyrosine (from 0.1 to 0.33 mM) in PBS (pH 7), respectively. 

 

Förster resonance energy transfer (FRET) 

The detailed procedure for the labelling of MJL and Ty and for the calculation of the 

FRET effect are reported in supporting (SI#3). The confocal images of Catalyst I and 

Catalyst II were obtained by ZEISS LSM-710 NLO confocal system equipped with a 

Plan Apochromat 100×/1.40 oil DIC M 27 objectives. 

 

Synthesis of tyrosol oleate 5 by esterification of tyrosol 1 with Catalyst I and II 

The reactions were performed starting from different amount of tyrosol 1 (0.25, 0.14 and 

0.36 mmol) and oleic acid 2 (0.25, 0.25 and 0.12 mmol) in the appropriate organic solvent 
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(5.0 mL) and PBS (0.1 mL) containing Catalyst I–II (165 μg) at 50 °C for 48 h under 

argon atmosphere. The reactions were monitored at regular intervals of time by thin layer 

chromatography (CH2Cl2: MeOH 9.8:0.2). At the end of the reaction the catalyst was 

recovered by centrifugation (6000 rpm) for 20 min, and the organic phase was evaporated 

under reduce pressure. The crude was dissolved in EtOAc (5.0 mL) and washed with 

NaCl saturated solution, dried over anhydrous Na2SO4 and evaporated. Reaction products 

were recovered after chromatographic purification using CH2Cl2: MeOH as eluent. The 

reaction with free MJL was also performed as a reference. Briefly, different amount of 

tyrosol 1 (0.25, 0.14 and 0.36 mmol) and oleic acid 2 (0.25, 0.25 and 0.12 mmol) were 

reacted in the appropriate organic solvent (5.0 mL) and PBS (0.1 mL) with MJL (25 U) 

at 50 °C for 48 h. The reactions were monitored at regular intervals by thin layer 

chromatography (CH2Cl2: MeOH 9.8:0.2). At the end of the reaction the organic phase 

was recovered and evaporated under reduce pressure. The crude was dissolved in EtOAc 

(5.0 mL) and washed with NaCl saturated solution, dried over anhydrous Na2SO4 and 

evaporated. 

 

4-Hydroxyphenethyl oleate (tyrosol oleate) 5. Yield 50 % (47 mg); yellow oil. 1H NMR 

(400 MHz, [D]CDCl3): δ=0.90 (3H, m, CH3), 1.29-1.30 (20H, m, CH2), 1.59 (2H, m, 

CH2), 2.02 (4H, m, CH2), 2.30 (2H, m, O=C-CH2), 2.88 (2H, m, CH2), 4.26 (2H, m, 

OCH2), 5.37 (2H, m, CH=CH), 6.79 (2H, d, J 9.0 Hz, Ph−H), 7.09 (2H, d, J 8.4 Hz, Ph−H) 

ppm. 13C NMR (100 MHz, CDCl3) δ: 14.8 (CH3), 23.2 (CH2), 25.4 (CH2), 28.2 (CH2x2), 

28.7–30.8 (CH2, x8), 32.4 (CH2), 34.2 (CH2), 36.3 (CH2), 66.4 (CH2), 117.2 (CH x2), 128 

(CH x2), 129.9 I, 130.8 (CH, x2), 156.3 I, 173.2 I ppm. MS (EI) m/z 402.62 

 

Synthesis of hydroxytyrosol esters 8–11 by cascade enzymatic transformation of tyrosol 

1 and carboxylic acids 2–4 

The reactions were performed starting from tyrosol 1 (0.25 mmol) and the appropriate 

carboxylic acid 2–4 (0.25 mmol) in 2-MeTHF (5.0 mL) and PBS (0.1 mL) containing 

Catalyst I–II (165 μg) and ascorbic acid (0.5 mmol) under dioxygen atmosphere (O2) at 

50 °C for 48 h. The reaction was monitored at regular times by thin layer chromatography 

(CH2Cl2: MeOH 9.8:0.2). At the end of the reaction the catalyst was recovered by 

centrifugation (2616 g) for 20 min, followed by evaporation of the solvent under reduced 

pressure. The crude was dissolved in EtOAc (5.0 mL) and washed with NaCl saturated 

solution, dried over anhydrous Na2SO4 and evaporated. Reaction products were recovered 

after chromatographic purification using CH2Cl2: MeOH as eluent. In one selected case, 

tyrosol 1 (0.25 mmol) was reacted with 2 (0.25 mmol) and Catalyst II (165 μg) in 

absence of ascorbic acid under previously reported experimental conditions. The work-

up of the reaction was performed in the same conditions previously described to yield 

hydroxytyrosol ester 8 and hydroxytyrosol quinone ester 11. As an alternative, tyrosol 1 

(0.25 mmol) and oleic acid 2 (0.25 mmol) in 2-MeTHF (5.0 mL) and PBS (0.1 mL) were 

reacted in the presence of Catalyst III (165 μg) and Catalyst IV (165 μg) and ascorbic 

acid (0.5 mmol) under dioxygen atmosphere (O2) at 50 °C for 48 h. The reaction was 

monitored at regular times by thin layer chromatography (CH2Cl2: MeOH 9.8:0.2). The 

work-up of the reaction was performed as reported in the previous procedures. The 

reusability of Catalyst II was evaluated after its recovering at the end of the reaction by 

centrifugation at 15000 g for 10 mins, followed by washing with PBS (pH 7.0, 0.1 M) 

and re-using it in next runs. 

 

4-Hydroxyphenethyl dodecanoate (tyrosol laurate) 6. Yield 7 % (6 mg); yellow oil. 1H 

NMR (400 MHz, [D] CDCl3): δ=0.90 (3H, m, CH3), 1.29 (16H, m, CH2), 1.62 (2H, m, 

CH2), 2.31 (2H, m, O=C CH2), 2.88 (2H, m, CH2), 4.27 (2H, m, OCH2), 6.80 (2H, d, J 
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9.0 Hz, Ph−H), 7.07 (2H, d, J 8.4 Hz, Ph−H) ppm. 13C NMR (100 MHz, [D]CDCl3) 

δ=12.8 (CH3), 22.5 (CH2), 25.4 (CH2), 28.2-30.5 (CH2, x6), 32.4 (CH2), 34.3 (CH2, x2), 

66.4 (CH2), 116.2 (CH, x2), 130.9 I, 132.8 (CH, x2), 156.3 I, 173.9 I ppm. MS (EI) m/z 

320.47. 

 

4-Hydroxyphenethyl octanoate (tyrosol octanoate) 7. Yield 6 % (4.26 mg); yellow oil. 1H 

NMR (400 MHz, [D]CDCl3): δ=0.94 (3H, m, CH3), 1.26-1.30 (8H, m, CH2), 1.64 (2H, 

m, CH2), 2.31 (2H, m, O=C CH2), 2.89 (2H, m, CH2), 4.26 (2H, m, OCH2), 6.79 (2H, d, 

J 9.0 Hz, Ph−H), 7.09 (2H, d, J 8.4 Hz, Ph−H) ppm. 13C NMR (100 MHz, [D]CDCl3): 

δC=14.8 (CH3), 22.7 (CH2), 25.4 (CH2), 28.2–30.5 (CH2, 3x), 34.3 (CH2), 35.2 (CH2), 

66.4 (CH2), 115.9 (CH, x2), 130.9 I, 132.8 (CH, x2), 156.3 I, 174.2 I ppm. MS (EI) m/z 

264.37. 

 

3,4-Dihydroxyphenethyl oleate (Hydroxytyrosol oleate) 8. Yield 49 % (48 mg); 

colourless oil. 1H NMR (400 MHz, [D]CDCl3): δ=0.88 (3H, m, CH3), 1.27-1.33 (20H, m, 

CH2), 1.66 (2H, m, CH2), 2.03 (4H, m, CH2), 2.37 (2H, m, O=C-CH2), 2.83 (2H, m, CH2), 

4.24 (2H, m, OCH2), 5.35 (2H, m, CH=CH), 6.67 (1H, dd, J 7.9 Hz, Ph−H), 6.76 (1H, d, 

J 2.1 Hz, Ph−H), 6.81 (1H, d, J 8.0 Hz, Ph−H) ppm. 13C NMR (100 MHz, [D]CDCl3) 

δ=14.5 (CH3), 23.2 (CH2), 25.4 (CH2), 27.2 (CH2 x2), 28.5–30.1 (CH2, x8), 30.2 (CH2 

x2), 31.5 (CH2), 34.3 (CH2), 35.2 (CH2), 66.7 (CH2), 116.2 (CH), 117.9 (CH), 122.5 (CH) 

130.9 (CH x2), 131.7 (CH), 145.8 I, 146.3 I, 173.2 I ppm. MS (EI) m/z 418.62. 

 

3,4-Dihydroxyphenethyl dodecanoate (Hydroxytyrosol laurate) 9. Yield 63 % (46 mg); 

yellow oil. 1H NMR (400 MHz, [D]CDCl3): δ=0.90 (3H, m, CH3), 1.28–1.32 (16H, m, 

CH2), 1.63 (2H, m, CH2), 2.37 (2H, m, O=C-CH2), 2.83 (2H, m, CH2), 4.25 (2H, m, 

OCH2), 6.65 (1H, dd, J 7.9 Hz, Ph−H), 6.76 (1H, d, J 2.1 Hz, Ph−H), 6.79 (1H, d, J 8.0 

Hz, Ph−H) ppm. 13C NMR (100 MHz, [D]CDCl3): δ=13.9 (CH3), 22.5 (CH2), 24.8 (CH2), 

28.2–29.8 (CH2 x6), 32.8 (CH2), 34.3 (CH2), 35.8 (CH2), 65.4 (CH2), 116.2 (CH), 117.2 

(CH), 120.2 (CH), 131.9 I, 142.3 I, 145.1 I 173.2 I ppm. MS (EI) m/z 336.47. 

 

3,4-Dihydroxyphenethyl octanoate (Hydroxytyrosol octanoate) 10. Yield 80 % (56.8 

mg); colourless oil. 1H NMR (400 MHz, [D]CDCl3): δ=0.90 (3H, m, CH3), 1.27–1.29 

(8H, m, CH2), 1.66 (2H, m, CH2), 2.35 (2H, m, O=C-CH2), 2.83 (2H, m, CH2), 4.23 (2H, 

m, OCH2), 6.76 (1H, dd, J 7.9 Hz, Ph−H), 6.77 (1H, d, J 2.1 Hz, Ph−H), 6.81 (1H, d, J 

8.0 Hz, Ph−H) ppm. 13C NMR (100 MHz, [D]CDCl3): δ=13.8 (CH3), 23.2 (CH2), 24.8 

(CH2), 29.3–29.5 (CH2 x2), 31.8 (CH2), 33.9 (CH2), 34.5 (CH2), 64.8 (CH2), 115.7 (CH), 

116.3 (CH), 121.2 (CH), 130.9 I, 145.3 I, 146.3 I, 173.4 I ppm. MS (EI) m/z 280.36. 

 

2-(3,4-Dioxocyclohexa-1,5dien-1-yl) ethyl oleate (hydroxyl tyrosol quinone oleate) 11. 

Yield 25 % (26.5 mg); yellow oil. 1H NMR (400 MHz, [D]CDCl3: δ=0.88 (3H, m, CH3), 

1.28 (21H, m, CH2), 1.62 (2H, m, CH2), 2.10 (4H, m, CH2), 2.29 (2H, m, CH2), 2.80 (2H, 

m, CH2), 4.13 (2H, m, CH2), 5.30 (2H, m, CH=CH), 5.89 (1H, s, Ph−H), 6.80 (1H, s, 

Ph−H), 7.25 (1H, s, Ph−H) ppm. 13C NMR (100 MHz, [D]CDCl3): δ=14.3 (CH3), 23.2 

(CH2), 25.2 (CH2), 27.2 (CH2 x2), 28.5–29.9 (CH2 x8), 32.3 (CH2), 34.2 (CH2), 39.1 

(CH2), 64.7 (CH2), 113.5 (CH), 127.5 (CH), 130.7 (CH x2), 153.8 (CH), 156.3 I, 173.8 I, 

180.4 I, 183.1 I ppm. MS (EI) m/z 416.60. 

 

3,4-dihydroxyphenethyl alcohol (hydroxytyrosol) 12. Yield 10 % (10.6 mg); white solid. 
1H NMR (400 MHz, [D]CDCl3): δ=2.77 (2H, m, CH2), 3.85 (2H, m, CH2), 4.58 (OH, m), 

6.67 (1H, s, Ph−H), 6.77 (1 h, m, PH−H), 6.84 (1H, s, Ph−H) ppm. 13C NMR (100 MHz, 
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[D]CDCl3): δ=39.2 (CH2), 61.1 (OCH2), 115.9 (CH), 116.4 (CH), 122.2 (CH), 131.5 I, 

144.5 I, 145.6 I ppm. MS (EI) m/z 154.06. 
 

 

5.7.3 Results and discussions 
 

OLNPs were prepared by nanoprecipitation of organosolv lignin (OL) in the presence of 

tetrahydrofuran (THF) as primary solvent and deionized water as anti-solvent.195 In order 

to immobilize MJL and Ty, the positive charged layer of chitosan (CH) was initially 

coated on the negative charged surface of OLNPs to yield the OLNPs/CH intermediate 

(Scheme 5.1).516 Briefly, a solution of CH in diluted acetic acid was added dropwise to a 

suspension of OLNPs in Milli-Q water under gentle magnetic stirring for 2 h at room 

temperature. The final suspension was centrifuged and lyophilized to afford OLNPs/CH 

intermediate in 96 % yield. Catalyst I was prepared by random immobilization of similar 

enzymatic units of MJL and Ty on OLNPs/CH intermediate. MJL (25 U) and Ty (25 U) 

in sodium phosphate buffer were added to OLNPs/CH intermediate (1.5 mg mL−1) in 

PBS. The mixture was stirred at 4 °C in orbital shaking for 24 h. The suspension was 

centrifuged and washed two times with PBS to afford Catalyst I in 85 % yield (Scheme 

5.1, pathway A). Catalyst II was prepared by co-oriented immobilization of MJL and Ty 

on OLNPs/CH intermediate by using Con A as a molecular spacer. Negative charged (ζ-

potential −14 mV) Con A (0.5 mg)517 in PBS was deposited on OLNPs/CH intermediate 

(1.5 mg mL−1) in PBS under gentle sonication conditions for 5 min at room temperature 

to afford OLNPs/CH/Con A intermediate (Scheme 1, pathway B). Next, MJL (25 U) and 

Ty (25 U) in PBS were added to OLNPs/CH/Con A intermediate (1.5 mg mL−1) in PBS, 

and the mixture was stirred at 4 °C for 24 h. The suspension was centrifuged and washed 

two times with PBS to afford Catalyst II in 88 % yield (Scheme 5.1, pathway B). 

 

 

 

Field emission scanning electron microscopy (FE-SEM) analysis of Catalyst I and 

Catalyst II (Figure 5.1) showed nanoparticles with regular spherical shape 

characterized, in the case of Catalyst II, by the typical corona-like structural motif 

associated to the presence of Con A (Figure 5.1, panel B) (FE-SEM analysis of OLNPs 

are reported in Supporting Information #1).149 This different morphology was appreciable 

Scheme 5.1. Schematic representation of Catalyst I and Catalyst II. Random 

immobilization (pathway A); Oriented co-immobilization (pathway B) 
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from that observed for Catalyst I, in which case roughly aggregates of small clumps, 

typical of CH,518 were present on the surface of the nanoparticles (Figure 5.1, panel A). 

 

 

 

Dynamic light scattering (DLS) and ζ-potential values of Catalyst I and Catalyst II are 

reported in Table 15 and compared with OLNPs, and OLNPs/CH and OLNPs/CH/Con 

A intermediates, respectively (entries 1–5). Catalyst I and Catalyst II showed an 

average diameter of 378.8 nm and 526.5 nm, respectively, higher than OLNPs (Table 15, 

entries 4–5 versus entry 1). Note that, the diameter of Catalyst I increased of c.a. 50 nm 

with respect to OLNPs/CH intermediate after the deposition of the enzymes (Table 15, 

entry 4 versus entry 2, respectively). In a similar way, the diameter of Catalyst II 

increased of c.a. 74 nm with respect to OLNPs/CH/Con A intermediate (Table 15, entry 

5 versus entry 3). In addition, an increase of about 100 nm was measured after deposition 

of Con A on OLNPs/CH intermediate. This latter trend was in accordance with previous 

reported data on the immobilization of enzymes on organic supports when mediated by 

Con A.151 The value of the ζ-potential confirmed the occurrence of the expected coating 

sequence in the preparation of Catalyst I and Catalyst II. Catalyst I inverted the ζ-

potential value with respect to OLNPs/CH intermediate which was characterized by a 

positive ζ-potential value (+26 mV), as a consequence of the balance with the negative 

charged enzymes (Table 15, entry 4 versus entry 2). Conversely, the ζ-potential of 

Catalyst II was similar to that of OLNPs/CH/Con A intermediate, having this latter 

compound a negative ζ-potential (Table 15, entry 5 versus entry 3). Probably, the 

efficacy of the supramolecular recognition between OLNPs/CH/Con A intermediate and 

MJL and Ty was controlled by the formation of H-bonding network than electrostatic 

interactions, in accordance with data previously reported.519 

 

 

 

 

 

Figure 5.1. Field emission scanning electron microscopy (FE-

SEM) images of Catalyst I (panel A) and Catalyst II (panel 

B). Panel C−D: magnification (x800k) of Catalyst I and 

Catalyst II, respectively. 
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Table 15. DLS and ζ-potential of OLNPs/CH and OLNPs/CH/Con A intermediates and Catalyst 

I–II. 

Entry Sample Size (nm) ζ-potential (mV) 

1 OLNPs 290.8 -43 

2 OLNPs/CH 328.6 +26 

3 OLNPs/CH/Con A 452.2 -30 

4 Catalyst I 378.8 -36 

5 Catalyst II 526.5 -48 

 

 

The immobilization of MJL and Ty on OLNPs/CH intermediate was further confirmed 

by attenuated total reflectance FT-IR analysis (FT-IR analysis of OLNPs, OLNPs/CH and 

OLNPs/CH/Con A intermediates are reported in SI#2; Figure S2). The FT-IR spectrum 

of Catalyst I showed the typical bands of OLNPs/CH intermediate (Figure 5.2). In 

addition, the signal about 1500 cm−1 and 1600–1700 cm−1 were attributed to the 

stretching vibration of the amide II and amide I bands, respectively, which are 

characteristic of the polypeptide structure. FT-IR analysis was not diagnostic in the case 

of Catalyst II, due to the presence of bands associated to Con A. 

 

 

 

The activity parameters of Catalyst I and Catalyst II were evaluated as reported in 

Equations (1)-(3), respectively: 

 

Activity yield (%) = [Ux/(Ua — Ur)] × 100   (1) 

 

Immobilization yield (%) = [(Ua — Ur)/Ua] × 100  (2) 

 

Activity (units/mg) = Ux/Wsupport   (3) 

 

where Ux are the immobilized enzyme units, Ua are the total units of the enzyme added 

to the solution, and Ur are the residual units of the enzyme in the washing solution. The 

activity parameters of MJL were evaluated following the increase in absorbance (λmax 405 

nm) produced during the release of para-nitrophenol in the hydrolysis of para-nitrophenyl 

laurate (p-NPL) in Tris-HCl (0.1 M, pH 7.4) at 25 °C for 15 min.513,514 In a typical 

Figure 5.2. FT-IR spectra of Catalyst I (red line) and Catalyst II 

(blue line). The FT-IR spectra of free MJL (green line) and Ty 

(purple line) are reported as reference. 
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experiment, Catalyst I and Catalyst II (1.5 mg mL−1 in PBS) were added to p-NPL 

solution (20 mM) in Tris-HCl at 25 °C. The international unit of lipase activity was 

defined as the amount of enzyme necessary to hydrolyze 1.0 μmol of p-NPL in 1 min at 

25 °C and optimal pH. The activity of Ty was measured by the dopachrome assay (λmax 

475 nm) in PBS at 25 °C for 10 min.515 In a typical experiment, Catalyst I and Catalyst 

II (1.5 mg mL−1 in PBS) were added to L-tyrosine solution (2.5 mM) in PBS at 25 °C. 

The activity of Ty was determined following the increase in absorbance (λmax 475 nm) 

during the oxidation of L-tyrosine in PBS at 25 °C for 10 min. The international unit of 

tyrosinase activity was defined as the amount of enzyme necessary to oxidize 1.0 μmol 

of L-tyrosine in 1 min at 25 °C and optimal pH. As reported in Table 16, the 

immobilization yield of MJL and Ty in Catalyst II was higher than that of Catalyst I, 

confirming the beneficial role of Con A in the immobilization procedure (entry 4 versus 

entry 3). In a similar way, the activity yield and the activity of MJL and Ty in Catalyst 

II were higher than that of Catalyst I. This effect was most probably due to the optimal 

co-orientation of the two enzymes, as successively confirmed by FRET analysis (see next 

paragraph). 

 
Table 16. Immobilization and activity parameters of Catalyst I and Catalyst II.[a] 

Entry Catalyst IY[b] of MJL (%) IY of Ty (%) AY[c] (%) and A[d] of 
MJL 

 

AY (%) and A 
of Ty 

 

1 MJL - - 10.6 - 

2 Ty - - - 11.8 

3 I 80 50 20(8.4)[d] 14(12.2)[d] 

4 II 87 69 60(15.9)[d] 45(15.7)[d] 

[a] All experiments were conducted in triplicates. [b] Immobilization yield (%). [c] Activity yield (%). [d] Activity 

(U/Wsupport). 

 

 

Kinetic parameters (Km and Vmax) of MJL and Ty in Catalyst I and Catalyst II (Table 

17, entries 3 and 4) were determined by measuring the activity of the appropriate enzyme 

at different concentration of p-NPL (0–10 mM) and L-tyrosine (0.1–0.33 mM) by using 

the p-NPL513 and dopachrome assays,515 respectively. All measurements were performed 

by using the same amount of catalyst (1.5 mg). The data were analyzed by Lineweaver-

Burk plots and the Michaelis-Menten constant and Vmax calculated in triplicate with the 

GraphPad software. Kinetic parameters of MJL and Ty were also calculated as a reference 

(Table 17, entries 1 and 2). Catalyst II showed a value of Vmax for both MJL and Ty of 

the same order of magnitude than the native counterpart (Table 17, entries 3–4 versus 1–

2), and higher than Catalyst I (Table 17, entry 4 versus entry 3), confirming the 

beneficial effect played by Con A in the immobilization process. Km of MJL and Ty 

followed a similar trend (Table 17). This result is in accordance with data previously 

reported on the role played by the correct spatial distribution of the enzymes during the 

immobilization process in the overall catalytic activity of the enzymatic cascade.479,520 
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Table 17. Kinetic parameters of Catalyst I and Catalyst II.[a] 

Entry Catalyst Km (mM)[b] 
of MJL 

Km (mM) 
of Ty 

Vmax (µmol L-1 s-1)[c] of 
MJL 

Vmax  (µmol L-1 s-1) 
of Ty 

1 MJL 5.3 - 0.24 - 

2 Ty - 0.18 - 0.62 

3 I 8.30 0.45 0.22 0.54 

4 II 3.17 0.16 0.45 0.75 

[a] All experiments were conducted in triplicates. [b] Average error is 2–4 %. [c] Average error is 1–3 %. 

 

 

In order to unambiguously confirm the proximity of MJL and Ty on the surface of 

Catalyst II, we measured the Förster resonance energy transfer (FRET) spectra by Zeiss 

LSM-710 laser confocal microscopy (CLSM) analysis,521 comparing the result with 

Catalyst I as a reference (Figure 5.3, panel a-h). The FRET effect occurs between two 

fluorophores by non-radiative dipole-dipole coupling as a consequence of the energy 

transfer between a donor and acceptor dyes in close proximity (typically 1–10 nm).522 

Catalyst I and Catalyst II were labelled with fluorescein isothiocyanate (FITC) as donor 

dye, and with rhodamine B (Rho B) as the acceptor counterpart, respectively (labelling 

of MJL and Ty and confocal FRET microscopy procedure are reported in SI#3).523 The 

effective presence of FITC-MJL on Catalyst I–II was detected in the donor channel 

mode at 490 nm (Figure 5.3, panel a and e; green fluorescence signal), while Rho B−Ty 

was detected in the acceptor channel mode at 560 nm (Figure 5.3, panel b and f; red 

fluorescence signal). The proximal localization of fluorophores, highlighted by the 

presence of a merged fluorescent signal, was observed only in the case Catalyst II, 

(Figure 5.3, panel g versus panel c). The elaboration of the FRET signal of Catalyst II 

(Figure 5.3, panel h)524 indicated the presence of a distance of 6.7 nm between the two 

enzymes, a value that is comprised in the range of values for which the substrate 

channelling effect was operative.525 The absence of the FRET signal in the case of 

Catalyst I (Figure 5.3 panel d) suggested the random co-immobilization of the enzymes. 

 

 

 

 

Figure 5.3. Laser confocal scanning microscopy of Catalyst I–II. Panel a: 

MJL labelled with FITC in the donor channel at 490 nm (green pixels) of 

Catalyst I. Panel b: Ty labelled with Rho B in the acceptor channel at 560 

nm (red pixels) of Catalyst I. Panel c: FRET channel of merged fluorescence 

effect of Catalyst I. Panel d: original FRET signal of Catalyst I. PANEL e-

h: donor, acceptor, FRET and original FRET channels respectively of 

Catalyst II. 



108 

 

Lipophilic esters of hydroxytyrosol were synthesized by reaction of tyrosol 1 with long-

chain carboxylic acids including oleic acid (C18:1) 2, lauric acid (C12) 3 and octanoic 

acid (C8) 4. We first evaluated the effect played by the ratio between the two reagents 

and the polarity of the reaction solvent in the esterification step, analyzing the reaction of 

1 and 2 as a selected case under argon atmosphere in order to selectively inhibit the 

activity of Ty (Scheme 5.2). 

 

 

 

Scheme 5.2. Synthesis of tyrosol oleate 5 by reaction of tyrosol 1 and oleic acid 2 in the presence of Catalyst I and 

Catalyst II. The tyrosinase activity of Catalyst I and Catalyst II was inhibited by performing the reaction under argon 

atmosphere. 

 

The reaction was performed using three different molar ratio of the reagents (1 : 1, 1 : 1.78 

and 3 : 1 ratio, respectively). Compounds 1 and 2 were solubilized in organic solvents 

(5.0 mL) with different polarity (n-hexane, 2-methyltetrahydrofuran, and n-

hexane/ethanol 9 : 1 v/v) in the presence of a low amount of PBS (0.1 mL) containing the 

appropriate amount of catalyst (165 μg) under argon atmosphere at 50 °C and gentle 

magnetic stirring (200 rpm). The organic solvents were selected among that previously 

reported in the lipase transformations,510,526,527 while the low amount of PBS was required 

to hydrate the enzyme.528 Higher amount of aqueous buffer is known to inhibit the 

esterase activity of lipase.527 The range of temperature between 40 °C and 50 °C is a well-

recognized temperature for the enzymatic synthesis of ester derivatives.529 Similar 

reactions were performed with free MJL as a reference. Table 18 summarizes the 

conversion of 1 and the yield of tyrosol oleate 5 depending on the ratio value of the 

reagents, the nature of the reaction solvent and the catalyst applied in the transformation. 

As expected, hydroxytyrosol was not detected in the reaction mixture due to the presence 

of the argon atmosphere inhibiting Ty activity. As a general trend, 2-

methyltetrahydrofuran (2-MeTHF) performed as the best organic solvent in the synthesis 

of 5 under both homogeneous and heterogeneous conditions (Table 18, entries 10–18). 
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A lower yield of 5 was obtained in the presence of n-hexane (n-Hex) and n-Hex/Ethanol 

(EtOH; 9 : 1 v/v). Irrespective from the experimental conditions, the highest yield of 5 

was generally obtained using the 1 : 1 ratio of the two reagents. 2-MeTHF is a bio-

renewable reaction solvent530 widely applied in bio-catalysis and esterification 

processes.128,455 Among the different experimental conditions tested with 2-MeTHF, 

Catalyst II afforded 5 in yield higher than Catalyst I (Table 18, entry 16 versus entry 

13). This result is in accordance with the higher activity and kinetic parameters of 

Catalyst II than Catalyst I. In addition, the reaction performed with Catalyst II in 2-

MeTHF afforded 5 in a yield comparable to (Table 18, entry 16 versus entry 10), or 

higher than (Table 18, entries 17 and 18 versus entries 11 and 12), free MJL. On the basis 

of these data, we selected 2-MeTHF and the molar ratio value of 1 : 1 between 1 and long-

chain carboxylic acids 2–4 to generalize the procedure for the synthesis of hydroxytyrosol 

ester derivatives 8–10. In this latter case, the reaction was performed under dioxygen 

atmosphere (O2) to activate the catecholase activity of Ty in the enzymatic cascade 

(Scheme 5.3). 

 
Table 18. Synthesis of tyrosol oleate 5 from tyrosol 1 and oleic acid 2 in the presence of Catalyst 

I and Catalyst II.[a] 

Entry Organic solvent MJL/Catalyst 1 (mmol) 2 (mmol) Ratio ½ Conversion[b] [%] Yield[c] [%] 

1 n-Hex MJL 0.25 0.25 1:1 38 35 

2 n-Hex MJL 0.14 0.25 1:2 5 3.2 

3 n-Hex MJL 0.36 0.12 3:1 16 15 

4 
n-Hex Catalyst I 0.25 0.25 1:1 3.8 2.7 

5 
n-Hex Catalyst I 0.14 0.25 1:2 1.6 1.4 

6 
n-Hex Catalyst I 0.36 0.12 3:1 3.0 3.0 

7 
n-Hex Catalyst II 0.25 0.25 1:1 12.5 11 

8 
n-Hex Catalyst II 0.14 0.25 1:2 2.3 2.1 

9 
n-Hex Catalyst II 0.36 0.12 3:1 5.6 5.6 

10 
2-Me-THF MJL 0.25 0.25 1:1 57 57 

11 
2-Me-THF MJL 0.14 0.25 1:2 23 22 

12 
2-Me-THF MJL 0.36 0.12 3:1 29.5 29 

13 
2-MeTHF Catalyst I 0.25 0.25 1:1 27 27 

14 
2-MeTHF Catalyst I 0.14 0.25 1:2 20 19 

15 
2-MeTHF Catalyst I 0.36 0.12 3:1 13 12 

16 
2-MeTHF Catalyst II 0.25 0.25 1:1 51 50 

17 
2-MeTHF Catalyst II 0.14 0.25 1:2 30 30 
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[a] All experiments were conducted in triplicates at 50 °C for 48 h. MJL: Lipase M. [b] Conversion of tyrosol 1 was evaluated 

on the basis of the recovered mmol of substrate. [c] The yield of tyrosol oleate 5 was evaluated on the basis of the recovered 

mmol of the reaction product. 

 

 

 

 
 

Scheme 5.3. Synthesis of hydroxytyrosol esters 8–10 from tyrosol 1 and carboxylic acids 2–4 in the presence of 

Catalyst I and Catalyst II. The reaction was performed under dioxygen atmosphere to activate also tyrosinase. 

 

Briefly, tyrosol 1 (35 mg, 0.25 mmol) and carboxylic acids 2–4 (0.25 mmol) were added 

with Catalyst I–II (165 μg in PBS, 0.1 mL) and ascorbic acid (0.5 mmol) in 2-MeTHF 

(5.0 mL) under dioxygen atmosphere at 50 °C for 48 h. Ascorbic acid (A.A) was used to 

avoid the formation of quinone side chain derivatives.531 Under these experimental 

18 
2-MeTHF Catalyst II 0.36 0.12 3:1 40 40 

19 
n-Hex/ EtOH MJL 0.25 0.25 1:1 19 18 

20 
n-Hex/ EtOH MJL 0.14 0.25 1:2 7 5.6 

21 
n-Hex/ EtOH MJL 0.36 0.12 3:1 8.5 6.0 

22 
n-Hex/ EtOH Catalyst I 0.25 0.25 1:1 2.3 1.1 

23 
n-Hex/ EtOH Catalyst I 0.14 0.25 1:2 0.4 0.4 

24 
n-Hex/ EtOH Catalyst I 0.36 0.12 3:1 1.6 1.6 

25 
n-Hex/ EtOH Catalyst II 0.25 0.25 1:1 6 5.9 

26 
n-Hex/ EtOH Catalyst II 0.14 0.25 1:2 4.2 4.0 

27 
n-Hex/ EtOH Catalyst II 0.36 0.12 3:1 4.7 4.7 
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conditions, hydroxytyrosol esters 8–10 were synthesized as the main reaction products 

from acceptable to high yield (from 49 % to 80 %), besides low amount of tyrosol esters 

5 and 6–7, and unreacted substrate (Table 19). As a general trend, the highest conversion 

of 1 and yield of compounds 8–10 were obtained in the presence of Catalyst II, further 

confirming the beneficial effect of Con A as molecular spacer (Table 19, entries 4–7 

versus entries 1–3). Irrespective from the experimental conditions, a low amount of 

tyrosol esters 5–7 was also obtained. In order to evaluate the possible occurrence of 

substrate-tunnelling effect between the active sites of the two enzymes, the performance 

of Catalyst II was compared with that of Catalyst III and Catalyst IV, prepared by the 

individual immobilization of MJL and Ty on OLNPs/CH/Con A intermediate (the 

preparation and structural characterization of Catalyst III and Catalyst IV are reported 

in SI#4). The treatment of 1 and 2 under previously reported experimental conditions in 

the presence of a mixture of Catalyst III and Catalyst IV, bearing the same total amount 

of the two enzymes as in Catalyst II, afforded hydroxytyrosol ester 8 in low yield, 

besides to appreciable amount of tyrosol ester 5 and hydroxytyrosol 12 (Table 19, entry 

8 versus entry 4). The presence of relevant amount of 5 and 12 in the reaction mixture 

suggested that the occurrence of the substrate-tunnelling effect cannot be completely 

ruled out. As a general trend, the yield of esters 8–10 increased by decreasing the number 

of carbon atoms in the side-chain of the molecule (Table 19, entry 4 versus entries 6–7). 

The role of carboxylic acids in the efficacy of esterification of tyrosol and hydroxytyrosol 

under biocatalytic conditions is reported, focusing on the deleterious effect exerted by the 

increase of the number of carbon atoms in the efficacy of the transformation.532 Note that, 

the treatment of 1 with Catalyst II in the absence of ascorbic acid afforded a mixture of 

hydroxytyrosol ester 8 and quinone 11 in a similar yield (Table 19, entry 5), opening the 

possibility to apply this procedure for the synthesis of hydroxytyrosol quinone esters. 

 
Table 19. Synthesis of lipophilic hydroxytyrosol esters 8–10 from 1 by Catalyst I and Catalyst 

II[a] 

Entry Catalyst Carboxylic acid Product(s) Conversion[b] (%) Yield (%) [c] 

1 I 2 5  (8) 24 6.1 (18) 

2 I 3 6  (9) 32 8.0  (24) 

3 I 4 7  (10) 38 5.1  (33) 

4 II 2 5  (8) 53 4.2  (49) 

5 II 2[d] 5  (8)  [11] 53 5.3 (25) [25] 

6 II 3 6  (9) 70 7  (63) 

7 II 4 7  (10) 86 6  (80) 

8 III-IV 2 5 (8) [12] 70 32.4 (9) [27] 

9 II 2 8 51 (Run n.1) [e] 49 

10 II 2 8 49 (Run n.2) 47 

11 II 2 8 43 (Run n.3) 39 

12 II 2 8 38 (Run n.4) 35 

13 II 2 8 35 (Run n.5) 29 

[a] All experiments were conducted in triplicate. [b] Conversion of tyrosol 1. [c] The yield was evaluated on the basis of 

the recovered mmol of reaction product. [d] Reaction performed in the absence of ascorbic acid. [e] Catalyst II was 

recovered by centrifugation and re-used in next runs. 
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The reusability of Catalyst II was evaluated after its recovering at the end of the reaction 

(centrifugation, followed by washing with PBS) and its re-using in the next runs. As a 

general trend, Catalyst II retained a relevant reactivity after 5 runs in the synthesis of 

hydroxytyrosol ester 8 as a selected example (Table 19, entries 9–13). The decrease in 

conversion of the substrate observed during the recycling experiments (c.a. 20 % with 

respect to the first run) may be probably due to the partial thermic denaturation of Con 

A,533,534 responsible for the occurrence of unfavourable conformational changes of 

immobilized enzymes.  
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5.2. Synthesis of Bioactive Hydroxytyrosol Esters via 

Multienzyme Cascade on Electroactive Melanin Lignin 

Nanoparticles: A One-Pot Approach without Extra Reducing 

Agents 

 
5.2.1 Aim of work 

 
Hydroxytyrosol [2-(3,4-dihydroxyphenyl) ethanol] is a natural polyphenol with powerful 

health benefits, including antioxidant, anti-inflammatory, anti-cancer, and 

neuroprotective properties.489,535-538 It is a very polar molecule with limited absorption, 

distribution, metabolism and excretion (ADME) properties.539,506 Esters of 

hydroxytyrosol with lipophilic carboxylic acids have been synthesized to enhance 

bioavailability and cell membrane affinity, thus improving the therapeutic efficacy.499,540 

Up to now, hydroxytyrosol esters have been obtained by multistep protocols 

encompassing tedious protecting methods and time-consuming procedures.540,541 

Enzymatic cascades can solve this problem. They emerged as a sustainable and efficient 

strategy to perform multisteps reaction in one-pot conditions.542 In this latter case, the 

product of the first enzymatic transformation became the substrate for the next enzyme, 

simplifying the overall transformation.543 The possibility to support multienzyme 

cascades on smart and functional nanoplatforms further improved their synthetic 

application.544 

In this context, we recently reported that lipase and tyrosinase could work in a cascade 

transformation for the one-pot synthesis of esters of hydroxytyrosol.453 The oriented 

immobilization of these enzymes on lignin nanoparticles was obtained by the aid of 

Concanavalin A (Con A) as spatial orienting agent able to selectively bind the 

carbohydrate region of glycoenzymes.479,480,519,149 As confirmed by previous study, 

tyrosinase and lipase MJL are both glycoenzymes bearing nonreducing terminal α-D-

mannosyl and α-D-glucosyl groups located far from their active sites.545,546 In addition, 

the role played by Con A in the orientation of lipase and tyrosinase by Förster resonance 

energy transfer (FRET) confocal microscopy analysis has been reported and the 

possibility of the occurrence of substrate channelling effect discussed in detail.453,525 

Lignin nanoparticles are effective platforms for the immobilization of redox enzymes, 

thanks to the capability to improve both stability and reactivity.130-132,547 Note that the use 

of tyrosinase in the enzymatic cascade irremediably required the presence of extra 

reducing agents in order to counteract the prevalence of the diphenolase activity of 

tyrosinase to yield desired catechols instead of quinone derivatives.548-550 On the other 

hand, extra reducing agents inhibit tyrosinase leading to low conversion of substrate and 

product yield.550 The presence of extra reducing agents also require further purification 

steps and complex work-up procedures.551 

To address these challenges, we report here the one-pot synthesis of lipophilic esters of 

hydroxytyrosol by using the lipase-tyrosinase multienzyme cascade in the absence of 

extra reducing agents. This result was obtained by supporting the multienzyme cascade 

on hybrid lignin nanoparticles containing electroactive eumelanin and pheomelanin.552-

554 Eumelanin and pheomelanin were selected in order to lowering the HOMO-LUMO 

energy gap between the aromatic subunits of lignin, thus improving the redox properties 

of the overall platform.555 The electrochemical properties of eumelanin and pheomelanin 

are reviewed, and the capability of these polyphenols to perform as semiconductor in dark 

conditions discussed in detail.556,557 
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The redox potential of hybrid melanin lignin nanoparticles was favourable for the 

regeneration of the active site of tyrosinase from unproductive met-form to reversible 

deoxy/oxy-form as indicated by optoelectronic and electrochemical analyses.558 This 

effect improved the overall activity of tyrosinase in the multienzyme cascade with respect 

to lignin alone and favoured the reduction of undesired quinones to corresponding 

catechols.551,559 

 

5.2.2 Experimental part 

 
Materials and methods. 

Enzymatic hydrolysis lignin (EHL) was purchased from Chemical Point (Oberhaching, 

Germany). L-3,4-dihydroxyphenylalanine (L-DOPA), L-cysteine, 2-(4-

hydroxyphenyl)ethanol (Tyrosol), octanoic acid, lauric acid, butyric acid, propionic acid, 

Amano lipase M from Mucor javanicus (MJL, 300 U/mg), concanavalin A (Con A) type 

IV from Canavalia ensiformis (Jack bean), mushroom tyrosinase from Agaricus bisporus 

(Ty, 1000 U/mg), 4-nitrophenyl palmitate and para-coumaric acid, were purchased from 

Sigma-Aldrich. 2-methyltetrahydrofuran, tetrahydrofuran and ethanol were purchased 

from Sigma-Aldrich and were used without further purification. Sodium phosphate buffer 

(PBS 0.1 M, pH 7) was prepared by using Milli Q water. Spectrophotometric analysis 

was performed with Cary 60 UV-Vis spectrophotometer equipped with a single cell 

peltier thermostated holder. Chemical reactions were monitored by using thin layer 

chromatography on pre-coated aluminium silica gel Merck 60 F254 plates and UV lamp 

(λmax=254 nm) for visualization. 1H NMR and 13C NMR spectra were recorded on a 

Bruker (400 MHz) spectrometer using CDCl3. Chemical shifts (δ) are expressed in parts 

per million (ppm). Coupling constants J are expressed in hertz (Hz). Spin multiplicities 

are given as s (singlet), d (doublet), dd (doublet of doublets), and m (multiplet). MS data 

were obtained by using LC/MS Agilent 1100 LC-MSD VL system (G1946C) interfaced 

with an ESI source (spray voltage of 4.5 kV and nitrogen as sheath gas). 

 

Preparation of melanin samples 

Water-soluble eumelanin (EM) was prepared by dissolution of L-DOPA (0.76 mmol; 150 

mg) in deionized water (30 mL), followed by addition of NH4OH (0.2 mL) to reach pH 

9. The mixture was stirred for 15 hours at room temperature under bubbling oxygen.560 

At the end, the solution was kept in a dialysis membrane of 3.5K MWCO against 

deionized water for 24 hours and then the sample was freeze-dried. Water soluble 

pheomelanin (PM) was synthesized from L-DOPA (0.76 mmol; 150 mg) and L-Cysteine 

(1.14 mmol, 138 mg) in the optimal ratio of 1 : 1.5, dissolved in deionized water (30 mL) 

followed by addition of NH4OH (0.2 mL) to reach pH 9. The purification of pheomelanin 

followed the same protocol described for EM. 

 

Preparation of hybrid melanin-lignin nanoparticles 

For the synthesis of hybrid melanin-lignin nanoparticles, EHL (170 mg) was dissolved in 

the ternary mixture (primary solvent) water (22 % v/v, 0.54 mL), ethanol (39 % v/v, 0.98 

mL) and THF (39 % v/v, 0.98 mL) and added to EM (8.5 mg) in deionized water (12.5 

mL) as anti-solvent under gentle mechanical stirring to yield EHLNPs/EM.561 Next, 

EHLNPs/EM were isolated by rotary evaporation under reduced pressure at 60 °C for 25 

min, followed by centrifugation (14339 RCF, 4 °C for 10 minutes) and freeze dry. A 

similar procedure was applied in the case of PM to afford EHLNPs/PM. The UV-vis scan 

analysis of the supernatant recovered after isolation of the hybrid nanoparticles by 

centrifugation was recorded in the range between 290 nm to 800 nm. 
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Electrochemical characterization of EHLNPs/EM and EHLNPs/PM 

Cyclic voltammetry (CV) measurements were performed in a conventional three-

electrode thermostated glass-cell (Metrohm) using a Multi Walled Carbon Nanotubes 

Screen-Printed Electrode (MWCNTs/SPE) modified by drop casting technique with 

EHLNPs/EM and EHLNPs/PM as a working electrode, Ag/AgCl/Kclsat as reference 

electrode (198 mV versus NHE) and Glassy Carbon rod as a counter electrode. Autolab 

Potentiostat/Galvanostat (Eco Chemie) was utilized for the electrochemical 

measurements. Cyclic voltammetry (CV) experiments were performed in 5 mM 

[Fe(CN)6]3
−/4− containing 0.1 M KCl solution and scan rate 25 mV s−1. 

 

Procedure for the preparation of Catalyst I–III 

For the preparation of Catalysts I–III, 0.5 mL of Con A solution (2.0 mg/mL) in PBS 

(0.1 M, pH 7.0) were added to EHLNPs, EHLNPs/EM and EHLNPs/PM (2.0 mg/mL) in 

PBS (1.0 mL; 0.1 M, pH 7.0) under gentle sonication conditions at 25 °C, followed by 

the addition of MJL (110 U; 5.0 mg/mL) and Ty (32 U; 1.0 mg/mL) dissolved in PBS 

(0.1 M, pH 7.0). The mixture was stirred at 4 °C in orbital shaking for 24 h. The solution 

was centrifuged (14339 RCF, 4 °C for 10 minutes) and washed two times with PBS (0.1 

M, pH 7.0) to afford Catalysts I–III.453 The immobilization and activity parameters for 

MJL were evaluated by measuring the increase in absorbance (λmax 405 nm) during the 

release of para-nitrophenol in the hydrolysis of para-nitrophenyl palmitate (para-NPP) 

in PBS (0.1 M, pH 7.0) at 25 °C for 10 min.514,562 In a typical experiment, Catalysts I–

III (1.0 mg/mL; in PBS 0.1 M, pH 7.0) were added to para-NPP solution (15 mM; 

CNCH3: water 17 : 50; 1 mL) in PBS (0.1 M, pH 7.0). The immobilization and activity 

parameters for Ty were determined following the increase in absorbance (λmax 311 nm) 

produced during the oxidation of para-coumaric acid to caffeic acid in PBS (0.1 M, pH 

7.0) for 30 min at 20 °C.525 In a typical experiment, Catalysts I–III (1.0 mg/mL; in PBS 

0.1 M, pH 7.0) were added to para-coumaric acid solution (4.9 mM; 

PBS : CH3(CH2)2OH 4 : 1; 0.077 mL) in PBS (0.1 M, pH 7.0). 

 

Synthesis of lipophilic hydroxytyrosol esters 

The reactions were performed starting from tyrosol 1 (0.25 mmol) and octanoic acid 2 a, 

lauric acid 2 b, butyric acid 2 c and propionic acid 2 d (0.25 mmol) in 2-MeTHF (5.0 mL) 

and PBS (0.15 mL) in the presence of Catalysts I–III (150 μg) at 50 °C for 48 h under 

bubbling oxygen.453 The reaction was monitored by thin layer chromatography (TLC, n-

hexane/EtOAc=8.0 : 2.0 and n-hexane/EtOAc=6.0 : 4.0). At the end, the reaction was 

filtered to remove the catalysts and the solvent was evaporated under reduced pressure. 

The crude was purified by flash chromatography. The reusability of Catalyst III in the 

synthesis of hydroxytyrosol esters 3 b and 4 b was evaluated after its recovering at the 

end of the reaction by filtration followed by washing with PBS (0.1 M, pH 7.0) and freeze 

dry. The original 1H NMR and 13C NMR spectra of the reaction products are in 

Supporting information S8. 

 

3,4-Dihydroxyphenethyl octanoate (Hydroxytyrosyl octanoate) 3 a. Colourless oil. 1H 

NMR (400 MHz, CDCl3): δ=0.90 (m, 3H), 1.28 (m, 8H), 1.59–1.63 (m, 2H), 2.28–2.32 

(m, 2H), 2.82–2.88 (m, 2H), 4.24–4.27 (m, 2H), 6.65–6.67 (dd, J 7.9 Hz, 1H), 6.76–6.82 

(m, 2H) ppm. 13C NMR (100 MHz, CDCl3): δ=14.0 (CH3), 22.7 (CH2), 24.9 (CH2), 28.9–

29.0 (CH2×2), 31.6 (CH2), 34.2 (CH2), 34.4 (CH2), 65.2 (CH2), 115.9 (CH2×2), 122.3 

(CH), 131.3 I, 144.6 I, 145.5 I, 173.2 I ppm. MS (ESI) m/z 280.36. 
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2-(3,4-Dioxocyclohexa-1,5-dien-1-yl)ethyl octanoate (Hydroxytyrosyl octanoate 

quinone) 4 a. Yellow oil. 1H NMR (400 MHz, CDCl3: δ=0.90 (m, 3H), 1.28 (m, 8H), 

1.60–1.63 (m, 2H), 2.23–2.24 (m, 2H), 2.33–2.35 (m, 2H), 4.07–4.10 (m, 2H), 5.86–5.87 

(d, J 5 Hz, 1H), 6.09 (s, 1H), 7.22–7.23 (d, j 4.9 Hz, 1H) ppm. 13C NMR (100 MHz, 

CDCl3): δ=14.1 (CH3), 22.7 (CH2), 24.9 (CH2), 28.9–29.0 (CH2×2), 31.6 (CH2), 34.0 

(CH2), 37.3 (CH2), 62.7 (CH2), 112.9 (CH), 126.9 (CH), 152.7 (CH), 157.6 I, 173.2 I, 

180.6 I, 181.9 I ppm. MS (ESI) m/z 278.15. 

 

4-Hydroxyphenethyl octanoate (Tyrosyl octanoate) 5 a. Yellow oil. 1H NMR (400 MHz, 

CDCl3): δ=0.88–0.92 (m, 3H), 1.29–1.31 (m, 8H), 1.57–1.64 (m, 2H), 2.28–2.32 (m, 2H), 

2.86–2.90 (m, 2H), 4.24–4.28 (m, 2H), 6.78–6.80 (d, J 8.0 Hz, 2H), 7.09–7.11 (d, J 8.1 

Hz, 2H) ppm. 13C NMR (100 MHz, CDCl3): δ=14.0 (CH3), 22.6 (CH2), 24.9 (CH2), 28.9–

29.0 (CH2, x2), 31.6 (CH2), 34.2–34.4 (CH2 x2), 65.1 (CH2), 115.3 (CH, ×2), 129.6 I, 

130.0 (CH, ×2), 154.5 I, 174.2 I ppm. MS (ESI) m/z 264.37. 

 

3,4-Dihydroxyphenethyl dodecanoate (Hydroxytyrosyl laurate) 3 b. Yellow oil. 1H NMR 

(400 MHz, CDCl3): δ=0.90 (m, 3H), 1.28 (m, 16H), 1.62-1.67 (m, 2H), 2.28–2.31 (m, 

2H), 2.82–2.87 (m, 2H), 4.23–4.28 (m, 2H), 6.65–6.68 (dd, J 7.9 Hz, 1H), 6.76–6.82 (m, 

J 8 Hz, 2H) ppm. 13C NMR (100 MHz, CDCl3): δ=13.9 (CH3), 22.5 (CH2), 24.8 (CH2), 

28.2–29.8 (CH2 ×6), 32.8 (CH2), 34.3 (CH2), 35.8 (CH2), 65.4 (CH2), 116.2 (CH), 117.2 

(CH), 120.2 (CH), 131.9 I, 142.3 I, 145.1 I 173.2 I ppm. MS (ESI) m/z 336.47. 

 

2-(3,4-Dioxocyclohexa-1,5-dien-1-yl)ethyl dodecanoate (Hydroxytyrosyl laurate 

quinone) 4 b. Yellow oil. 1H NMR (400 MHz, CDCl3): δ=0.89 (m, 3H), 1.28 (m, 16H), 

1.60–1.62 (m, 2H), 2.23–2.24 (m, 2H), 2.33–2.35 (m, 2H), 4.07–4.11 (m, 2H), 5.86–5.87 

(d, J 5 Hz, 1H), 6.08 (s, 1H), 7.22–7.24 (d, j 4.9 Hz, 1H) ppm. 13C NMR (100 MHz, 

CDCl3): δ=14.1 (CH3), 22.7 (CH2), 24.9 (CH2), 28.9–29.3 (CH2 ×6), 31.6 (CH2), 34.0 

(CH2), 37.3 (CH2), 62.6 (CH2), 112.5 (CH), 126.7 (CH), 152.8 (CH), 157.6 I, 173.1 I, 

180.6 I, 182.0 I ppm. MS (ESI) m/z 334.21. 

 

4-Hydroxyphenethyl dodecanoate (Tyrosyl laurate) 5 b. Yellow oil. 1H NMR (400 MHz, 

CDCl3): δ=0.88–0.91 (m, 3H), 1.29 (m, 16H), 1.59–1.66 (m, 2H), 2.28–2.32 (m, 2H), 

2.86–2.89 (m, 2H), 4.24–4.28 (m, 2H), 6.77–6.79 (d, J 8.0 Hz, 2H), 7.08–7.10 (d, J 8.1 

Hz, 2H) ppm. 13C NMR (100 MHz, CDCl3): δ=14.0 (CH3), 22.6 (CH2), 24.9 (CH2), 28.9–

29.0 (CH2, 6×), 31.5 (CH2), 34.0 (CH2), 34.4 (CH2), 65.2 (CH2), 115.6 (CH, x2), 130.1 I, 

130.8 (CH, ×2), 155.5 I, 173.2 I ppm. MS (ESI) m/z 320.24. 

 

3,4-Dihydroxyphenethyl butyrate (Hydroxytyrosyl butyrate) 3 c. Colourless oil. 1H NMR 

(400 MHz, CDCl3): δ=0.92–0,95 (m, 3H), 1.62–1.68 (m, 2H), 2.27–2.31 (m, 2H), 2.86–

2.89 (m, 2H), 4.26–4.28 (m, 2H), 6.77–6.79 (dd, J 7.9 Hz, 1H), 6.86–6.99 (m, 2H) ppm. 
13C NMR (100 MHz, CDCl3): δ=13.5 (CH3), 18.2 (CH2), 34.9–36.0 (CH2 x2), 65.2 (CH2), 

116.0 (CH2 ×2), 122.8 (CH), 131.4 I, 144.6 I, 145.5 I, 173.2 I ppm. MS (ESI) m/z 224.25. 

 

4-Hydroxyphenethyl butyrate (Tyrosyl butyrate) 5 c. Yellow oil. 1H NMR (400 MHz, 

CDCl3): δ=0.92–0.96 (m, 3H), 1.62-1.68 (m, 2H), 2.27–2.31 (m, 2H), 2.86–2.89 (m, 2H), 

4.25–4.28 (m, 2H), 6.78–6.80 (d, J 8.0 Hz, 2H), 7.08–7.10 (d, J 8.1 Hz, 2H) ppm. 13C 

NMR (100 MHz, CDCl3): δ=13.5 (CH3), 18.4 (CH2), 34.9–36.0 (CH2, ×2), 65.2 (CH2), 

115.9 (CH, ×2), 130.2 (CH ×2), 130.8 I, 155.6 I, 173.2 I ppm. MS (ESI) m/z 208.25. 

 

3,4-Dihydroxyphenethyl propionate (Hydroxytyrosyl proprionate) 3 d. Yellow oil. 1H 

NMR (400 MHz, CDCl3): δ=1.28–1.29 (m, 3H), 2.28–2.32 (m, 2H), 2.87–2.89 (m, 2H), 
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4.25–4.27 (m, 2H), 6.75–6.77 (dd, J 7.9 Hz, 1H), 6.84–6.87 (m, 2H) ppm. 13C NMR (100 

MHz, CDCl3): δ=9.2 (CH3), 27.3 (CH2), 34.9 (CH2), 65.2 (CH2), 116.0 (CH2 ×2), 122.7 

(CH), 131.4 I, 144.6 I, 145.6 I, 173.2 I ppm. MS (ESI) m/z 210.09. 

 

4-Hydroxyphenethyl propionate (Tyrosyl proprionate) 5 d. Colourless oil. 1H NMR (400 

MHz, CDCl3): δ=1.28–1.29 (m, 3H), 2.28–2.32 (m, 2H), 2.86–2.89 (m, 2H), 4.25–4.28 

(m, 2H), 6.76–6.80 (d, J 8.0 Hz, 2H), 7.08–7.12 (d, J 8.1 Hz, 2H) ppm. 13C NMR (100 

MHz, CDCl3): δ=9.4 (CH3), 27.5 (CH2), 34.6 (CH2), 65.2 (CH2), 115.8 (CH, ×2), 130.2 

(CH ×2), 130.8 I, 155.6 I, 173.4 I ppm. MS (ESI) m/z 194.23. 

 

4-(2-hydroxyethyl) benzene-1,2-diol (Hydroxytyrosol) 6. Solid (b. p. 355.4 °C). 1H and 
13C NMR spectra were in accordance with those of an authentic sample.561 

 

 

5.7.3 Results and discussions 

 
Preparation of melanin samples 

Water-soluble eumelanin (EM) and pheomelanin (PM) were synthesized by a 

modification of previously reported procedure based on the use of molecular oxygen as 

primary oxidant.560 UV-vis analysis (Supporting Information S1; Figure S1) showed the 

absorption bands expected for eumelanin and pheomelanin.562 Field emission scanning 

electron microscopy (FE-SEM) confirmed the formation of amorphous aggregates typical 

for both type of water-soluble melanin (Supporting Information S2, Figure S2, panel A 

and panel B, respectively).560,563 Energy-dispersive X-ray elemental analysis (EDX) of 

PM showed the incorporation of 10-wt % of cysteine (Figure S2, panel C and panel D, 

respectively). Electron paramagnetic resonance (EPR) spectra of EM was characterized 

by giso value of 2.0037 in accordance with data reported in the literature.564 In a similar 

way, the giso value of PM (2.0041) was in accordance with the expected structure 

(Supporting Information S3, Figure S3).565,566 In addition, the presence of C−N and C=O 

stretching bands at 1400–1700 cm−1 confirmed the standard fingerprint of EM,567,568 and 

the C−S bending at 685 cm−1 and the stretching of S−O at 1213 cm−1 that of PM 

(Supporting Information S4, Figure S4).569 

 

Preparation of hybrid melanin lignin nanoparticles 

Hybrid melanin lignin nanoparticles were prepared from enzymatic hydrolysis lignin 

(EHL) by nanoprecipitation in the presence of water-soluble EM and PM 

samples.570,571,447,194,171 

The general procedure is reported in Scheme 5.4.561 Briefly, EHL (170 mg) dissolved in 

the ternary mixture (primary solvent) water (22 % v/v, 0.54 mL), ethanol (39 % v/v, 0.98 

mL) and THF (39 % v/v, 0.98 mL) was added to EM (8.5 mg) in deionized water (12.5 

mL) as anti-solvent under gentle mechanical stirring (Pathway A) to yield EHLNPs/EM 

isolated by centrifugation and freeze dry. A similar procedure was applied for PM to 

afford EHLNPs/PM. EM and PM were quantitatively loaded in the nanoparticles as 

confirmed by the UV-vis analysis of the supernatant recovered after isolation of the 

hybrid nanoparticles by centrifugation. In this latter cases, the typical UV-vis fingerprint 

of melanin was no detected. The yield of EHLNPs/EM and EHLNPs/PM (Table 20) was 

calculated as the total amount by weight of particles compared to the starting amount of 

lignin and melanin. Irrespective from the experimental conditions both yields were higher 

than 65 %. 
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Scheme 5.4. Synthesis of hybrid melanin-lignin nanoparticles. Pathway A: preparation of EHLNPs/EM. Pathway B: 

preparation of EHLNPs/PM. 

 
Table 20. Yields, HOMO-LUMO energy gap values and electrochemical parameters of 

EHLNPs/EM and EHLNPs/PM by using EHLNPs as reference. 

Entry Sample Yield %b) HLG (eV)c) Ipa (mA) Ipc (mA) E (mV)d) E0 

(V)e)  

1 EHLNPs/EM 69 2.75 -33.3 +37.6 147 0.16 

2 EHLNPs/PM 68 2.45 -31.6 +35.6 147 0.15 

3 EHLNPsa) 67 2.85 -36.3 +40.5 154 0.18 
[a] Parent lignin nanoparticles used as reference, [b] Each experiment was conducted in triplicate and the average errors 

in yields were ±1–2 %. [c] Average errors in HLG values calculated from Tauc’s plot were ±2–3 %. [d]ΔE range of 

reversibility is 59–180 mV and the average errors in ΔE were ±1–2 %. [e] Average errors in E0 were ±1–2 %. 

 

 

The presence of melanin in hybrid nanoparticles was confirmed by spectroscopic and 

morphological analyses by using parent lignin nanoparticles (EHLNPs) as a reference. 

FT-IR spectra of EHLNPs/EM and EHLNPs/PM are reported in Figure 5.4 (Panel A and 

Panel B, green line, respectively) and compared with EHLNPs (orange line). 

EHLNPs/EM (Panel A) showed peaks in the range of 1400–1700 cm−1 associated to the 

stretching of C−N and C=O groups. These signals were typical of eumelanin, and were 

absent in EHLNPs (Figure 5.4, Panel A; orange line).567,568 In the case of EHLNPs/PM, 

the presence of the S−O symmetric stretching vibration at 100—1300 cm−1 (Panel B, 

green line) was in accordance with the benzothiazine units (this peak was absent in 

EHLNPs; Panel B, orange line).569-572 
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Figure 5.4. FTIR spectra of hybrid melanin lignin nanoparticles. Panel (A): EHLNPs/EM, green line. Panel (B) 

EHLNPs/PM, green line. EHLNPs orange line. 

 

FE-SEM images are reported in Figure 5.5 EHLNPs/EM and EHLNPs/PM were 

characterized by agglomerates of melanin on the surface of LNPs (Figure 5.5, Panel A 

and Panel B, respectively). The irregular shape of these agglomerates suggested the 

presence of variable layers of amorphous melanin in accordance with data previously 

reported.560,563 These layers were absent in EHLNPs (Supporting Information S5, Figure 

S5). The average diameter of nanoparticles was c. a. 200 nm. 

 

 
Figure 5.5. FE-SEM images of hybrid melanin lignin nanoparticles. Panel (A): EHLNPs/EM. Panel (B) 

EHLNPs/PM. 

 

Optoelectronic and electrochemical properties of EHLNPs/EM and EHLNPs/PM 

The HOMO-LUMO energy gap (HLG) values of EHLNPs/EM and EHLNPs/PM were 

calculated by UV-Vis analysis (Experimental details are in Supporting Information 

S6).573,574 Plots deriving from the Tauc’s equation are reported in Figure S6, while HLG 

values are in Table 20. EHLNPs/EM and EHLNPs/PM showed values of HLG lower 

than parent lignin (Table 20, entries 1 and 2 versus entry 3). This result confirmed the 

emergence of novel redox properties associated to the presence of melanin. The very fact 

that EHLNPs/PM showed HLG values lower than EHLNPs/EM was in accordance with 
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the improved redox properties of benzothiazine units with respect to the indolic 

counterpart.556 

Cyclic voltammetry (CV) of EHLNPs/EM and EHLNPs/PM was performed by using a 

Multi Walled Carbon Nanotubes Screen-Printed Electrode (MWCNTs/SPE) modified by 

drop casting technique. The CVs were recorded in 5 mM [Fe(CN)6]3
−/4− and 0.1 M KCl 

at the scan rate of 25 mV s−1 (Figure 5.6). The main electrochemical parameters are 

summarized in Table 20. The samples were characterized by good electrochemical 

reversibility (Figure 5.6) measured as the difference between the anodic and cathodic 

peak potentials (ΔE).575-577 

 

 
Figure 5.6. CVs of EHLNPs/EM (red line), EHLNPs/PM (blue line) and EHLNPs (green line). Redox probe: 5 mM 

[Fe(CN)6]3−/4− containing 0.1 M KCl. Scan rate: 25 mV/s. 

 

In addition, EHLNPs/EM and EHLNPs/PM showed ΔE values lower than EHLNPs in 

accordance with the trend of the HLG data (Table 20 entries 1 and 2). The redox potential 

(E0) values (Table 20) showed a similar pattern and suggest the higher reducing character 

for the hybrid platform with respect to EHLNPs.578 

 

Immobilization of the multienzyme cascade lipase-tyrosinase on EHLNPs/EM and 

EHLNPs/PM 

The immobilization of the enzymatic cascade lipase-tyrosinase on the surface of 

EHLNPs/EM and EHLNPs/PM required the initial optimization of the immobilization 

parameters for the redox active tyrosinase, followed by the co-immobilization with lipase. 

 

Procedure for the immobilization of tyrosinase 

We studied the immobilization of tyrosinase (Ty) on EHLNPs in order to find the optimal 

immobilization parameters for the enzyme.517 Briefly, Concanavalin A used as co-

orienting agent (Con A; from 0.2 mg/mL to 0.5 mg/mL) was added to EHLNPs (1.0 

mg/mL) in PBS at room temperature and the mixture was sonicated for 5 minutes. At the 

end, Ty (16 U and 32 U) in PBS (0.1 M, pH 7.0) was added to the mixture, and the system 

was left for 24 hours under orbital shaking at 4 °C. EHLNPs/Con A/Ty were recovered 

by centrifugation, washed with PBS (0.1 M, pH 7.0) and freeze-dry. The loading of Con 

A on EHLNPs (% in weight) was evaluated by Bradford assay (Supporting Information 

S7). The loading factor was always higher than 75 % confirming the presence of 

interactions between lectins and polyphenols (Figure S7).579 The immobilization and 
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activity parameters of EHLNPs/Con A/Ty are reported in Table 21. The activity of Ty 

was determined following the oxidation of para-coumaric acid to caffeic acid (λmax 311 

nm) in PBS (0.1 M, pH 7.0) for 30 min at 20 °C.525 The immobilization parameters were 

evaluated as reported in equation (1) and (2). 

 
Immobilization yields (%) = [(Ua─Ur)/Ua] x 100 (1) 

 
Activity (units/mg) = Ux/mgsupport (2) 

 
 
Table 21. Immobilization and activity parameters of EHLNPs/EM/Con A/Ty, EHLNPs/PM/Con 
A/Ty and EHLNPs/Con A/Ty. 
 

 
Entr

y 
Sample 

Ratio Con A 

(w/w) 
Ty (U) Immobilization yield (%) a) Activity b) 

1 EHLNPs / 16 90 3.8 

2 EHLNPs 1:0.2 16 92 5.4 

3 EHLNPs 1:0.2 32 89 5.2 

4 EHLNPs 1:0.3 32 89 5.3 

5 EHLNPs 1:0.5 32 89 7.5 

6 EHLNPs/EM 1:0.5 32 83 12.4 

7 EHLNPs/PM 1:0.5 32 84 13.2 
[a] The experiments were conducted in triplicate; the average error in the immobilization yield was ±1–4 %. [b] Average 

error in the enzyme activity was ±2–3 %. 

 

 

Where Ux are the immobilized enzyme units, Ua are the total units of the enzyme added 

to the solution, and Ur are the residual units of the enzyme in the washing solution. 

Irrespective from the experimental conditions, the highest value of activity was obtained 

in the presence of Con A (Table 21 entries 2–6 versus entry 1), highlighting the beneficial 

effect played by the spacer in the oriented immobilization of the enzyme.525 The optimal 

immobilization protocol consisted in the use of 0.5 mg/mL of Con A and 32 U/mg of Ty 

(Table 21, entry 5). The immobilization procedure was next applied to EHLNPs/EM and 

EHLNPs/PM. EHLNPs/EM/Con A/Ty and EHLNPs/PM/Con A/Ty showed activity 

parameters higher than the parent EHLNPs/Con A/Ty (Table 21, entries 6 and 7 versus 

entry 5). This result suggests a possible role played by both electrochemical active 

melanin in favouring the prevalence of the reversible deoxy/oxyform of the enzyme.556,558 

 

Procedure for the immobilization of the lipase-tyrosinase multienzyme cascade 

The multienzyme cascade was immobilized on EHLNPs/EM and EHLNPs/PM by a 

modification of the protocol previously reported for the co-immobilization of the two 

enzymes on lignin nanoparticles from organosolv lignin and chitosan.453 Lipase-

tyrosinase multienzyme cascade was immobilized also on EHLNPs as a reference. As a 

general procedure, Con A (1.0 mg/mL) in PBS was suspended with the appropriate 

support (2.0 mg/mL) in PBS under gentle sonication conditions for 5 min at room 

temperature to yield the corresponding nanoparticle/Con A intermediate. Next, lipase 

from Mucor Javanicus MJL (110 U) (selected on the basis of the high activity at the 

optimal pH for Ty)513 and Ty (32 U) in PBS were added to freshly prepared 

nanoparticle/Con A and the mixture was stirred at 4 °C for 24 h under orbital shaking. 

EHLNPs/ConA/MJL-Ty (Catalysts I), EHLNPs/EM/Con A/MJL-Ty, (Catalyst II), and 
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EHLNPs/PM/Con A/MJL-Ty, (Catalyst III), were recovered by centrifugation, washed 

two times with PBS and freeze-dry (Scheme 5.5). 

 

 
Scheme 5.5. Preparation of Catalyst I–III. 

 

The activity parameters of Catalysts I–III were calculated for both immobilized enzymes 

by using the equations described above. In particular, the activity parameters of MJL were 

evaluated following the increase in absorbance produced during the release of para-

nitrophenol (λmax 405 nm) in the hydrolysis of para-nitrophenil palmitate (p-NPP, 15 

mM) in PBS (0.1 M, pH 7.0) at 25 °C for 10 min.514,562 The activity parameters of Ty 

were determined following the increase in absorbance (λmax 311 nm) produced during the 

oxidation of para-coumaric acid (4.9 mM) to caffeic acid in PBS for 30 min at 20 °C.525 

In the case of MJL, Catalysts I–III showed comparable values of immobilization yield 

and activity (Table 22). A different behaviour was observed for Ty. In this latter case, the 

activity of Ty was significantly improved in the case of Catalysts II–III, in accordance 

with the major redox properties associated to the presence of melanin. (Table 22, entries 

2–3 versus entry 1). 

 
Table 22. Activity parameters of Catalyst I–III. 

Entry Catalyst Yield (%)a) MJL Activityb) MJL  Yield (%) Tya Activityb) Ty 

1 I 58 55 97 8 

2 II 53 53 96 16 

3 III 50 54 99 20 
[a] Each experiment was conducted in triplicate, average errors in immobilization yield were ±1–4 %. [b] Average errors 

in enzyme activity were ±2–3 %. 

 

 

Synthesis of lipophilic hydroxytyrosol esters via heterogeneous multienzymatic cascade 

The one-pot synthesis of lipophilic hydroxytyrosol esters was studied starting from 

tyrosol 1 and two selected carboxylic acids differing in the number of carbon atoms in 

the side chain, octanoic acid (C8) 2 a, and lauric acid (C12) 2 b (0.25 mmol; molar ratio 

1 : 1). The reaction was performed by addition of the appropriate catalyst (150 μg in PBS, 

0.15 mL) to substrate in 2-methyltetrahydrofuran (2-MeTHF; 5.0 mL) at 50 °C for 48 h 

in the presence of bubbled dioxygen.453 2-MeTHF was previously used by us as a 

sustainable organic solvent581,464 in different bio-catalytic and photo-biocatalytic 

applications.453,557 The reaction was repeated using a mixture of native MJL (8 U) and Ty 

(2 U) in the same ratio by which the enzymes were contained in Catalyst I–III as a 

reference. At the end, the reaction was filtered to recover the catalyst and the filtrate was 

concentrated under reduced pressure. The residue was purified by flash chromatography 
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and the reaction products identified by spectroscopic and spectrometric analyses. 

Irrespective from the experimental conditions, lipophilic hydroxytyrosol esters 3 a–b 

were recovered as the major reaction products in appreciable amount in the presence of 

Catalyst II–III, besides to quinone esters 4 a–b and tyrosol esters 5 a–b as side products 

(Table 23, entries 2–3 and 6–7). Quinone esters 4 a–b were produced by over oxidation 

of compounds 3 a–b due to the diphenolase activity of Ty, while tyrosol esters 5 a–b 

derived from the prevalence of MJL activity. Catalyst II–III showed a selectivity 

different than Catalyst I, in which case quinone esters 4 a–b were isolated in the highest 

yield (Table 23, entries 2–3 versus entry 1, and entries 6–7 versus entry 5), suggesting 

the role of electroactive melanin in counteracting the diphenolase activity of Ty. In this 

latter case, hydroxytyrosol esters 3 a–b were obtained in low yield. The selectivity 

observed with Catalyst II–III was probably due to the role played by melanin in the 

control of the redox equilibrium between the quinone and catechol moieties, even if the 

occurrence of electron transfer processes able to tune the oxy-form of Ty cannot be 

completely ruled out.556,558 This effect was not operative in the case of Catalyst I. As a 

general trend, Catalysts II–III were more effective than native enzymes in the conversion 

of tyrosol (Table 23, entries 1–3 versus entry 4, and entries 5–7 versus entry 8), 

confirming the efficacy of the enzymatic cascade process. Overall, Catalyst III was the 

most effective tool in the synthesis of hydroxytyrosol esters 3 a–b. 

 
Table 23. Synthesis of lipophilic hydroxytyrosol esters. 

 
Entry Catalyst Conversion [%]a) Product(s) Products Yield (%)b) 

1 I 36 3a (4a) [5a] 10 (58) [28] 

2 II 35 3a (4a) [5a] 51 (25) [23] 

3 III 36 3a (4a) [5a] 54 (23) [22] 

4 MJL+Ty 19 4a [5a] 46 [47] 

5 I 45 3b (4b) [5b] 12 (61) [25] 

6 II 46 3b (4b) [5b] 52 (25) [21] 

7 III 46 3b (4b) [5b] 56 (22) [20] 

8 MJL+Ty 25 4b [5b] 48 [47] 

9 I 22 [5c]{6} [15] {80} 

10 II 21 3c [5c] {6} 8 [10] {80} 

11 III 23 3c [5c] {6} 8 [10] {80} 

12 I 22 [5d] {6} [13] {80} 

13 II 22 3d [5d] {6} 8 [10] {80} 

14 III 23 3d [5d] {6} 8 [10] {83} 

15 III 46 (Run n . 1)[c] 3 b (4 b) [5 b] 55 (21) [20] 

16 III 42 (Run n . 2) 3 b (4 b) [5 b] 55 (21) [20] 

17 III 40 (Run n . 3) 3 b (4 b) [5 b] 53 (20) [19] 

18 III 38 (Run n . 4) 3 b (4 b) [5 b] 52 (20) [18] 

19 III 36 (Run n . 5) 3 b (4 b) [5 b] 51 (21) [18] 
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All experiments were conducted in triplicate. A) Conversion of tyrosol 1. B) The yields were evaluated on the basis of the recovered 

mmol of the reaction products. C) Catalyst III was recovered by filtration and re-used in next runs. The parentheses were used to 
indicate the yield of different reaction products: () for series 4, [] for series 5, {} for compound 6 

 

 

Next, the synthetic procedure was extended to butyric acid (C4) 2 c and propionic acid 

(C3) 2 d. These compounds are reported to generate pH value in the microenvironment of 

the active site of lipase lower than long chain derivatives 2 a–b.582 The relevance of pH 

in the effectiveness of the esterification process is reviewed and discussed in detail.583 

Irrespective from the experimental conditions, hydroxytyrosol esters 3 c–d were 

recovered in low yield, besides to hydroxytyrosol 6 as the major reaction product, and 

tyrosol esters 5 c–d as side products. The corresponding quinone esters were not isolated 

probably due to the formation of oligomers not recovered under our experimental 

conditions (Table 23, entries 9–14).584,585 

Note that, the high amount of hydroxytyrosol 6 may be due to the low efficacy of lipase 

in the enzymatic cascade in the esterification of tyrosol with acids 2 c–d, compound 6 

being accumulated as a product of the Ty mediated oxidation of tyrosol. This result was 

in accordance with the reported inhibitory effect exerted by local low pH value in the 

activity of lipase, probably associated to the low stability of hydroxytyrosol esters bearing 

short chain carboxylic acids.582,586 Thus, the enzymatic cascade performed selectively and 

with high efficacy in the synthesis of lipophilic (long chain) hydroxytyrosol esters. 

The reusability of Catalyst III in the synthesis of hydroxytyrosol esters 3 b and 4 b was 

evaluated for more runs. As a general trend, it retained an appreciable reactivity after 5 

runs (Table 23, entries 15–19) suggesting the overall stability of the system. 
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5.3. Synthesis of benzoxazines by heterogeneous 

multicomponent bio-chemo multienzymes cascade reaction 

 
5.3.1 Aim of work 

 
Benzoxazines are heterocyclic derivatives587,588 characterized  by different biological 

activities, including neuroprotective589, anticancer590 and antioxidant properties.591 They 

are usually synthesized by harsh and tedious multi-step reactions,592,593 the only exception 

being a limited number of procedures based on heavy metals594 or, in alternative, 

electrochemistry.595 Multi-enzymes cascade reactions596 and multi-component 

chemistry597 are considered as a sustainable and green alternative for the synthesis of 

heterocyclic derivatives. These procedures show similar features. Multi-component 

chemistry yields the desired compound by condensing three or more reagents in one-pot 

conditions.598,599 Multi-enzymes cascade reactions couples together several synthetic 

steps during which the end product of the first transformation becomes the substrate for 

the next-one and so on.136 They undoubtedly have numerous advantages over the classic 

step-by-step procedures and their combination in a unique reactive framework may 

represents a valuable and innovative tool for sustainable organic synthesis. We recently 

reported the one-pot synthesis of hydroxytyrosol esters by multi-enzymes cascade 

reaction composed by lipase M and tyrosinase after their co-immobilization on 

electroactive lignin nanoparticles.551 In this latter case, ortho-quinones were irremediably 

recovered as side-products due to the prevalence of the diphenolase activity of 

tyrosinase130,551 in the overall catalytic cycle. Examples of application of the electrophilic 

reactivity550 of ortho-quinones are reported, they include the preparation of 

neuroprotective DOPA peptidomimetics600 by the use of -amino acid methyl esters as 

nucleophiles.601 Inspired by these results, herein we describe the combination of multi-

component chemistry and multi-enzymes cascade reaction in a unique reactive 

framework to yield highly functionalized 1,4-benzoxazines under favorable 

heterogeneous conditions. The multi-enzymes cascade catalyst (indicated as NOL/LT) 

was composed by lipase M from Mucor javanicus and tyrosinase from Agaricus bisporus 

immobilized on lignin nanoparticles bearing chitosan and concanavalin A (Con A) as 

specific glycoprotein orienting agents.512,479 Experimental details for the preparation of 

NOL/LT, morphology and corresponding activity parameters are reported in S1 (Figure 

S1 and Table S1). Lignin nanoparticles are renewable and functional platforms effective 

for the immobilization of enzymes due to their excellent chemical-physical 

properties.194,447,132,480 The starting reagents included the ternary mixture of tyrosol 1, 

carboxylic acids 2a-d (octanoic acid 2a, lauric acid 2b, oleic acid 2c, phloretic acid 2d) 

and selected -amino acid methyl esters 3a-e (glycine 3a, alanine 3b, valine 3c, leucine 

3d, phenylalanine 3e). When tyrosol 1 (38.7mg, 0.28 mmol), octanoic acid 2a (40.4mg, 

0.28 mmol) and glycine methyl ester 3a (37.6mg, 0.30 mmol), dissolved in 2-

methyltetrahydrofuran (2-MeTHF; 5.0 mL) and limiting amount of PBS buffer (150 L, 

pH 7, 0.1M), were treated at 45°C in air atmosphere and in the presence of catalytic 

amount of NOL/LT (280 g; 40U/mg of both lipase and tyrosinase), the 8-hydroxy-5-

phenethyloctanoate-2(H)-benzo-1,4-oxazin-2-one 6a was obtained in one-pot conditions 

as the main reaction product (56%), besides low amount of catechol derivative 5a (15%) 

and traces amount of tyrosol-octanoate 4a (2%) (Scheme 5.6). The low mass balance we 

observed in the multicomponent reaction involving compounds 1, 2a and 3a, was 

probably due to the formation of polar oligomers we were not able to isolate from the 

reaction mixture due to spontaneous oxidative polymerization of quinone intermediate.512 
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Scheme 5.6. Heterogeneous multi-component bio-chemo multienzymes cascade synthesis of 2(H)-benzo-1,4-oxazin-

2-one 1,4-benzoxazine 6a and catechol 5a.  

 

 

5.3.2 Experimental part 

 
General information.  

Organosolv lignin (OL) was purchased from Chemical Point (Oberhaching, Germany). 

Chitosan (medium molecular weight: 100.000-300.000), 2-(4-hydroxyphenyl)ethanol, 

octanoic acid, lauric acid, oleic acid, phloretic acid, 2,2-Dimethylbutyric acid, Amano 

lipase M from Mucor javanicus (300 U/mg), Concanavalin A (Con A) type IV from 

Canavalia ensiformis (Jack bean), tyrosinase from Agaricus bisporus (1000 U/mg), 

glycine methyl ester, valine methyl ester, alanine methyl ester, leucine methyl ester, and 

phenylalanine methyl ester, benzylamine, ethanolamine, and 2-pycolylamine were 

purchased from Sigma Chemical Co. (St Louis, MO, USA). 2-Methyltetrahydrofuran was 

purchased from Sigma Chemical Co. (St Louis, MO, USA) and used without further 

purification. 4-Nitrophenyl 2-aminoacetate was purchased from Biosynth Ltd and used 

without further purification. Sodium phosphate buffer (PBS 0.1 M, pH 7) was prepared 

from Milli Q water. Reactions were monitored by using thin-layer chromatography (TLC) 

on precoated aluminum silica gel Merck 60 F254 plates and the visualization was achieved 

by UV lamp (λmax =254 nm). 1H NMR and 13C NMR spectra were recorded on Bruker 

(400 MHz) spectrometer using CDCl3. Chemical shifts (δ) are expressed in parts per 

million (ppm). Coupling constants J are expressed in Hertz (Hz). Spin multiplicities are 

given as s (singlet), d (doublet), dd (doublet of doublets), and m (multiplet). High-

resolution mass spectra (HRMS) were recorded on a Bruker Daltonics, Inc. APEXIII 7.0 

TESLA FTMS instrument. The field emission scanning electron microscopy (FE-SEM) 

was acquired on FESEM ZEISS GeminiSEM500 at 5 kV after drop 20μL of the sample 

dispersion (deionized water) on specimen stubs, dried and coated with gold by sputtering 

with AGAR (Auto Sputter Coater). The sample was coated with chromium thin film (5 

nm) by sputter coating using QUORUM Q 150T ES plus coater. Spectrophotometric 

analysis was performed with Cary 60 UV-Vis spectrophotometer equipped with a single 

cell peltier thermostated cell holder, Agilent, Santa Clara, USA. Data were elaborated 

with Cary Win UV software. Attenuated total reflection Fourier transform infrared (ATR-

IR) spectroscopy was performed by using Agilent Cary 630 FT-IR spectrometer (UATR 

unit cell), averaging 32 scans (resolution of 4 cm−1).  
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Synthesis of 1,4-benzoxazine derivatives with NOL/LT.  

As a general procedure, tyrosol 1 (38.6 mg, 0.28 mmol), carboxylic acid 2a-d (0.28 

mmol) and selected -amino acids methyl esters 3a-e (0.30 mmol) (glycine 3a, 37.6mg; 

alanine 3b, 41.9mg; valine 3c, 50.3mg; leucine 3d 54.5mg; phenylalanine 3e, 64.7mg, 

and 4-Nitrophenyl 2-aminoacetate 3f, 58.8mg) in 2-methyltetrahydrofuran (2-MeTHF; 

5.0 mL) were added with NOL/LT (280 µg in 150 L PBS, pH 7, 0.1M) under dioxygen 

atmosphere (O2) and gentle stirred (200 rpm) at 45 °C for 48 h in oil bath. The reaction 

was monitored by thin layer chromatography (TLC, n-hexane/EtOAc = 8.0:2.0). At the 

end, the reaction was filtered to recover NOL/LT and the solvent was collected and 

evaporated under reduced pressure. The crude was purified by flash chromatography (n-

hexane/EtOAc = 8.0:2.0) and the reaction products identified by spectrometric and 

spectroscopic analyses. Original NMR spectra are reported in S8. 

 

4-Hydroxyphenethyl octanoate (tyrosol octanoate) (4a). Yield 2 % (1.16 mg). Yellow 

oil. MS (EI) m/z 264.37. Purified by flash chromatography (CH2Cl2=MeOH 9.8:0.2). 1H 

NMR (400 MHz, CDCl3) δ 7.10-7.08 (d, 2H, J 8.4 Hz), 6.79-6.77 (d, 2H, J 9.0 Hz), 4.28-

4.24 (m, 2H), 2.89-2.86 (m, 2H), 2.32 -2.28 (m, 2H), 1.66-1.59 (m, 2H), 1.29 (m, 8H), 

0.91-0.88 (m, 3H) ppm. 13C{1H} NMR (100 MHz, CDCl3) δ 174.2, 154.5, 130.0 (2C), 

129.6, 115.3 (2C), 65.1, 34.4, 34.2, 31.6, 29.0, 28.9, 24.9, 22.6, 14.0 ppm. 

2-(8-hydroxy-2-oxo-2H-benzo[b][1,4]oxazin-5-yl)ethyl octanoate (6a). Yield 56% (53 

mg). Clear oil. MS (EI) m/z 333.16. Purified by flash chromatography (n-hexane/EtOAc 

= 8.0:2.0). 1H NMR (400 MHz, CDCl3) δ 8.45 (s, 1H, J 9.0 Hz), 7.10-7.08 (d, 1H, J 9.0 

Hz), 6.79-6.77 (d, 1H, J 9.0 Hz), 4.28-4.24 (m, 2H), 2.89-2.86 (m, 2H), 2.32-2.28 (m 2H), 

1.66-1.59 (m, 2H), 1.29 (m, 8H), 0.91-0.88 (m, 3H) ppm. 13C{1H} NMR (100 MHz, 

CDCl3) δ 174.2, 157.8, 154.5, 144.2, 143.1, 133.5, 128.9, 127.2, 115.3, 65.1, 34.4, 31.6, 

29.0, 28.9 (2C), 24.9, 22.6, 14.0 ppm. HRMS (ESI-TOF) m/z: Calcd for C18H23NO5 

333.1581, found [M+H]+ 333.1600. 

2-(8-hydroxy-3-methyl-2-oxo-2H-benzo[b][1,4]oxazin-5-yl)ethyl octanoate (6b). Yield 

53% (49 mg). Clear oil. MS (EI) m/z 347.17. Purified by flash chromatography (n-

hexane/EtOAc = 8.0:2.0). 1H NMR (400 MHz, CDCl3) δ 7.10-7.08 (d, 1H, J 9.0 Hz), 

6.79-6.77 (d, 1H, J 9.0 Hz), 4.28-4.24 (m, 2H), 2.89-2.86 (m, 2H), 2.32-2.28 (m, 2H), 

2.01-2.00 (s, 3H), 1.66-1.59 (m, 2H), 1.29 (m, 8H), 0.91-0.88 (m, 3H) ppm. 13C{1H} 

NMR (100 MHz, CDCl3) δ 174.2, 159.0, 154.5, 152.2, 143.2, 134.4, 130.0, 129.6, 115.3, 

65.1, 34.4, 31.6, 29.0, 28.9 (2C), 24.9, 22.6, 17.5, 14.0 ppm. HRMS (ESI-TOF) m/z: 

Calcd for C19H25NO5 347.1738, found [M+H]+ 347.1758. 

2-(8-hydroxy-3-isopropyl-2-oxo-2H-benzo[b][1,4]oxazin-5-yl)ethyl octanoate (6c). 

Yield 49% (43 mg). Clear oil. MS (EI) m/z 375.20. Purified by flash chromatography (n-

hexane/EtOAc = 8.0:2.0). 1H NMR (400 MHz, CDCl3) δ 7.10-7.08 (d, 1H, J 9.0 Hz), 

6.79-6.77 (d, 1H, J 9.0 Hz), 4.28-4.24 (m, 2H), 2.89-2.86 (m, 2H), 2.32-2.28 (m, 2H), 

1.66-1.59 (m, 3H, CH+CH2), 1.29 (m, 8H), 0.91-0.88 (m, 9H), ppm. 13C{1H} NMR (100 

MHz, CDCl3) δ 174.2, 160.0, 154.5, 151.9, 142.6, 134.0, 127.3, 126.5, 114.2, 65.1, 34.4, 

31.7, 30.0, 29.9 (3C), 24.9, 22.6, 18.7 (2C), 14.0 ppm. HRMS (ESI-TOF) m/z: Calcd for 

C21H29NO5 375.2051, found [M+H]+ 375.2073. 

2-(8-hydroxy-3-isobutyl-2-oxo-2H-benzo[b][1,4]oxazin-5-yl)ethyl octanoate (6d). 

Yield 45% (40 mg). Clear oil. MS (EI) m/z 389.22. Purified by flash chromatography (n-

hexane/EtOAc = 8.0:2.0). 1H NMR (400 MHz, CDCl3) δ 7.10-7.09 (d, 1H, J 9.0 Hz), 

6.79-6.78 (d, 1H, J 9.0 Hz), 4.27-4.23 (m, 2H), 2.89-2.86 (m, 2H), 2.32-2.28 (m, 2H), 

2.04 (m, 2H), 1.78 (m, 1H), 1.66-1.59 (m, 2H), 1.29 (m, 8H), 0.93-0.88 (m, 9H) ppm. 
13C{1H} NMR (100 MHz, CDCl3) δ 174.2, 157.6, 153.5, 152.9, 143.0, 134.2, 130.0, 
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129.6, 115.3, 65.1, 38.0, 34.4, 31.6, 29.0, 28.9 (2C), 25.6, 24.5, 23.0 (2C), 22.6, 14.0 ppm. 

HRMS (ESI-TOF) m/z: Calcd for C22H31NO5 389.2207, found [M+H]+ 389.2230. 

2-(8-hydroxy-2-oxo-2H-benzo[b][1,4]oxazin-5-yl)ethyl dodecanoate (6e). Yield 50% 

(47 mg). Clear oil. MS (EI) m/z 389.22. Purified by flash chromatography (n-

hexane/EtOAc = 8.0:2.0). 1H NMR (400 MHz, CDCl3) δ 8.45 (s, 1H, J 7.9 Hz), 7.10-7.08 

(d, 1H, J 9.0 Hz), 6.79-6.77 (d, 1H, J 9.0 Hz), 4.28-4.24 (m, 2H), 2.89-2.86 (m, 2H), 2.32-

2.28 (m, 2H), 1.66-1.59 (m, 2H), 1.29 (m, 16H), 0.91-0.88 (m, 3H) ppm. 13C{1H} NMR 

(100 MHz, CDCl3) δ 174.2, 156.9, 152.0, 145.5, 142.3, 133.6, 129.6, 127.5, 113.4, 65.2, 

34.4, 31.6, 29.0 (4C), 28.9 (3C), 25.0, 22.6, 14.0, ppm. HRMS (ESI-TOF) m/z: Calcd for 

C22H31NO5 389.2207, found [M+H]+ 389.2222. 

2-(8-hydroxy-2-oxo-2H-benzo[b][1,4]oxazin-5-yl)ethyl oleate (6f). Yield 47% (43 mg). 

Clear oil. MS (EI) m/z 471.30. Purified by flash chromatography (n-hexane/EtOAc = 

8.0:2.0). 1H NMR (400 MHz, CDCl3) δ 8.39 (s, 1H, J 7.9 Hz), 7.10-7.08 (d, 1H, J 9.0 

Hz), 6.79-6.75 (d, 1H, J 9.0 Hz), 5.45-5.35 (m, 2H), 4.28-4.24 (m, 2H), 2.95-2.93 (m, 

2H), 2.32-2.30 (m, 2H), 2.03-2.00 (m, 4H), 1.66-1.59 (m, 2H), 1.33-1.29 (m, 20H), 0.91-

0.88 (m, 3H) ppm. 13C{1H} NMR (100 MHz, CDCl3) δ 174.2, 157.4, 153.5, 145.0, 142.2, 

133.6, 130.0 (C=C), 127.5 (2C), 114.0, 65.1, 34.4, 31.6, 29.0 (8C), 27.3 (2C), 25.0, 22.6, 

14.0 ppm. HRMS (ESI-TOF) m/z: Calcd for C28H41NO5 471.2990, found [M+H]+ 

471.3018. 

2-(3-benzyl-8-hydroxy-2-oxo-3,4-dihydro-2H- benzo[b][1,4]oxazin-5-yl)ethyl 

octanoate (6g). Yield 58% (53 mg). Clear oil. MS (EI) m/z 425.53. Purified by flash 

chromatography (n-hexane/EtOAc = 8.0:2.0). 1H NMR (400MHz), CDCl3) δ 7.23-7.22 

(m, 5H, J 7.9 Hz), 6.79-6.77 (d, 1H, J 9.0 Hz), 6.68-6.66 (d, 1H, J 9.0 Hz), 4.28-4.24 (m, 

2H), 4.13-4.10 (m, 1H), 2.89-2.87 (m, 2H), 2.32-2.28 (m, 2H), 1.66-1.59 (m, 2H), 1.29 

(m, 8H), 0.91-0.88 (m, 3H) ppm. 13C{1H} NMR (100 MHz, CDCl3) δ 173.8, 158.5, 155.5, 

151.5, 144.0, 136.0, 133.3, 128.8 (2C), 127.8 (2C), 126.8, 125.7, 124.5, 114.3, 65.1, 33.8, 

31.9, 29.9, 29.0, 27.5, 25.5, 22.6, 14.0 ppm. HRMS (ESI-TOF) m/z: Calcd for C25H29NO5 

423.2051, found [M+H]+ 423.2076. 

2-(8-hydroxy-2-oxo-2H-benzo[b][1,4]oxazin-5-yl)ethyl 3-(4-

hydroxyphenyl)propanoate (6h). Yield 55% (50 mg). Yellow oil. MS (EI) m/z 355.35. 

Purified by flash chromatography (n-hexane/EtOAc = 8.0:2.0). 1H NMR (400 MHz, 

CDCl3) δ 8.49 (s, 1H, J 9.0 Hz), 7.10-7.07 (d, 2H, J 9.0 Hz), 6.98-6.75 (dd, 2H, J 9.0 Hz), 

6.70 (d, 2H, J 9.0 Hz), 4.28-4.24 (m, 2H), 2.89-2.86 (m, 2H), 2.85-2.84 (m, 2H), 2.53-

2.52 (m, 2H) ppm. 13C{1H} NMR (100 MHz, CDCl3) δ 173.2, 157.2, 155.6, 151.5, 145.2, 

142.5, 134.2, 133.9, 130.0 (2C), 127.1, 126.9, 115.3 (2C), 113.5, 65.1, 34.4, 29.0, 28.9, 

ppm. HRMS (ESI-TOF) m/z: Calcd for C19H17NO6 355.1061, found [M+H]+ 355.1082. 

3,4-dihydroxy-2-((2-methoxy-2-oxoethyl)amino)phenethyl octanoate (5a). Yield 15% 

(11 mg). Yellow oil. MS (EI) m/z 367.20. Purified by flash chromatography (n-

hexane/EtOAc = 8.0:2.0). 1H NMR (400 MHz, CDCl3) δ 6.79-6.77 (d, 1H, J 8.9 Hz), 

6.04-6.03 (d, 1H, J 9.0 Hz), 4.28-4.24 (m, 2H), 4.02 (s, 2H), 3.68 (s, 3H), 2.89-2.86 (m, 

2H), 2.32-2.28 (m, 2H), 1.66-1.59 (m, 2H), 1.29 (m, 8H), 0.91-0.88 (m, 3H) ppm. 
13C{1H} NMR (100 MHz, CDCl3) δ 174.2, 171.0, 145.5, 138.4, 130.0, 122.9, 115.3, 

104.5, 65.1, 53.1, 44.8, 34.2, 31.6, 29.0, 28.9 (2C), 24.9, 22.6, 14.0 ppm. HRMS (ESI-

TOF) m/z: Calcd for C19H29NO6 367.2000, found [M+H]+ 367.2022. 

3,4-dihydroxy-2-((1-methoxy-1-oxopropan-2-yl)amino)phenethyl octanoate (5b). Yield 

10% (8 mg). Yellow oil. MS (EI) m/z 381.22. Purified by flash chromatography (n-

hexane/EtOAc = 8.0:2.0). 1H NMR (400 MHz, CDCl3) δ 6.45-6.44 (d, 1H, J 8.8 Hz), 6.03 

(d, 1H, J 9.0 Hz), 4.28-4.24 (m, 2H), 3.95-3.94 (m, 1H), 3.65 (s, 3H), 2.92-2.89 (m, 2H), 

2.32-2.29 (m, 2H), 1.66-1.58 (m, 2H), 1.28-1.26 (m, 8H), 0.91-0.88 (m, 6H) ppm. 
13C{1H} NMR (100 MHz, CDCl3) δ 174.2, 173.4, 146.1, 138.6, 130.0, 122.3, 116.3, 
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103.9, 65.1, 56.9, 52.0, 34.5, 31.6, 29.0, 28.9 (2C), 24.9, 22.6, 18.7, 14.1 ppm. HRMS 

(ESI-TOF) m/z: Calcd for C20H31NO6 381.2156, found [M+H]+ 381.2178. 

3,4-dihydroxy-2-((1-methoxy-3-methyl-1-oxobutan-2-yl)amino)phenethyl octanoate 

(5c). Yield 10% (8.5 mg). Yellow oil. MS (EI) m/z 409.25. Purified by flash 

chromatography (n-hexane/EtOAc = 8.0:2.0). 1H NMR (400 MHz, CDCl3) δ 6.79-6.77 

(d, 1H, J 8.9 Hz), 6.12 (d, 1H, J 9.0 Hz), 4.28-4.24 (m, 2H), 3.52 (s, 3H), 3.49 (m, 1H), 

2.89-2.86 (m, 2H), 2.52-2.51 (m, 1H), 2.32-2.28 (m, 2H), 1.66-1.59 (m, 2H), 1.29 (m, 

8H), 0.99-0.80 (m, 9H) ppm. 13C{1H} NMR (100 MHz, CDCl3) δ 174.2, 171.6, 145.6, 

138.4, 129.4, 122.3, 115.3, 103.9, 74.2, 65.1, 52.0, 34.2, 31.6, 29.0 (2C), 28.9 (2C), 24.9, 

22.6, 18.9 (2C), 14.0 ppm. HRMS (ESI-TOF) m/z: Calcd for C22H35NO6 409.2469, found 

[M+H]+ 409.2493. 

3,4-dihydroxy-2-((1-methoxy-4-methyl-1-oxopentan-2-yl)amino)phenethyl octanoate 

(5d). Yield 12% (10 mg). Yellow oil. MS (EI) m/z 423.26. Purified by flash 

chromatography (n-hexane/EtOAc = 8.0:2.0). 1H NMR (400 MHz, CDCl3) δ 6.46-6.45 

(d, 1H, J 9.0 Hz), 6.12-6.11 (d, 1H, J 9.0 Hz), 4.28-4.26 (m, 2H), 4.03-4.02 (m, 1H), 3.65 

(s, 3H), 2.95-2.88 (m, 2H), 2.32-2.28 (m, 2H), 1.92-1.84 (m, 2H), 1.66-1.59 (m, 2H), 1.49 

(m, 1H), 1.30-1.29 (m, 8H), 0.90-0.88 (m, 9H) ppm. 13C{1H} NMR (100 MHz, CDCl3) δ 

174.2, 172.2, 140.9, 138.9, 130.0, 123.1, 116.3, 105.0, 65.1 (2C), 51.0, 40.1, 34.2, 31.6, 

29.0, 28.9 (2C), 24.9 (2C), 22.8 (3C), 14.1 ppm. HRMS (ESI-TOF) m/z: Calcd for 

C23H37NO6 423.2626, found [M+H]+ 423.2651. 

3,4-dihydroxy-2-((2-methoxy-2-oxoethyl)amino)phenethyl dodecanoate (5e). Yield 

13% (11 mg). Yellow oil. MS (EI) m/z 423.55. Purified by flash chromatography (n-

hexane/EtOAc = 8.0:2.0). 1H NMR (400 MHz, CDCl3) δ 6.79-6.77 (d, 1H, J 9.0 Hz), 

6.04-6.03 (d, 1H, J 9.0 Hz), 4.28-4.24 (m, 2H), 4.02 (s, 2H), 3.68 (s, 3H), 2.89-2.86 (m, 

2H), 2.32-2.28 (m, 2H), 1.66-1.59 (m, 2H), 1.29 (m, 16H), 0.91-0.88 (m, 3H) ppm. 
13C{1H} NMR (100 MHz, CDCl3) δ 174.2, 171.0, 145.5, 138.4, 130.0, 122.9, 115.3, 

104.5, 65.1, 53.1, 44.8, 34.2, 31.6, 29.0 (3C), 28.9 (3C), 24.9, 22.6, 14.0 ppm. HRMS 

(ESI-TOF) m/z: Calcd for C23H37NO6 423.2626, found [M+H]+ 423.2653. 

3,4-dihydroxy-2-((2-methoxy-2-oxoethyl)amino)phenethyl oleate (5f). Yield 17% (15 

mg). Yellow oil. MS (EI) m/z 367.20. Purified by flash chromatography (n-hexane/EtOAc 

= 8.0:2.0). 1H NMR (400 MHz, CDCl3) δ 6.48-6.46 (d, 1H, J 8.9 Hz), 6.05-6.03 (d, 1H, 

J 9.0 Hz), 5.35 (m, 2H), 4.28-4.24 (m, 2H), 4.02 (s, 2H), 3.68 (s, 3H), 2.96-2.93 (m, 2H), 

2.32-2.30 (m, 2H), 2.03-2.00 (m, 4H), 1.66-1.59 (m, 2H), 1.33-1.29 (m, 20H), 0.91-0.80 

(m, 3H) ppm. 13C{1H} NMR (100 MHz, CDCl3) δ 174.2, 171.0, 145.5, 138.4, 130.0, 

129.6 (C=C), 122.9, 115.3, 104.5, 65.1, 52.0, 44.2, 34.2, 31.6, 29.0 (8C), 27.3 (2C), 25.0, 

22.6, 14.0 ppm. HRMS (ESI-TOF) m/z: Calcd for C29H47NO6 505.3408, found [M+H]+ 

505.3438. 

3,4-dihydroxy-2-((1-methoxy-1-oxo-3-phenylpropan-2-yl)amino)phenethyl octanoate 

(5g). Yield 15% (10 mg). Yellow oil. MS (EI) m/z 457.57. Purified by flash 

chromatography (n-hexane/EtOAc = 8.0:2.0). 1H NMR (400 MHz, CDCl3) δ 7.19-7.16 

(m, 5H, J 8.9 Hz), 6.47-6.46 (d, 1H, J 9.0 Hz), 6.04-6.03 (d, 1H, J 9.0 Hz), 4.28-4.24 (m, 

2H), 4.12-4.11 (m, 1H), 3.66 (s, 3H), 3.55-3.26 (m, 2H), 2.89-2.86 (m, 2H), 2.32-2.28 (m, 

2H), 1.66-1.59 (m, 2H), 1.29 (m, 8H), 0.91-0.88 (m, 3H) ppm. 13C{1H} NMR (100 MHz, 

CDCl3) δ 173.7, 171.7, 145.5, 138.2, 136.7, 130.8, 128.8 (2C), 127.7, 125.8, 122.5, 115.3, 

104.8, 68.1, 65.1, 51.2, 36.1, 33.9, 31.9, 30.3, 29.6-29.3 (2C), 24.4, 22.6, 14.0 ppm. 

HRMS (ESI-TOF) m/z: Calcd for C26H35NO6 457.2469, found [M+H]+ 457.2496. 

3,4-dihydroxy-2-((2-methoxy-2-oxoethyl)amino)phenethyl 3-(4-

hydroxyphenyl)propanoate (5h). Yield 12% (9 mg). Yellow oil. MS (EI) m/z 389.40. 

Purified by flash chromatography (n-hexane/EtOAc = 8.0:2.0). 1H NMR (400 MHz, 

CDCl3) δ 7.10-7.08 (d, 2H, J 9.0 Hz), 6.79-6.77 (d, 2H, J 9.0 Hz), 6.49-6.47 (d, 1H, J 9.0 
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Hz), 6.06-6.03 (d, 1H, J 9.0 Hz), 4.28-4.24 (m, 2H), 4.05 (s, 2H), 3.66 (s, 3H), 2.98-2.95 

(m, 2H), 2.89-2.86 (m, 2H), 2.53-2.52 (m, 2H) ppm. 13C{1H} NMR (100 MHz, CDCl3) δ 

173.2, 170.1, 156.4, 144.5, 138.5, 134.0, 130.0, 129.6 (2C), 122.2, 116.8, 115.3 (2C), 

104.3, 65.1, 51.2, 44.5, 34.2, 29.9, 29.9 ppm. HRMS (ESI-TOF) m/z: Calcd for 

C20H23NO7 389.1480, found [M+H]+ 389.1503. 

3,4-dihydroxy-2-((2-(4-nitrophenoxy)-2-o-oethyl)amino)phenethyl octanoate (5i). 

Yield 10% (7.6 mg). Clear yellow oil. MS (EI) m/z 474.50. Purified by flash 

chromatography (n-hexane/EtOAc = 8.0:2.0). 1H NMR (400 MHz, CDCl3) δ 8.43-8.34 

(d, 2H, J 8.4 Hz), 7.50-7.49 (d, 2H, J 8.4 Hz), 6.43-6.32 (d, 1H, J 8.4 Hz), 6.13-6.09 (d, 

1H, J 9.0 Hz), 4.28-4.24 (m, 2H), 4.19 (s, 2H), 2.89-2.86 (m, 2H), 2.32-2.28 (m, 2H), 

1.66-1.59 (m, 2H), 1.29 (m, 8H), 0.91-0.88 (m, 3H) ppm. 13C{1H} NMR (100 MHz, 

CDCl3) δ 174.2, 167.5, 157.5, 145.0, 144.6, 137.3, 130.0, 125.3 (2C), 122.3 (3C), 115.3, 

105.3, 65.1, 44.0, 34.4, 31.6, 29.0, 28.9, 24.9, 22.6, 14.0 ppm. HRMS (ESI-TOF) m/z: 

Calcd for C24H30N2O8 474.2007, found [M+H]+ 474.2036. 

 

Synthesis of catechol derivatives 8a-c.   

As a general procedure, tyrosol 1 (0.28 mmol), octanoic acid 2a and selected primary 

amines (benzylamine 7a, ethanolamine 7b and 2-pycolylamine 7c) (0.30 mmol) were 

treated with a catalytic amount of NOL/LT (280 g, 40U/mg)  at 45°C in 2-MeTHF (5.0 

mL) and limiting amount of PBS buffer (150 L, pH 7) in air atmosphere to afford 

catechol derivatives 8a-c as the main products in high yield besides to traces amount of 

tyrosol-octanoate 4a. Original NMR spectra are reported in SI4. 

 

2-(benzylamino)-3,4-dihydroxyphenethyl octanoate (8a). Yield 45% (40 mg). Clear oil. 

MS (EI) m/z 385.23. Purified by flash chromatography (n-hexane/EtOAc = 8.0:2.0). 1H 

NMR (400 MHz, CDCl3) δ 7.32-7.29 (m, 5H), 6.42-6.41 (d, 1H, J 9.0 Hz), 6.04-6.03 (d, 

1H, J 9.0 Hz), 4.29-4.28 (m, 2H), 4.19 (s, 2H), 2.96-2.95 (m, 2H), 2.32-2.29 (m, 2H), 

1.66-1.61 (m, 2H), 1.29 (m, 8H), 0.92-0.88 (m, 3H) ppm. 13C{1H} NMR (100 MHz, 

CDCl3) δ 174.2, 145.3, 140.0, 138.6, 131.2, 128.0 (2C), 126.6 (3C), 122.6, 115.9, 104.2, 

65.1, 48.7, 34.4, 31.6, 30.0, 29.2 (2C), 25.1, 22.6, 14.0 ppm. HRMS (ESI-TOF) m/z: 

Calcd for C23H31NO4 385.2258, found [M+H]+385.2281. 

3,4-dihydroxy-2-((2-hydroxyethyl)amino)phenethyl octanoate (8b). Yield 34% (22.8 

mg). Yellow oil. MS (EI) m/z 339.20. Purified by flash chromatography (n-hexane/EtOAc 

= 8.0:2.0). 1H NMR (400 MHz, CDCl3) δ 6.47-6.45 (d, 1H, J 9.0 Hz), 6.02-6.01 (d, 1H, 

J 9.0 Hz), 4.28-4.24 (m, 2H), 3.68-3.67 (m, 2H), 3.55-3.54 (2H, m), 2.96-2.95 (m, 2H), 

2.32-2.29 (m, 2H), 1.66-1.59 (m, 2H), 1.32 (m, 8H), 0.91-0.89 (m, 3H) ppm. 13C{1H} 

NMR (100 MHz, CDCl3) δ 173.5, 145.7, 138.3, 129.6, 123.2, 115.9, 104.2, 65.1, 61.9, 

46.5, 33.9, 31.6, 30.0, 29.2 (2C), 25.1, 23.6, 14.1 ppm. HRMS (ESI-TOF) m/z: Calcd for 

C18H29NO5 339.2051, found [M+H]+ 339.2071. 

3,4-dihydroxy-2-((130yridine-2-ylmethyl)amino)phenethyl octanoate (8c). Yield 42% 

(39 mg). Clear oil. MS (EI) m/z 386.22. Purified by flash chromatography (n-

hexane/EtOAc = 8.0:2.0). 1H NMR (400 MHz, CDCl3) δ 8.49-8.46 (m, 1H), 7.75-7.30 

(m, 1H, J 7.9 Hz), 7.26-7.23 (m, 2H, J 7.9 Hz), 6.42-6.40 (d, 1H, J 9.0 Hz), 6.03-6.02 (d, 

1H, J 9.0 Hz), 4.70-4.69 (s, 2H), 4.30-4.27 (m, 2H), 2.91-2.89 (m, 2H), 2.32-2.29 (m, 

2H), 1.66-1.59 (m, 2H), 1.33-1.30 (m, 8H), 0.91-0.88 (m, 3H) ppm. 13C{1H} NMR (100 

MHz, CDCl3) δ 174.2, 159.0, 148.9, 144.9, 139.8, 138.5, 130.9, 122.5, 121.2 (2C), 115.8, 

103.9, 65.1, 48.4, 34.2, 31.6, 29.0, 28.9 (2C), 24.9, 22.6, 14.1 ppm. HRMS (ESI-TOF) 

m/z: Calcd for C22H30N2O4 386.2211, found [M+H]+ 386.2234. 
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5.7.3 Results and discussions 

 
The reaction pathway involved the following steps: i) lipase M catalyzed synthesis of 

tyrosol-octanoate 4a (isolated in traces amount) from tyrosol 1 and octanoic acid 2a; ii) 

selective hydroxylation of tyrosol-octanoate 4a by tyrosinase to yield ortho-quinone I 

(not isolated in our case); iii) 1,6-Michael addition of glycine methyl ester 3a on ortho-

quinone I and successive keto-enolic aromatization to catechol 5a (side-product); and  iv) 

intramolecular lactonization involving the ester moiety of glycine and the proximal 

hydroxyl group of the catechol moiety, followed by v) spontaneous oxidative 

aromatization to yield benzoxazine 6a (Scheme 5.7). The sequence of lipase and 

tyrosinase activity in the cascade of Scheme 5.7 was hypothesized on the basis of the 

consideration that the activity of lipase increased more significantly in the cascade system 

than tyrosinase (Supporting information), the latter being in part limited by the prevalence 

of the organic solvent with respect to the buffer (just the amount required for the hydration 

shell of tyrosinase). The presence of tyrosol ester 4a as side-product instead of 

hydroxytyrosol ester counterpart further confirmed the highest efficacy of lipase in the 

first step of the transformation. The selective addition of compound 3a at C3 position of 

ortho-quinone I (1,6-type regiochemistry) was not expected, since nucleophiles usually 

add at C5 position (1,4-type regiochemistry). Probably, this selectivity was a consequence 

of the favorable ring closure of the oxazine ring, even if, the occurrence of radical addition 

than ionic mechanism, affording 1,6-type regiochemistry, cannot be completely ruled 

out.615 Note that the reaction between tyrosol 1, glycine methyl ester 3a and tyrosol-

octanoate 4a, performed in the presence of NOL/T deprived of Lipase M (for the 

preparation and characterization of NOL/T see S2, Table S2), yielded catechol 5a as the 

only recovered product (26%) besides to unreacted substrates. The yield of benzoxazine 

6a with NOL/LT was higher than that obtained with NOL/T, showing that the activity of 

tyrosinase was improved by the cascade system, in accordance with data previously 

reported.130,508,603,604 Conversely, when the reaction was performed with NOL/L deprived 

of Tyrosinase, tyrosol octanoate 4a was detected as single product. Thus, both the 

enzymes were essential ingredients for the multicomponent synthesis of benzoxazine 6a. 

In order to better investigate the multi-enzyme cascade effect in the overall yield of 

benzoxazine 6a, the reaction was repeated with a mixture of NOL/T and NOL/L, taking 

into due account the use of appropriate amount of biocatalysts. The mixture of NOL/T 

and NOL/L afforded benzoxazine 6a in low yield (10%), besides to tyrosol-octanoate 4a 

(50%) and catechol derivative 5a (27%), confirming the lack of tunnelling effect138 (see 

S4). 

The total yield of benzoxazine 6a was higher, or of the same order of magnitude, than 

that previously reported for traditional multi-steps procedures.605-608 Since we operated in 

one-pot conditions, the multicomponent cascade enzyme approach appears to be of 

significant green interest with respect to the state of art. Experimental details for the 

reaction are reported in S4. This result confirmed the role played by Lipase M in the 

intramolecular lactonization (step iv). In addition, the synthesis of imines from aromatic 

N-alkylamines (step v) by tyrosinase is reported and the hydrogen transfer from the 

alkylamino group of the substrate to the oxy form of the enzyme discussed in detail.609 

The effective isolation of tyrosol-octanoate 4a and catechol derivative 5a from the 

reaction mixture was in accordance with the proposed reaction pathway. It cannot escape 

to our attention that the overall transformation was (highly) resemblant to the last 

metabolic steps in the biosynthesis of benzothiazines from DOPA-quinone and cysteine 

during melanogenesis.610 
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Scheme 5.7. Proposed reaction pathway for the synthesis of 2(H)-benzo-1,4-oxazin-2-one 6a and catechol derivative 5a from 

the ternary mixture of compounds 1, 2a and 3a. 

 

Next, we extended the reaction to ternary mixtures containing -amino acids 3b-d. 

Irrespective to experimental conditions, 8-hydroxy-3-methyl-5-phenethyloctanoate-2(H)-

benzo-1,4-oxazin-2-one 6b, 8-hydroxy-3-isopropyl-5-phenethyloctanoate-2(H)-benzo-

1,4-oxazin-2-one 6c, and 8-hydroxy-3-isobutyl-5-phenethyloctanoate-2(H)-benzo-1,4-

oxazin-2-one 6d were recovered as the main reaction products from moderate to excellent 

yield, besides low amount of catechol derivatives 5b-d and traces-amount of tyrosol-

octanoate 4a (Table 24). 

 
Table 24. Synthesis of 1,4-benzoxazine derivatives by NOL/LT.   
Entry Substrate 1   Substrate 2    Substrate 3                 Products Conversion (%) Yield (%) 

1 1 2a 3a 

 

80 56[a](15)[b] 

2 1 2a 3b 

 

78 53(10) 

3 1 2a 3c 

 

75 49(10) 
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4 1 2a 3d 

 

68 45(12) 

5 1 2b 3a 

 

70 50(13) 

6 1 2c 3a 

 

70 47(17) 

7 1 2a 3e 

 

77 58(15) 

8 1 2d 3a 

 

73 55(12) 

9 1 2a 3a 

 

80 (Run n.1)[c] 55(11) 

10 1 2a 3a 

 

78(Run n.2) 51(9) 

11 1 2a 3a 

 

75(Run n.3) 52(9) 

12 1 2a 3a 

 

70(Run n.4) 48(8) 

13 1 2a 3f 

 

85% 66(5) 

The products yield was evaluated based on recovered mmol of the reaction product. [a] Data refers to yield of compound 

6a-h. [b] Data refers to yield of compound 5a-i. Traces amount of tyrosol octanoate 4a (c.a. 1-2%) were detected in the 

reaction mixture. [c] NOL/LT was re-covered by centrifugation and re-used in next runs. 

 

 

The steric hindrance of the carboxylic acid was not detrimental to the overall 

transformation in the case of linear carboxylic acids, while the reaction was not operative 

with highly hindered 2,2-dimethylbutyric acid. The latter result is in accordance with the 

reported inhibitory effect of fatty acids with branching carbon chain at the position 

neighboring the carboxylic group against esterase activity.611 As a selected example, 
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when tyrosol 1 (38.7mg, 0.28 mmol), long side-chain and heterocyclic carboxylic acids 

lauric acid 2b (56.08mg, 0.28 mmol), oleic acid 2c (79.08mg, 0.28 mmol), and glycine 

methyl ester 3a (37.6mg, 0.30 mmol) were treated at 45°C in 2-MeTHF (5.0 mL) and 

limiting amount of PBS buffer (150 L, pH 7, 0.1M) in air atmosphere and in the presence 

of NOL/LT (280 g; 40U/mg of both lipase and tyrosinase), the 8-hydroxy-5-

phenethyllaurate-2(H)-benzo-1,4-oxazin-2-one 6e, and 8-hydroxy-5-phenethyloleate-

2(H)-benzo-1,4-oxazin-2-one 6f were obtained, respectively, as the main reaction 

products besides low amount of catechol derivatives 5e-f (Scheme 5.7, Table 24, entries 

5-6). The reusability of NOL/LT was evaluated after its recovering at the end of the 

reaction by centrifugation (15000 g) for 10 mins, followed by washing with PBS (pH 7.0, 

0.1 M). NOL/LT effectively retained the reactivity for at least 4 runs in the synthesis of 

benzoxazine derivative 6a as a selected example (Table 24, entries 9-12). In order to 

further evaluate the method’s adaptability, the reaction was repeated under similar 

experimental conditions including the aryl-like derivative phenylalanine methyl ester 3e, 

and the aromatic phloretic acid 2d, respectively. As reported in Table 24 (entries 7-8), 

benzoxazines 6g and 6h were obtained in significant yield besides low amounts of 

corresponding catechol derivatives 5g and 5h, confirming the generality of the procedure. 

Finally, the reaction between 1 and 2a was repeated, as a selected case, with (4-

nitrophenyl)-2-amino acetate 3f instead than glycine methyl-ester 3a under similar 

experimental conditions, in order to reduce the formation of catechol derivative 5a.  As 

reported in Table 24 (entry 13), benzoxazine 6a was obtained in higher yield and similar 

conversion than the reference counterpart (Table 24, entry 1). Note that the use of mild 

bases to further enhance the yield of the lactonization step was not possible due to the 

reported inhibition of lipase from Mucor javanicus activity at pH > 7.514,612,613 

The synthetic relevance of the multicomponent biochemo multi-enzymes cascade 

reaction was further demonstrated in the synthesis of highly functionalized catechol 

derivatives by using simple primary amines as nucleophiles. For example, when tyrosol 

1 (38.7mg, 0.28 mmol), octanoic acid 2a (40.4mg, 0.28 mmol) and selected amines 7a-c 

(0.30 mmol) (benzylamine 7a, 32.14mg; ethanolamine 7b, 18.32mg; and 2-pycolylamine 

7c, 32.44mg) were treated at 45°C in 2-MeTHF (5.0 mL) and limiting PBS buffer (150 

L, pH 7, 0.1M) in air atmosphere and in the presence of  NOL/LT (280 g; 40U/mg of 

both lipase and tyrosinase), catechol derivatives 8a-c were isolated in high yield as the 

only recovered products besides traces-amount of tyrosol-octanoate 4a (Scheme 5.7, 

Figure 5.7). The reaction proceeded with high chemo-selectivity in the case of 

bifunctional ethanolamine, the product deriving from N-addition being the only recovered 

compound. 

 

 
Figure 5.7. Heterogeneous multicomponent bio-chemo multienzymes cascade synthesis of catechols 8a-c from the 

ternary mixture of compounds 1, 2a and 7a-c. The yield was evaluated on the basis of mmol of the recovered product. 

Traces amount of tyrosol octanoate 4a (1-2%) were detected in the reaction mixture. 



135 

 

References 
 

479- Capecchi, E., Piccinino, D., Tomaino, E., Bizzarri, B.M., Polli, F., Antiochia, R., Mazzei, F. and Saladino, R., Lignin 

nanoparticles are renewable and functional platforms for the concanavalin a oriented immobilization of glucose 

oxidase–peroxidase in cascade bio-sensing. RSC advances, 2020,10(48), pp.29031-29042. 

480- Capecchi, E., Piccinino, D., Bizzarri, B.M., Botta, L., Crucianelli, M. and Saladino, R., Oxidative bio-desulfurization 

by nanostructured peroxidase mediator system. Catalysts, 2020, 10(3), p.313. 

481- Kim, Eunkyoung, W. Taylor Leverage, Yi Liu, Ian M. White, William E. Bentley, and Gregory F. Payne. "Redox-

capacitor to connect electrochemistry to redox-biology." Analyst 139, no. 1 (2014): 32-43. 

482- Rodríguez-Morató, J., Boronat, A., Kotronoulas, A., Pujadas, M., Pastor, A., Olesti, E., Perez-Mana, C., Khymenets, 

O., Fito, M., Farre, M. and de la Torre, R. Metabolic disposition and biological significance of simple phenols of dietary 

origin: Hydroxytyrosol and tyrosol. Drug Metabolism Reviews, 2016, 48(2), pp.218-236 

483- R. Delisi, F. Saiano, M. Pagliaro, R. Ciriminna, Chem. Cent. J. 2016, 10, 63. 

484- Safarzadeh Markhali, F. Effect of processing on phenolic composition of olive oil products and olive mill by-products 

and possibilities for enhancement of sustainable processes. Processes, 2021, 9(6), p.953. 

485- Allouche, N., Damak, M., Ellouz, R. and Sayadi, S. Use of whole cells of Pseudomonas aeruginosa for synthesis of the 

antioxidant hydroxytyrosol via conversion of tyrosol. Applied and environmental microbiology, 2004, 70(4), pp.2105-

2109. 

486- Karković Marković, A., Torić, J., Barbarić, M. and Jakobušić Brala, C. Hydroxytyrosol, tyrosol and derivatives and 

their potential effects on human health. Molecules, 2019, 24(10), p.2001. 

487- Manna, C., Galletti, P., Cucciolla, V., Montedoro, G. and Zappia, V. Olive oil hydroxytyrosol protects human 

erythrocytes against oxidative damages. The Journal of nutritional biochemistry, 1999, 10(3), pp.159-165. 

488- Lopez-Huertas Leon E., Geerlings A., Morales Sanchez J. C., J. Boza Puerta, WO-200308798 A1, 2003. 

489- Fuccelli, R., Fabiani, R. and Rosignoli, P. Hydroxytyrosol exerts anti-inflammatory and anti-oxidant activities in a 

mouse model of systemic inflammation. Molecules, 2018, 23(12), p.3212. 

490- De Pablos, R.M., Espinosa-Oliva, A.M., Hornedo-Ortega, R., Cano, M. and Arguelles, S. Hydroxytyrosol protects from 

aging process via AMPK and autophagy; a review of its effects on cancer, metabolic syndrome, osteoporosis, immune-

mediated and neurodegenerative diseases. Pharmacological research, 2019, 143, pp.58-72. 

491- Robles-Almazan, M., Pulido-Moran, M., Moreno-Fernandez, J., Ramirez-Tortosa, C., Rodriguez-Garcia, C., Quiles, 

J.L. and Ramirez-Tortosa, M., Hydroxytyrosol: Bioavailability, toxicity, and clinical applications. Food Research 

International, 2018, 105, pp.654-667. 

492- Ziosi, P., Paolucci, C., Santarelli, F., Tabanelli, T., Passeri, S., Cavani, F. and Righi, P. A Two‐Step Process for the 

Synthesis of Hydroxytyrosol. ChemSusChem, 2018, 11(13), pp.2202-2210. 

493- Bernini, R., Mincione, E., Barontini, M. and Crisante, F. Convenient synthesis of hydroxytyrosol and its lipophilic 

derivatives from tyrosol or homovanillyl alcohol. Journal of agricultural and food chemistry, 2008, 56(19), pp.8897-

8904. 

494- Kalampaliki, A.D., Giannouli, V., Skaltsounis, A.L. and Kostakis, I.K. A three-step, gram-scale synthesis of 

hydroxytyrosol, hydroxytyrosol acetate, and 3, 4-dihydroxyphenylglycol. Molecules, 2019, 24(18), p.3239. 

495- Li, Z., Chen, H., Fang, Y., Ma, Y., Chen, H., Yang, B. and Wang, Y., A highly efficient three-liquid-phase-based 

enzymatic one-pot multistep reaction system with recoverable enzymes for the synthesis of biodiesel. Journal of 

Agricultural and Food Chemistry, 2021, 69(19), pp.5481-5490. 

496- B. Zieniuk, K. Groborz, M. Wołoszynowska, K. Ratusz, E. Białecka-florjańczyk, A. Fabiszewska, Biomol. Eng. 2021, 

11, 1–12. 

497- Liebgott, P.P., Labat, M., Casalot, L., Amouric, A. and Lorquin, J., Bioconversion of tyrosol into hydroxytyrosol and 3, 

4-dihydroxyphenylacetic acid under hypersaline conditions by the new Halomonas sp. strain HTB24. FEMS 

Microbiology Letters, 2007, 276(1), pp.26-33. 

498- Annunziata, F., Contente, M.L., Pinna, C., Tamborini, L. and Pinto, A. Biocatalyzed flow oxidation of tyrosol to 

hydroxytyrosol and efficient production of their acetate esters. Antioxidants, 2021, 10(7), p.1142. 

499- Bozzini, T., Botta, G., Delfino, M., Onofri, S., Saladino, R., Amatore, D., Sgarbanti, R., Nencioni, L. and Palamara, 

A.T., Tyrosinase and Layer-by-Layer supported tyrosinases in the synthesis of lipophilic catechols with antiinfluenza 

activity. Bioorganic & Medicinal Chemistry, 2013, 21(24), pp.7699-7708. 

500- Zhou, D.Y., Sun, Y.X. and Shahidi, F., Preparation and antioxidant activity of tyrosol and hydroxytyrosol esters. Journal 

of Functional Foods, 2017, 37, pp.66-73. 

501- Ginex, T., Vazquez, J., Gilbert, E., Herrero, E. and Luque, F.J., Lipophilicity in drug design: An overview of lipophilicity 

descriptors in 3D-QSAR studies. Future medicinal chemistry, 2019, 11(10), pp.1177-1193. 

502- Rutkowska, E., Pajak, K. and Jóźwiak, K., Lipophilicity--methods of determination and its role in medicinal chemistry. 

Acta poloniae pharmaceutica, 2013, 70(1), pp.3-18. 

503- Bernini, R., Carastro, I., Santoni, F. and Clemente, M., Synthesis of lipophilic esters of tyrosol, homovanillyl alcohol 

and hydroxytyrosol. Antioxidants, 2019, 8(6), p.174. 



136 

 

504- Fotiadou, R., Chatzikonstantinou, A.V., Hammami, M.A., Chalmpes, N., Moschovas, D., Spyrou, K., Polydera, A.C., 

Avgeropoulos, A., Gournis, D. and Stamatis, H. Green synthesized magnetic nanoparticles as effective nanosupport for 

the immobilization of lipase: Application for the synthesis of lipophenols. Nanomaterials, 2021, 11(2), p.458. 

505- Botta, G., Bizzarri, B.M., Garozzo, A., Timpanaro, R., Bisignano, B., Amatore, D., Palamara, A.T., Nencioni, L. and 

Saladino, R. Carbon nanotubes supported tyrosinase in the synthesis of lipophilic hydroxytyrosol and dihydrocaffeoyl 

catechols with antiviral activity against DNA and RNA viruses. Bioorganic & Medicinal Chemistry, 2015, 23(17), 

pp.5345-5351. 

506- Tofani, D., Balducci, V., Gasperi, T., Incerpi, S. and Gambacorta, A., Fatty acid hydroxytyrosyl esters: 

structure/antioxidant activity relationship by ABTS and in cell-culture DCF assays. Journal of agricultural and food 

chemistry, 2010, 58(9), pp.5292-5299. 

507- Schrittwieser, J.H., Velikogne, S., Hall, M. and Kroutil, W., Artificial biocatalytic linear cascades for preparation of 

organic molecules. Chemical reviews, 2018, 118(1), pp.270-348. 

508- Chauhan, K., Zárate‐Romero, A., Sengar, P., Medrano, C. and Vazquez‐Duhalt, R., Catalytic Kinetics Considerations 

and Molecular Tools for the Design of Multienzymatic Cascade Nanoreactors. ChemCatChem, 2021, 13(17), pp.3732-

3748. 

509- Giannakopoulou, A., Chatzikonstantinou, A.V., Chalmpes, N., Tsapara, G., Gournis, D., Polydera, A.C. and Stamatis, 

H., Development of a novel bi-enzymatic nanobiocatalyst for the efficient bioconversion of oleuropein to 

hydroxytyrosol. Catalysts, 2021, 11(6), p.749. 

510- Simeó, Y., Sinisterra, J.V. and Alcántara, A.R. Regioselective enzymatic acylation of pharmacologically interesting 

nucleosides in 2-methyltetrahydrofuran, a greener substitute for THF. Green Chemistry, 2009, 11(6), pp.855-862. 

511- Adlercreutz, P., Immobilisation and application of lipases in organic media. Chemical Society Reviews, 2013, 42(15), 

pp.6406-6436. 

512- Ortiz, E., Gallay, P., Galicia, L., Eguílaz, M. and Rivas, G. Nanoarchitectures based on multi-walled carbon nanotubes 

non-covalently functionalized with Concanavalin A: A new building-block with supramolecular recognition properties 

for the development of electrochemical biosensors. Sensors and Actuators B: Chemical, 2019, 292, pp.254-262. 

513- Hernández-García, S., García-García, M.I. and García-Carmona, F., An improved method to measure lipase activity in 

aqueous media. Analytical Biochemistry, 2017, 530, pp.104-106. 

514- Verma, S.K., Ghosh, K.K., Verma, R. and Verma, S. Influence of cationic surfactants and inorganic salts on the enzyme 

kinetic activity of Mucor javanicus lipase. International Journal of Chemical Kinetics, 2021, 53(2), pp.308-316. 

515- Y. Masamoto, S. Lida, M. Kubo, J. Med. Plants Res. 1980, 40, 361–365. 

516- Decher, G., Fuzzy nanoassemblies: toward layered polymeric multicomposites. Science, 1997, 277(5330), pp.1232-

1237. 

517- Makky, A., Michel, J.P., Maillard, P. and Rosilio, V., Biomimetic liposomes and planar supported bilayers for the 

assessment of glycodendrimeric porphyrins interaction with an immobilized lectin. Biochimica et Biophysica Acta 

(BBA)-Biomembranes, 2011, 1808(3), pp.656-666. 

518- Perchyonok, V.T., Souza, J., Küll, M.F., Suzuki, T.Y.U., Maluly-Proni, A.T. and Santos, P.H.D., Color stability and 

surface roughness of chitosan-and nanodiamond-modified bisacrylic resin. Brazilian oral research, 2019, 33. 

519- Zhang, Y., Yong, Y., Ge, J. and Liu, Z., Lectin agglutinated multienzyme catalyst with enhanced substrate affinity and 

activity. ACS Catalysis, 2016, 6(6), pp.3789-3795. 

520- Idan, O. and Hess, H., Engineering enzymatic cascades on nanoscale scaffolds. Current opinion in biotechnology, 2013, 

24(4), pp.606-611. 

521- Wu, F. and Minteer, S.D., Fluorescence Characterization of Co-immobilization-Induced Multi-Enzyme Aggregation in 

a Polymer Matrix Using Forster Resonance Energy Transfer (FRET): Toward the Metabolon Biomimic. 

Biomacromolecules, 2013, 14(8), pp.2739-2749. 
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Conclusions  
 

Nano-biotechnologies based on the application of lignin nanoparticles are of large 

industrial interest for the design of novel biobased materials with antioxidant, 

antimicrobial and UV-protecting properties, as well as for the preparation of biocatalysts. 

The renewable and biodegradable properties showed by lignin nanoparticles, associated 

to the possibility to prepare them by sustainable and efficient nanoprecipitation 

procedures using eco-certified organic solvents and deionized water, favoured their 

effective application in the encapsulation of chemical sunscreen filters useful for the 

preparation of novel sunscreen products and photoprotective carriers. In this context, 

lignin nanoparticles showed high biocompatibility, complete biodegradability and 

antimicrobial activity, improving the antioxidant and UV shielding properties of the end 

products with respect to the homopolymer counterpart. The emergence of these latter 

beneficial chemo-physical properties was a direct consequence of their nano-aggregation 

state (“exciton” theory”), favouring the emergence of synergistic effects.  

Next, composite lignin nanoparticles have been studied in the context of the design of 

innovative cosmeceutical products. Lignin nanoparticles coated with chitosan by layer-

by-layer technology showed remarkable properties as functional and renewable support 

for the immobilization of enzymes, including lipase B from Candida antarctica. In this 

case, a dual-target strategy was applied for the lipase mediated biosynthesis of novel 3-

O-ethyl-L-ascorbyl-6-ferulate and 3-O-ethyl-L-ascorbyl-6-palmitate and in their 

successive solvent-shift encapsulation in order to improve stability and antioxidant 

activity against temperature and pH-dependent degradation. After the encapsulation 

process, loaded LNPs showed improved thermal and pH stability, 3-Oethyl-L-ascorbyl-

6-ferulate and 3-O-ethyl-L-ascorbyl-6-palmitate being preserved toward degradation 

with respect to free ascorbic acid (AA ) and other AA derivatives as references. 

In the context of advanced materials, lignin nanoparticles containing saccharides from 

fishery wastes were produced by a sustainable nanoprecipitation process and used as 

sustainable bio-fillers in the preparation of bioplastic blends. The chemo-physical and 

biological activities of composite lignin/saccharide nanoparticles, such as UV-shielding, 

antioxidant, and antimicrobial activities, were found to be dependent on both molecular 

weight and deacetylation degree of saccharides, the best results being obtained with low 

molecular-weight and highly deacetylated chito-oligosaccharides. In addition, chito-

oligosaccharides increased the melting point, antioxidant activity, UV protection, and 

antimicrobial effects of lignin nanoparticles with respect to the chitosan counterpart.   

Lignin nanoparticles showed also significant applications in biocatalysis under green 

conditions. Thus, organosolv lignin nanoparticles coated with chitosan were used as 

support for the co-immobilization of lipase M and tyrosinase in the synthesis of lipophilic 

hydroxytyrosol esters by one-pot esterification and ortho-hydroxylation of tyrosol with 

long-medium side chain carboxylic acids. The highest yield was obtained in the presence 

of Concanavalin A, which was able to control the optimal orientation and distance 

between the two enzymes, favouring the occurrence of substrate-tunnelling effect. In 

order to avoid the use of external and toxic reducing agents, which can also inhibit the 

enzyme, the multienzyme cascade of lipase M and tyrosinase was also supported on 

hybrid lignin nanoparticles containing electroactive eumelanin and pheomelanin. It was 

demonstrated that eumelanin and pheomelanin embedded into the lignin nanoplatform 

were able to control the selectivity of lipase-tyrosinase multienzyme cascade in the one-

pot synthesis of lipophilic hydroxytyrosol esters. In particular, the redox activity of 

tyrosinase in the multienzyme cascade was significantly improved with respect to native 
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enzyme. This effect was probably due to the shift of the active site of tyrosinase from 

unproductive met-form to reversible deoxy/oxy-form mediated by the presence of 

electroactive melanin.569 The reactivity observed for the novel biocatalysts was confirmed 

by cyclic voltammetry and optoelectronic analysis (E0 and HOMO-LUMO energy gap 

values). Biocatalysts retained their activity for at least five runs, preserving the 

morphological integrity of the lignin nanoparticle.  

Next, the possibility to combine multi-component chemistry and multi-enzymes cascade 

transformations in a unique reactive framework was demonstrated focusing on the 

synthesis of highly functionalized 1,4-benzoxazines from a ternary mixture under mild 

reaction conditions. The desired products were obtained from moderate to high yield 

under mild reaction conditions and excellent atom economy and chemo-selectivity.  

The immobilization of the multienzymes cascade on electroactive lignin nanoparticles 

improved the sustainability and recyclability of the overall system. 

This approach extends the wide application of multienzymes cascade reaction and 

multicomponent chemistry in a unique chemical framework providing a new entry for 

sustainable organic synthesis. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 
 


