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Background 

 

Prokaryotes are not only the most abundant organisms in lake habitats, but they are also 

key players in biogeochemical processes (e.g. the metabolization of dissolved organic carbon 

or nitrogen cycling). Furthermore, these microorganisms have a relevant role in the processes 

controlling the water quality, because they are involved in the biodegradation of pollutants 

deriving from urban, industrial and agricultural activities. Detailed knowledge of the 

diversity, specific functions and ecology of prokaryotes dwelling in lakes is an essential 

prerequisite for the sustainable management of these freshwater resources. Moreover, since 

the academic and industrial interest in the discover of novel microorganisms that could 

produce undescribed secondary metabolites or that could have a potential biotechnological 

application is on the rise, the knowledge of the microbial diversity of lakes, representing a 

rich source of bacteria with different metabolic pathways, could provide important 

information in that regard.  

During the last two decades, methods based on direct Polymerase Chain Reaction (PCR) 

and analysis of ribosomal RNA (rRNA) genes were developed and allowed a more 

comprensive analysis of microbial communities in comparison with cultivation based 

techniques. Among the techniques which no longer require the isolation and cultivation of 

bacteria, Denaturing Gradient Gel Electrophoresis (DGGE) analysis of 16S rRNA gene 

fragments has been widely used to assess the diversity of complex microbial communities in 

sediments and water column of lakes. Recent microbial ecology studies have begun to explore 

the links between diversity and function or identity and activity of microbial assemblages 

using not only rRNA-based primers, but also primers specific for determined functional 

groups, such as ammonia-oxidizing bacteria, sulphate-reducing bacteria, denitrifiers, 

methanotrophs and methanogens. Recently, primers specific for [FeFe]-hydrogenase genes 

have been developed to identify hydrogen producing bacteria occurring in anaerobic H2 

biofermentation systems, but no studies have been performed to detect them in natural 

samples. 
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Aims of the work 

 

In this respect, the aims of this thesis were:  

 to investigate the in situ distribution, abundance, and diversity of prokaryotes along the water 

column of Lake Averno, in relation to the depth gradient of physicochemical properties; 

 to identify predominant populations constituting the microbial community of Averno lake 

superficial sediment and to detect hydrogen-producing bacteria naturally occurring in this 

habitat. 

 

Overview of the thesis 
 

PART 2 of the thesis presents an overview of the literature related to the content of this 

work. Chapter I starts with a general introduction to the microbial ecology of lakes. This 

chapter provides general information about the microbial functional groups involved in the 

main metabolic processes occurring in lakes, giving a particular attention to the hydrogen-

producing bacterial community. Chapter II deals with the molecular tools mainly used to 

investigate lake bacterial community composition with particular emphasis on DGGE and 

cloning techniques and the use of functional genes as markers to study microbial diversity. 

Moreover, it gives a short overview on the use of [FeFe]-hydrogenases gene to investigate the 

diversity of H2-producers communities.  

 

PART 3 of the thesis presents the experimental work performed in this Ph.D. study. 

Chapter III describes the methods used to investigate the depth-related changes in entire 

microbial communities of the Lake Averno water column. In the same chapter, the obtained 

molecular results are shown and discussed in relation to the depth gradient of 

physicochemical properties of the lake. Chapter IV is a description of the overall microbial 

community found in superficial sediments of Lake Averno using the molecular methods 

described in Chapter III with the addition of a cloning step of DGGE bands, necessary to 

overcome the limit of the technique for the complex microbial community of sediment. 

Moreover, this chapter describes the composition of H2–producing bacteria using as 

molecular target the gene encoding [FeFe]-hydrogenase enzyme. Therefore, this chapter 

reviews the conclusions drawn from results obtained developing a new set of PCR primers 
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targeting the functional Clostridium iron-only [FeFe]-hydrogenase genes, known as the most 

indispensable element for hydrogen-evolving microorganisms. 
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Chapter I: Lake microbial ecology 
 

I.1. General introduction  
 

Prokaryotes are a important component of lake ecosystem because of their abundance, 

their species diversity and the multiplicity of their metabolic activities (Miskin et al., 1998; 

Wetzel, 2001; Wei et al., 2008). They play a key role in the decomposition of organic matter, 

in the biogeochemical cycles of the main elements (carbon, nitrogen, phosphorus, etc) and of 

trace elements (iron, nickel, mercury, etc), as well as in biodegradation of pollutants deriving 

from anthropic activities. Therefore, a detailed knowledge of the diversity, specific functions 

and ecology of microorganisms inhabiting lakes is needed for the sustainable management of 

these ecosystems. Several lakes have been studied as model systems to analyze the inter-

relationships between microorganisms and their living and non living environments (Clark 

and Walsby, 1978; Gorlenko et al., 1977; Kuznezow, 1977). In particular, stratified lakes, 

characterized by zonation and gradient forming processes (Overbeck, 1972; Pfennig, 1979; 

Sorokin, 1970), represent an important topic in the microbial ecology.  

In a stratified lake (Fig. 1), the warming of the surface layers yields a less dense upper 

layer (epilimnion) of circulating, aerated water and a dense, cold, stagnant bottom layer 

(hypolimnion). The intermediate layer (metalimnion) is characterized by a temperature 

gradient (the thermocline) and, after oxygen deprivation and anaerobic decomposition of 

organic matter in the hypolimnion, by a chemical gradient (chemocline) also.  

The upper part of the epilimnion is the zone of primary production by the oxygenic 

phototrophic organisms, such as photosynthetic higher plants, algae, diatoms, flagellates, 

green algae, and cyanobacteria. These primary producers are accompanied by bacteria, 

protozoa, and metazoa that consume photosynthetized biomass, which results in secondary 

production and release of cellulosic detritus (Fenchel and Jøorgensen, 1977). Part of the 

biomass usually sinks to the hypolimnion and to the bottom of the lake where it is degraded. 

Degradation is accompanied by oxygen consumption, resulting in a decrease in oxygen 

concentration that leads to anoxic conditions in the bottom layer. Continued anaerobic 

degradation results in the production of organic fermentation products as well as hydrogen, 

methane, hydrogen sulfide, and carbon dioxide, which diffuse upwards forming concentration 

gradients. Methane, produced by methanogenic bacteria using H2 + CO2, formate and acetate 

as main substrates is released from the sediment and discharged in the form of gas bubbles. 
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Part of the methane is dissolved in the water as it moves upwards and is oxidized by methane-

utilizing aerobic bacteria. The quick removal of oxygen from the hypolimnion is primarily 

due to the quick dispersal of methane and the growth of methane-oxidizing bacteria. Soluble 

fermentation products, hydrogen gas included, are used not only to produce methane but also 

to reduce sulfate to hydrogen sulfide. In the water column, the activity of sulfate reduction has 

two maxima: one in the hypolimnion bottom layers and one below the chemocline (Sorokin, 

1970). While the reduction power for the first process originates from the sediment, sulfate 

reduction below the chemocline depends on the presence of purple and green sulfur bacteria 

that release sulfate during their anoxygenic photosynthesis. Simultaneously, nitrate is reduced 

to nitrite, which transiently accumulates and forms a distinct layer, and then to nitrogen.  

The metalimnion is a layer of high biological activity. Because of its richness in inorganic 

nutrients as compared to the epilimnion, it is inhabited by a few aerobic photosynthetic 

prokaryotes that can tolerate hydrogen sulfide and anaerobic conditions. Because of the 

oxidation of hydrogen sulfide by the purple sulfur bacteria in the light and diffusion of oxygen 

from the epilimnion, the chemocline moves downward several meters during the daytime. 

Diurnal vertical fluctuations of the redox discontinuity layer obviously represent a major 

selective factor for the organisms occupying this habitat.  

 

Figure 1. Diagram of production, consumption, and decomposition in an aquatic ecosystem with a chemocline 
(from Schlegel and Jannasch, 2006). 
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The groups of bacteria involved in the above mentioned metabolic processes of lake are 

included into different taxonomic groups commonly retrieved in plankton and sediment of 

lakes. 

Bacterioplankton community composition has been studied extensively, and research has 

shown that it is highly variable among different lakes (Lindstrom et al., 2000; Yannarell et al., 

2005). The prevalent taxa detected belong to β-Proteobacteria, Actinobacteria, α-

Proteobacteria, Bacteroidetes, Cyanobacteria, Verrucomicrobia, OP-10, and Planctomycetes 

(Zwart et al., 2002; Wei et al., 2008). Generally, β-Proteobacteria are the most dominant 

bacterial taxa detected in freshwater (Cottrell et al., 2005; Van der Gucht et al., 2005). In 

some freshwater systems, dominance by β-Proteobacteria is rivaled by Actinobacteria 

(Allgaier & Grossart, 2006; Newton et al., 2006) and Bacteroidetes (Schauer et al., 2005; 

Eiler & Bertilsson, 2007). Less is known about Archaea in the water column of freshwater 

habitat although several studies have investigated these communities (Casamayor, 2001; 

Percent et al., 2008). From previous culture-dependent studies, members of the Archaea 

found in freshwater plankton were restricted to methanogens and sulfur-metabolizing 

thermophiles (Aravalli et al., 1998) of the anoxic layer. On the contrary, using culture-

independent molecular techniques, sequences related to methanogens were found in the 

anaerobic sulfide-rich waters of Lake Ciso´ and Lake Vilar as well as from the aerobic depths 

(Casamayor et al., 2000).  

The composition of microbial communities in freshwater sediments, may be largely 

influenced by interactions with surrounding aquatic and terrestrial habitats. In this respect it is 

of great interest to compare the composition of bacterial populations in surface sediments and 

the overlying water column, in order to reveal what sort of bacteria thriving in freshwater 

sediments are indeed restricted to this habitat. For example, sequences affiliated to the β-

subclass of Proteobacteria were frequently recovered both from freshwater sediments and the 

overlying water body, while some sequences of δ-Proteobacteria were retrieved only from 

sediments, indicating that the occurrence of several representatives of this group is restricted 

to benthic environments. Defining or quantitatively describing the lake microbial community 

diversity is often difficult and incomplete, expecially for sediment that probably represents 

one of the most complex microbial habitat on earth, containing thousands of bacterial species 

in one gram (Urakawa et al., 2000). It has also been observed that the presence of Eubacteria 

and Archaea that are not affiliated to known phylogenetic groups is quite high in freshwater 

sediments (Spring et al., 2000). 
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In the following paragraphs the prokaryotes involved in the main metabolic processes 

occurring in lakes are described. 

 

I.2. Phototrophic prokaryotes 
 

The capacity for chlorophyll-based photosynthetic energy conversion is found in five of 

the 36 currently recognized bacterial lineages (Hugenholtz et al., 1998) that include the 

Chloroflexus subgroup, the green sulfur bacteria, the Proteobacteria, the Cyanobacteria, and 

the Heliobacteriaceae. With the exception of the Cyanobacteria, phototrophic bacteria 

perform anoxygenic photosynthesis, which is not accompanied by photochemical cleavage of 

water and does not lead to the formation of molecular oxygen.  

Among the phototrophic prokaryotes, Chloroflexus subgroup and Heliobacteriaceae 

species have been mainly retrieved from geothermal springs and soil, respectively (Overmann 

and Garcia-Pichel, 2006; Madigan and Ormerod, 1995). More widespread occurrence in 

freshwater lakes was observed for the other groups. Van Gemerden and Mas, (1995) reported 

on the presence of phototrophic sulfur bacteria in 63 different lakes and 7 sediment 

ecosystems. The phototrophic sulfur bacteria (green and purple sulfur bacteria) grow 

preferentially by photolithoautotrophic oxidation of reduced sulfur compounds. Therefore, 

they are limited to those environments where light reaches anoxic, sulfide-containing bottom 

layers. Because light and sulfide occur in opposing gradients, growth of phototrophic sulfur 

bacteria is confined to a narrow zone of overlap and is only possible if the chemical gradient 

of sulfide is stabilized against vertical mixing.  

Green sulfur bacteria (Chlorobiaceae family) represent a coherent and isolated group 

within the domain Bacteria. They are strict photolithotrophs and contain chlorosomes. During 

the oxidation of sulfide, elemental sulfur is deposited extracellularly. Another typical feature 

of this group is the very limited physiological flexibility.  

Purple sulfur bacteria belong to the γ-subclass of Proteobacteria. This group includes two 

families of phototrophic species, the Chromatiaceae and Ectothiorhodospiraceae, typically 

found in freshwater environments and in hypersaline waters, respectively. Chromatiaceae 

accumulate sulfur globules within the cells, whereas members of the Ectothiorhodospiraceae 

deposit elemental sulfur extracellularly. The purple sulfur bacteria contain 

bacteriochlorophylls a and b, and all components of the photosynthetic apparatus are located 

in the intracellular membrane. 
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Purple nonsulfur bacteria, belonging to the α- and β-Proteobacteria groups, do not form 

separate phylogenetic clusters but are highly intermixed with various other phenotypes. 

Characteristically, members of these two groups exhibit a high metabolic versatility and are 

capable of photoorganotrophic, photolithoautotrophic and chemoorganotrophic growth. 

Photosynthetic pigments are bacteriochlorophyll a or b and a variety of carotenoids. Light-

harvesting complexes, reaction centers, and the components of the electron transport chain are 

located in intracellular membrane systems of species-specific architecture. Purple nonsulfur 

bacteria include members of Rhodospirillales (e.g. Rhodospirillum) and Rhizobiales, (e.g. 

Rhodopseudomonas palustris) orders and members of Rhodobacteraceae (e.g. Rhodobacter), 

Rhodocyclaceae (e.g. Rhodocyclus) and Comamonadaceae (e.g. Rhodoferax) families. In 

contrast to the phototrophic members of the γ-Proteobacteria that form dense layers in pelagic 

environment, purple nonsulfur bacteria of the α- and β-subclasses of Proteobacteria do not 

accumulate under natural conditions (Biebl and Drews, 1969; Swoager and Lindstrom, 1971; 

Steenbergen and Korthals, 1982). However, they have been isolated from a wide variety of 

lacustrine environments (Imhoff and Trüper, 1989). 

Oxygenic photosynthesis is only found in members of Cyanobacteria. The 

Cyanobacteria (= oxyphotobacteria) are defined by their ability to carry out oxygenic 

photosynthesis (water-oxidizing, oxygen-evolving, plant-like photosynthesis) based on the 

coordinated work of two photosystems. All of them are able to grow using CO2 as the sole 

source of carbon, which they fix using primarily the reductive pentose phosphate pathway. 

Their chemoorganotrophic potential typically is restricted to the mobilization of reserve 

polymers (mainly starch but also polyhydroxyalkanoates) during dark periods, although some 

strains are known to grow chemoorganotrophically in the dark at the expense of external 

sugars. 

Cyanobacteria as a group exhibit the widest range of habitats of all phototrophic 

prokaryotes due to the ubiquity of water, their preferred electron donor for the reduction of 

CO2. Cyanobacteria are found in the plankton of coastal and open oceans and in freshwater 

and saline inland lakes. They thrive in the benthos of marine, intertidal, lacustrine and fluvial 

waters as well as in a large variety of terrestrial habitats (soils, rocks, trees).  
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I.3. Aerobic methylotrophic prokaryotes 

 

Methylotrophic bacteria are those organisms with the ability to utilize (as their sole 

source of carbon and energy) reduced carbon substrates with no carbon-carbon bonds. By this 

definition the group includes bacteria that can grow on substrates such as methane, methanol, 

methylated amines, halogenated methanes and methylated sulfur species. Methylotrophic 

bacteria are quite widespread in nature, being found in a variety of aquatic and terrestrial 

habitats (King, 1992). They appear to play an important role in the cycling of carbon in 

specific habitats (King, 1992), and they comprise the principal biological sink for methane 

and other methylated greenhouse gases, highlighting an important role in global warming 

(King, 1992; Oremland and Culbertson, 1992). Although many anaerobic methylotrophic 

bacteria are known, especially among the methanogens, this paragraph will cover only the 

aerobic and facultatively anaerobic methylotrophs (for convenience, termed “aerobic 

methylotrophs”). Table 1 lists the major groups of aerobic methylotrophs with examples of 

the genera that have been described to contain methylotrophs. 
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Table 1. Characteristics of aerobic methylotrophic bacteria (from Lidstrom, 2006). 
 

Aerobic methylotrophic bacteria are phylogenetically diverse, with representatives found 

among the Proteobacteria as well as the high and low G+C Gram-positive bacteria (Table 1). 

Two functional groups of methylotrophs may be distinguished: those capable of growth on 

methane and methanol, called “methanotrophs,” and those capable of growth on methanol 

and/or other methylated compounds but not on methane.  

Methanotrophs are found in most environments in which both methane and O2 are 

present, and have been isolated from a variety of environments including those with extremes 

values of pH and temperature (Hanson and Hanson, 1996; Bodrossy et al., 1997; Bowman et 

al., 1997; Dedysh et al., 2000). They are an integral part of the natural ecosystem, consuming 

much of the methane that is biogenically (through methanogenesis) and non-biogenically 
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(e.g., from hydrocarbon seeps, natural gas fields and coal mines) derived. This interception of 

methane helps maintain a balance of atmospheric methane. Methanotrophs can utilize 

methane as they possess an enzyme called methane monooxygenase (MMO). There are two 

major groups of methanotrophs named Type I and II. Type I methanotrophs belong in the γ 

subdivision of the Proteobacteria and are split into two more groups (Type I and Type X). 

The biology of Type I and Type II methanotrophs differs in phylogeny, chemotaxonomy, 

internal ultrastructure, carbon assimilation pathways, and certain other biochemical aspects. 

These differences are summarized in Table 1. The Type I methanotrophs are included in the 

Methylococcaceae family and are organized in six genera: Methylococcus (the type genus), 

Methylocaldum, Methylomonas, Methylobacter, Methylomicrobium and Methylosphaera. The 

first two genera are also referred to as Type X methanotrophs, and this group is distinguished 

by certain physiological, biochemical and phylogenetic characteristics. The Type II 

methanotrophs are grouped in a family called the Methylocystaceae with Methylocystis (type 

genus) and Methylosinus as the member genera assigned to the subdivision of the α-

Proteobacteria (Bratina et al., 1992; Brusseau et al., 1994). Methanotrophs make up a high 

proportion of the total bacterial biomass in many freshwater aquatic environments, mostly 

within surface sediments (Boon et al., 1996; Ross et al., 1997). Indirect immunofluoresence 

studies indicate that both Type I and Type II methanotrophs are common in surface sediments 

and in the water column of various fresh and brackish water environments (Reed and Dugan, 

1978; Saralov et al., 1984; Ambramochkina et al., 1987; Malashenko et al., 1987; Galchenko 

et al., 1988; Galchenko, 1994).  

The bacteria capable of growth on methanol and other methylated compounds but not on 

methane are more diverse than those capable of growing on methane. So far, all of the Gram-

positive and α-proteobacterial strains are facultative methylotrophs, whereas the β-

proteobacterial and γ-proteobacterial strains are either obligate methylotrophs or restricted 

facultative methylotrophs (Anthony, 1982). 

Many but not all of the methylotrophs also can use N2 as a nitrogen source and, therefore, 

are considered to be diazotrophs (Table 1). In addition, several of the methylotrophs also 

affect the nitrogen cycle by carrying out transformations of ammonia and nitrate (Anthony, 

1982). Some methylotrophs are known that can use methylated sulfur species, and these 

appear to play an important role in sulfur cycling (DeBont et al., 1981; Kelly and Murrell, 

1999). A number of methylotrophs can grow on halogenated methanes (Leisinger and Braus-

Stromeyer, 1995) and have the potential to play an important role in the detoxification of 

these pollutants. 



[Part 2] 

20 

Because the natural diversity of methylotrophs is still under investigation, the current 

clustering of phylogenetic and physiological groups may not hold up, as new strains are 

identified and characterized. 

Among the known non-methane utilizing Methylotrophs, the genus Methylobacterium, 

composed of a variety of pink-pigmented facultatively methylotrophic (PPFM) bacteria, is 

widely distributed in a variety of habitats (Green and Bousfield, 1981; Green and Bousfield, 

1983), including also stratified lake systems in which some dissolved oxygen exists (Hanson, 

1980), where they occupy a special niche.  

 
I.4. The methanogenic bacteria 

 

The methanogenic bacteria are strictly anaerobic Archaea that produce methane as the 

major product of their energy metabolism. They obtain energy for their growth from the 

conversion of a limited number of substrates to methane gas. The major substrates are H2 + 

CO2, formate, and acetate. In addition, some other C-1 compounds such as methanol, 

trimethylamine, and dimethylsulfide and some alcohols such as isopropanol, isobutanol, 

cyclopentanol and ethanol are substrates for some methanogens. All of these substrates are 

converted stoichiometrically to methane. In this regard, the metabolism of the methanogens is 

strikingly different from that of the so-called “minimethane” producers, which are other 

anaerobic microorganisms that produce very small amounts of methane as a consequence of 

side reactions of their normal metabolism.  

The list of substrates for growth of methanogens may be divided into three groups. In the 

first group, the energy substrate (electron donor) is H2, formate, or certain alcohols and the 

electron acceptor is CO2, which is reduced to methane. The ability to utilize H2 as an electron 

donor for CO2 reduction is almost universal among methanogens. Likewise, many 

methanogens also utilize formate, but the ability to utilize alcohols is less common (Bleicher 

et al., 1989; Zellner and Winter, 1987). Some methanogens also utilize carbon monoxide as 

an electron donor, but growth is very slow (Daniels et al., 1977). In the sediments of lakes, 

only about one-third of the methane is formed from CO2 reduction. However, this reaction is 

very important for maintaining the very low concentrations of H2 and formate typical of these 

anaerobic habitats and facilitating the process of interspecies electron transfer. 

In the second group, the energy substrate is one of a variety of methyl-containing C-1 

compounds, which can serve as substrates for a few taxa of methanogens. Usually these 
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compounds are disproportionated. Some molecules of the substrate are oxidized to CO2. The 

electron acceptors are the remaining methyl groups, which are reduced directly to methane.  

In the third group, acetate is the major source of methane, but the ability to catabolize this 

substrate is limited to species of Methanosarcina and Methanosaeta (“Methanothrix”). 

Methane synthesis proceeds through an aceticlastic reaction, in which the methyl carbon of 

acetate is reduced to methane and the carboxyl carbon is oxidized to CO2. Methanogenesis 

from acetate is common in anoxic freshwater sediments where the catabolism of acetate by 

other anaerobes is limited by the availability of alternate electron acceptors such as sulfate or 

nitrate. 

A summary of the major genera of methanoarchaea is given in Table 2. 
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Table 2. Taxonomy of the methane-producing Archaea a . From Hedderich and Whitman, 2006 

 

Methanogenic bacteria are abundant in habitats where electron acceptors such as O2, 

NO3
-, Fe3+ and SO4

2- are limiting. Methanogens are generally absent from the water column 

of unstratified lakes and rivers because convection currents rapidly aerate the deep waters. 

However, the diffusion of O2 between the layers of stratified lakes is often too slow to 

maintain oxic conditions in the lower layers. Similarly, the physical structure of sediments 

limits dispersive mechanisms, so deeper sediments are often anoxic and harbor methanogens. 

In anoxic environments, the presence of NO3
-, Fe3+ and SO4

2- inhibits methanogenesis by 

allowing other organisms to outcompete methanogens for reduced substrates. For instance, in 
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the presence of sulfate, sulfate-reducing bacteria utilize H2 at concentrations lower than the 

minimum concentration which can be utilized by methanogens (Kristjansson et al., 1982; 

Lovley, 1985). Presumably, the ability of the sulfate reducing bacteria to outcompete the 

methanogens is a direct consequence of the more-positive reduction potential of SO4
2− 

compared to that of CO2. In environments with sufficient quantities of sulfate, hydrogen 

sulfide is the predominant reduced product, and the major fate of biodegradable organic 

carbon is oxidation to CO2. If sulfate becomes limiting, methane replaces hydrogen sulfide as 

the reduced product, and the organic carbon is disproportionated to CO2 and methane.  

Sulfidogenesis normally dominates in estuarine, marine, and hypersaline sediments, 

where sulfate diffuses from overlying water, whereas methanogenesis is the dominant process 

in anaerobic environments that contain large amounts of easily degradable organic matter 

such as the anoxic compartment of lakes. 

 

I.5. Sulfate- and sulfur-reducing prokaryotes 
 

Sulfate-reducing bacteria gain energy for growth by coupling the oxidation of organic 

compounds or molecular hydrogen (H2) to the reduction of sulfate (SO4
2-) to sulfide (H2S,  

HS-). Hence, sulfate-reducing bacteria are easily recognized by the production of high sulfide 

concentrations (with non-limiting electron donor and sulfate, usually in the range of several 

millimolar) concomitantly with growth and the strict dependence of this process on the 

presence of free sulfate. This process is also termed “dissimilatory sulfate reduction,” to allow 

clear differentiation from assimilatory sulfate reduction. Assimilatory sulfate reduction 

generates reduced sulfur for biosynthesis (e.g., of cysteine) and is a widespread biochemical 

capacity in prokaryotes and plants. Assimilatory sulfate reduction does not lead to the 

excretion of sulfide. The assimilated reduced sulfur is released as sulfide only through decay 

(putrefaction) of the biomass. The amounts of sulfide produced by dissimilatory sulfate 

reduction with a given amount of biomass is by orders of magnitude higher than the amount 

of sulfide liberated from the organic sulfur during putrefaction of the same amount of 

biomass. 

The production of high concentrations of H2S often indicates the activity and presence of 

sulfate-reducing microorganisms in natural habitats. The presence of H2S is obvious by its 

characteristic smell, black precipitation of ferrous sulfide when iron minerals are present, and 

white patches of elemental sulfur as an oxidation product formed in contact with air. Such 
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signs for the activity of sulfate reducers are often encountered if organic substances 

accumulate in the presence of sulfate under anoxic conditions. Growth conditions for sulfate-

reducing microorganisms prevail in sediments of virtually all aquatic habitats, which may be 

cold, moderate or geothermally heated up to approximately 105°C. But also flooded soils 

such as rice paddies and technical aqueous systems (as for instance sludge digestors, oil tanks 

or vats in the paper-making industry) may offer suitable growth conditions for sulfate-

reducing microorganisms. From such habitats, in particular marine sediments, a great variety 

of sulfate-reducing microorganisms has been isolated. 

Bacterial sulfate reducers fall into three major branches, the δ-subclass of Proteobacteria 

with more than twenty-five genera, the Gram-positive bacteria with the genera 

Desulfotomaculum and Desulfosporosinus, and branches formed by Thermodesulfobacterium 

and Thermodesulfovibrio. Sulfate reducers in the latter branch are thermophilic, whereas the 

two other branches comprise psychrophilic, mesophilic as well as thermophilic species. 

Recently, also archaeal sulfate reducers have been detected. However, in comparison to 

bacterial species, fewer archaeal sulfate reducers are known. Moreover, they are less 

ubiquituous than their bacterial counterparts. Indeed, archaeal sulfate reducers appear to be 

restricted to habitats like hydrothermal vents, hot springs and deep, warm oil reservoirs.  

Currently recognized genera of sulfate-reducing prokaryotes and their main 

morphological and physiological properties are summarized in Table 3. 
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Table 3.  Morphological and physiological properties of the genera of sulfate-reducing Bacteria and Archaea. 
From Rabus et al., 2006. 
 

In addition to sulfate-reducing microorganisms, a variety of prokaryotes exists that 

reduce elemental sulfur but not sulfate. Among the lower oxidation states, the elemental sulfur 

is probably the most widespread sulfur species in sediments and geological deposits. Many 

chemical and biological oxidation processes of H2S do not directly lead to sulfate (the highest 

oxidation state) but rather to elemental sulfur, which therefore may accumulate. Prokaryotes 
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that reduce elemental sulfur are widespread among different phylogenetic groups of Bacteria 

and Archaea.  

Bacterial sulfur reducers may be mesophilic or moderately thermophilic, whereas 

archaeal sulfur reducers are all extremely thermophilic. Typical habitats of the 

hyperthermophilic sulfur reducers are solfataric fields, hot springs and hydrothermal systems 

in the deep sea, whereas mesophilic bacterial sulfur reducers can be isolated from almost 

every freshwater or marine sediment, or even from wet soil. Moreover, bacterial sulfur 

reducers have been found both in oxic and anoxic environment. Indeed, in contrast to 

dissimilatory sulfate reduction, the capacity for sulfur reduction has also been observed in 

bacteria that grow with O2 and which are, therefore, facultative anaerobes. However, many 

sulfur-reducing microorganisms are strictly anaerobic. 

An overview of the morphological and physiological properties of Bacteria and Archaea 

capable of S0-respiration is provided in Table 4. 

 

 
 
Table 4. Morphological and physiological properties of Bacteria and Archaea capable of respiratory reduction 
of elemental sulfur. From Rabus et al., 2006. 
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I.6. The Colorless Sulfur Bacteria 
 

The name “colorless sulfur bacteria” has been used since the time of Winogradsky to 

designate prokaryotes that are either able, or believed to be able, to use reduced sulfur 

compounds (e.g., sulfide, sulfur and organic sulfides) as sources of energy for growth. Today, 

it is known that this group comprises a very heterogeneous collection of bacteria, many of 

which have little or no taxonomic relationship to each other. The colorless sulfur bacteria play 

an essential role in the oxidative side of the sulfur cycle. Like all of the element cycles, the 

sulfur cycle has an oxidative and a reductive side, which, in most ecosystems, are in balance. 

However, this balance does not always exist, and accumulations of intermediates such as 

sulfur, iron sulfides, and hydrogen sulfide are often found. On the reductive side, sulfate (and 

sometimes elemental sulfur) functions as an electron acceptor in the metabolic pathways used 

by a wide range of anaerobic bacteria, leading to the production of sulfide. Conversely, on the 

oxidative side of the cycle, reduced sulfur compounds serve as electron donors for anaerobic, 

phototrophic bacteria or provide growth energy for the extremely diverse group of (generally) 

respiratory colorless sulfur bacteria. Common oxidation products of sulfide are elemental 

sulfur and sulfate. The adjective “colorless” is used because of the lack of photopigments in 

these bacteria, although it should be noted that colonies and dense cultures can actually be 

pink or brown because of their high cytochrome content.  

Table 5 lists the genera that have traditionally been regarded as colorless sulfur bacteria, 

as well as genera containing species originally not classified as such that have now been 

shown to be able to obtain energy from the oxidation of reduced sulphur compounds. 
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Table 5. Genera of the colorless bacteria traditionally recognized as being capable of growth on reduced sulfur 
compounds and their environmental parameters. From Robertson and Kuenen, 2006. 
 
In addition to inorganic sulfur compounds, some species can also gain energy from the 

oxidation of other inorganic compounds such as hydrogen or ferrous iron. As well as 

differences in substrate range, there are also some variations in electron acceptor usage. 

Although most colorless sulfur-oxidizing bacteria require oxygen, a few are able to grow 

anaerobically using nitrogen oxides (e.g., nitrate) as their terminal electron acceptor during 

denitrification. One or two species (of the genus Acidianus) are capable of anaerobic 

metabolism by the reduction of sulfur (Segerer and Stetter, 1989), during which organic 

compounds or hydrogen serve as electron donors. Thiobacillus ferrooxidans is known to be 

able to reduce ferric iron under anaerobic conditions (Sugio et al., 1985). A somewhat exotic 

example of a sulfate reducer that might also be considered to be a colorless sulfur bacterium is 

Desulfovibrio sulfodismutans, which can grow anaerobically by the disproportionation of 

thiosulfate to sulfate and sulfide (Bak and Pfennig, 1987).  

The heterogeneous group of colorless sulfur bacteria occurs in almost every life-

supporting environment where reduced sulfur compounds are present.  

In natural habitats, the reduced sulfur compounds available tend to be either sulfides 

(including metallic ores) or sulfur. Due to the activities of sulfate-reducing bacteria, especially 
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in anoxic sediments, hydrogen sulfide is very commonly available. One of the main factors 

that bacteria growing on hydrogen sulfide have to contend with is the chemical reaction 

between sulfide and oxygen. Therefore, the colorless sulfur bacteria are frequently found in 

the gradients at the interface between anoxic, sulfide-containing areas and aerobic waters and 

sediments where, at very low oxygen and sulfide concentrations, they can effectively compete 

with the spontaneous chemical oxidation reaction.  

 

I.7. The denitrifying prokaryotes 
 

The denitrifying prokaryotes reduce nitrate to gaseous nitrogen oxides, principally 

nitrogen gas.  

The initial step in this process is the reduction of nitrate to nitrite, as occurs in 

ammonification. In the next step, nitrite is reduced to nitric oxide, a gaseous nitrogen oxide. 

This conversion of a fixed, non-gaseous form of nitrogen to gaseous forms has led this 

reaction to be termed “denitrification” because biologically preferred forms of nitrogen are 

lost.  

In prokaryotes, reduction of nitrate is a respiratory process. That is, it is coupled to ATP 

synthesis via electron transport chains. However, with one or two exceptions,  denitrifiers can 

also respire with oxygen as the terminal electron acceptor and, because it is usually available 

at higher concentrations, oxygen is typically the preferred electron acceptor. When oxygen 

becomes limiting, the capacity to utilize nitrate as a terminal oxidant allows denitrifying 

bacteria to continue respiration using an alternative electron acceptor. 

Because each nitrogen oxide reduction has a positive redox couple, every step in 

denitrification need not be carried out to achieve a net conservation of energy. In fact, it is 

quite common to isolate bacteria that express only portions of the denitrification electron 

transport chain. Those prokaryotes that contain partial denitrification chains will be included 

in this paragraph and a list of prokaryotic genera suggested to include dentrifying strains is 

shown in Table 6. 
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Table 6. Listing of microbial genera that are suggested to include denitrifiers. From Shapleigh, 2006. 
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Denitrification ability is widespread among Eubacteria, and almost exclusively in those 

strains that are capable of aerobic growth. Rarely it occurs in anaerobic bacteria. The majority 

of currently characterized denitrifiers are found in α β γ and ε subdivisions of the 

Proteobacteria group. The δ subdivision, which contains a number of strict anaerobes, has not 

been found to contain any strains that denitrify, as yet.  

The α subdivision of the Proteobacteria contains a number of well characterized 

denitrifiers including Paracoccus denitrificans, various Rhodobacter strains, and several 

rhizobia. Important denitrifiers in the α subdivision include Hyphomicrobium, budding 

bacteria often found in waste-water treatment facilities (Fesefeldt, 1998). Denitrification 

among the rhizobia, which are known for their roles as nitrogen-fixing symbionts, is also 

noteworthy because these strains have the seemingly contradictory capacity for both nitrogen 

fixation and denitrification (O’Hara, 1985). This ability to both fix and “unfix” nitrogen is 

fairly widespread among denitrifiers: Rhodobacter, Hyphomicrobium, Frankia, Azospirrilum, 

Azoarcus and some pseudomonad strains can both fix nitrogen and reduce nitrates to nitrogen 

gas. Some members of the genus Nitrobacter, which are nitrifying α-Proteobacteria, produce 

nitric oxide from nitrite. Even though a putative nitrite reductase has been purified from 

Nitrobacter vulgaris (Ahlers, 1990), other studies did not reveal production of nitric oxide or 

nitrous oxide in cultures of Nitrobacter species (Baumgartner, 1991; Goreau, 1980). Further 

studies are required to determine if these nitrifying bacteria are also denitrifiers.  

Although a number of members of the β-Proteobacteria have the capability to denitrify, 

they are not as well studied, on the whole, as members of the α or γ subdivisions. Among 

these, a number of aromatic compound-degrading denitrifiers have been isolated, and many 

belong to the genera Azoarcus and Thauera (Fries, 1994; Springer, 1998; van Schie, 1998; 

Anders, 1995). Moreover it has been well documented that several species of Neisseria can 

denitrify (in fact, one species is named Neisseria denitrificans). Also some species of the 

genus Nitrosomonas, that are included into the β-Proteobacteria subdivision, have been 

described for their ability to oxidize ammonia to nitrite. The finding of a copper-containing 

nitrite reductase from Nitrosomonas europaea (Miller, 1985; Dispirito, 1985) strongly 

indicates that Nitrosomonas species are nitrifying denitrifiers. However, the role of 

denitrification in Nitrosomonas, whether for detoxification or for energy conservation, has not 

been established as yet. 

Denitrification in members of γ-Proteobacteria subclass has been well studied in 

Pseudomonas stutzeri and Pseudomonas aeruginosa. Also Beggiatoa and Thioploca are 

presumed to be denitrifiers. These species have the unique capacity to accumulate nitrate in 
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internal vacuoles (McHatton, 1996; Fossing, 1995). Then they use this accumulated nitrate as 

an oxidant and sulfide in the surrounding environment as a reductant. The use of reduced 

sulfur compounds as electron donors is known to occur in several denitrifiers including 

Aquifex (Huber, 1992), Paracoccus (Friedrich, 1981), and Thiobacillus (Schedel, 1980).  

A few denitrifiers have been found in the ε subdivision of the Proteobacteria. Some 

exhibit truncated denitrification chains. For example, both Wolinella succinogenes and some 

Campylobacter species have the capacity to grow with nitrous oxide as sole terminal oxidant 

(Yoshinari, 1980; Payne, 1982). However, neither bacterium is able to reduce nitrite to nitrous 

oxide. Thiomicrospira denitrificans, which is closely related to the Campylobacter group 

(Muyzer, 1995), can reduce nitrite to gaseous end products (Timmer-ten Hoor, 1975). Also, T. 

denitrificans can use sulfur compounds as reductants. 

Among the Gram-negative bacteria that are not proteobacteria, denitrifying strains are 

found in the genera Aquifex (Huber, 1992), Flexibacter (Jones, 1990), and Flavobacterium 

(Coyne, 1989). Even though the majority of denitrifiers are Gram-negative, denitrifying 

bacteria are well represented among Gram-positive bacteria. For example, there have been a 

number of denitrifying Bacillus species described. Other Gram-positive bacteria capable of 

denitrification include strains of Propionibacterium (Swartzlander, 1993) and Jonesia 

denitrificans (originally Listeria denitrificans) (Rocourt, 1987). These strains are somewhat 

unusual because they seem to be denitrifying strains in groups of bacteria that are primarily 

non-denitrifiers. A high number of denitrifying strains were found in Frankia genus (Lensi, 

1990). Recently, it has been shown that a number of actinomycetes, including Streptomyces, 

Dermatophilus and Nocardia, are capable of nitrous oxide evolution from nitrate or nitrite 

(Shoun, 1998).  

Only a few Archaea capable of denitrification have been isolated. Most of the 

denitrifying Archaea are halophilic bacteria capable of aerobic respiration but more recently, 

also denitrifying non-halophilic Archaea such as the hyperthermophile Pyrobaculum 

aerophilum (Volkl, 1993) have been described.  
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I.8. Dinitrogen-fixing prokaryotes 

 

Dinitrogen fixation, the biocatalytic conversion of gaseous nitrogen (N2) to ammonium, is 

an exclusive property of prokaryotes. The enzyme catalyzing this reaction is the nitrogenase. 

Nitrogen fixation (N2 fixation) is the most important way by which N2 present in the 

atmosphere enters biological systems. Many diazotrophs (di = two, azote = nitrogen; trophs = 

eaters: dinitrogen fixers) are found to be associated with the roots of plants where they 

exchange fixed nitrogen for the products of photosynthesis. Biological N2 fixation is the main 

source of nitrogen in soil, marine environments such as oligotrophic oceanic waters (where 

dissolved fixed-nitrogen content is extremely low; Zehr et al., 1998; Staal et al., 2003), 

subtropical and tropical open ocean habitats (Karl et al., 2002), and hydrothermal vent 

ecosystems (Mehta et al., 2003). N2-fixing prokaryotes inhabit a wide range of environments 

including soils, seas, oceans, insects, cow rumena, human intestines, and feces (Bergersen and 

Hipsley, 1970). Nevertheless, the presence of a N2-fixing bacterium is not evidence for the 

occurrence of N2 fixation. This is the case of many lakes, such as Mono Lake, where no 

significant nitrogen fixation rate was detected, although potential nitrogen fixers were present 

(Steward et al., 2004). Also the N2 fixation rates measured in lake Cadagno were moderate, 

but the detection of nitrogenase gene and of its expression in both oxic and anoxic waters, 

indicated that N2 fixation might be occurring throughout the water column (Halm et al., 

2009). Anyway, at the present time, little is known about N2 fixation occurring in lakes.  

Diazotrophs are encountered in Bacteria and in some groups of Archaea. Nowadays, only 

6 out of 53 currently identified major lineages or phyla within the domain Bacteria 

(Proteobacteria, Cyanobacteria, Chlorobi (green nonsulfur), Spirochetes and the Gram-

positives (Firmicutes and Actinobacteria) have nitrogen-fixing members. The N2-fixing 

capability is unevenly distributed throughout these prokaryotic taxa, and N2-fixing bacteria 

are in restricted clusters among species of non-N2-fixing bacteria. 

Among Eubacteria, N2-fixing species seem to be dominant in Rhodospirillaceae 

(Madigan et al., 1984) whereas only a subset of cyanobacterial species are able to fix N2. 

Gluconacetobacter diazotrophicus and a couple of other N2-fixing species are the only 

diazotrophs in a larger group comprising Acetobacter, Gluconacetobacter and Gluconobacter 

(Fuentes-Ramírez et al., 2001). Similarly, among aerobic endospore-forming Firmicutes 

(Gram-positive bacteria), N2 fixers are encountered mainly in a discrete group (defined by 

cluster analysis from 16S rRNA gene sequences) corresponding to Paenibacillus (Achouak et 
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al., 1999). Among the Actinomycetes, N2-fixing Frankia, represented by a diversity of 

phenotypes from different habitats, are grouped on the basis of their 16S rRNA gene 

sequences (Normand et al., 1996). 

In Archaea, N2-fixing organisms are found in the methanogen group and in the halophile 

group within the Euryarchaeota but not in the sulfur-dependent Crenarchaeota (Young, 

1992).  

 
I.9. The inorganic nitrogen compounds oxidizing prokaryotes 
 

Nitrifying bacteria are separated into two groups, the ammonia- and the nitrite oxidizers, 

on the basis of their ability to lithotrophically oxidize ammonia to nitrite and nitrite to nitrate, 

respectively. These two groups possess very different key enzyme systems: among the main 

enzymes involved in oxidation of ammonia and nitrite, the enzyme ammonia monooxygenase 

(AMO) catalyzes the conversion of ammonia to hydroxylamine, the first intermediate of 

ammonia oxidation, whereas the enzyme nitrite oxidoreductase (NO2-OR) catalyzes the 

oxidation of nitrite to nitrate. 

Nitrifying bacteria are present in oxic and even anoxic environments. They are widely 

distributed in freshwater, seawater and soils. Nitrifiers also could be enriched or isolated from 

extreme habitats like heating systems with temperatures of up to 47 °C (Ehrich et al., 1995) 

and permafrost soils up to a depth of 60 m at a temperature of down to -12 °C. Although the 

pH optimum for cell growth is 7.6–7.8, nitrifiers were frequently detected in environments 

with suboptimal pH (e.g., acid tea soils and forest soils at pH values below 4) but also in 

highly alkaline soda lakes showing pH values of 9.7–10.5 (Sorokin et al., 2001).  

Lithotrophic nitrifiers are Gram-negative bacteria and conventionally have been placed in 

the family Nitrobacteriaceae (Buchanan, 1917; Watson, 1971; Watson et al., 1989). However, 

phylogenetically the lithoautotrophic ammonia oxidizers, characterized by the prefix Nitroso-, 

and nitrite oxidizers, characterized by the prefix Nitro-, are not closely related (Teske et al., 

1996; Purkhold et al., 2000). 

Comparative 16S rRNA sequence analysis demonstrated that all recognized ammonia 

oxidizers are either members of the β- or γ-subclass of Proteobacteria (Fig. 2). The genera 

Nitrosomonas (including Nitrosococcus mobilis), Nitrosospira, Nitrosolobus and 

Nitrosovibrio form a closely related monophyletic assemblage within the β-subclass of 

Proteobacteria (Head et al., 1993; Woese et al., 1984; Teske et al., 1994; Utåker et al., 1995; 

Pommerening-Röser et al., 1996; Purkhold et al., 2000), whereas the genus Nitrosococcus 
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constitutes a separate branch within the γ-subclass of Proteobacteria (Woese et al. 1985; 

Purkhold et al., 2000). Among the nitrite oxidizers, the genera Nitrobacter, Nitrococcus and 

Nitrospina were assigned to the α-, γ-, and δ subclass of Proteobacteria, respectively (Orso et 

al., 1994; Teske et al., 1994). Nitrite oxidizers of the genus Nitrospira are affiliated with the 

recently described Nitrospira-phylum, which represents an independent line of descent within 

the domain Bacteria (Ehrich et al., 1995). 

 
Figure 2. 16S rRNA-based tree reflecting the phylogenetic relationship of ammonia- and nitrite-oxidizing 
bacteria. The consensus tree is based on the results of a maximum likelihood analysis of the 16S rRNA primary 
structure data from the nitrifying bacteria shown in the tree and a selection of reference sequences. Only 
homologous positions that share identical residues in at least 50% of all available almost complete bacterial 16S 
rRNA sequences were included for tree reconstruction. In the tree, ammonia oxidizers are labeled green, and 
nitrite oxidizers are depicted in red. It should be noted that the assignment of the genus Nitrospina to the δ-
Proteobacteria is tentative and might change if additional reference sequences become available. Multifurcations 
connect lineages for which no unambiguous branching order could be retrieved using different treeing methods. 
Bar represents 10% estimated sequence divergence. From Bock and Wagner (2006) 

 

In addition to lithotrophic nitrifiers, various heterotrophic bacteria, (Focht and Verstraete, 

1977; Killham, 1986; Papen et al., 1989) are capable of oxidizing ammonia to nitrate. 

However, in contrast to lithotrophic nitrification, heterotrophic nitrification is not coupled to 

energy generation. Consequently, heterotrophic nitrifiers are dependent on the oxidation of 
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organic substrates (Focht and Verstraete, 1977; Kuenen and Robertson, 1987). During 

heterotrophic nitrification, ammonia or reduced nitrogen from organic compounds (e.g., the 

amino group of amino acids) is co-oxidized to hydroxylamine, gaseous nitrogen oxides, nitrite 

or nitrate. For example, methane-oxidizing bacteria were shown to co-oxidize ammonia to 

nitrite (Anthony, 1982; Yoshinari, 1985; O’Neil and Wilkinson, 1977; Zahn et al., 1994; 

Bergmann et al., 2000).  

The environmental importance of heterotrophic nitrifiers is controversial in the literature. 

Generally it is assumed that in most environments, the biological conversion of reduced forms 

of nitrogen to nitrite and nitrate is catalyzed mainly by the lithoautotrophic ammonia- and 

nitrite-oxidizing bacteria and not by heterotrophic nitrifiers. This reflects the fact that the 

nitrification rates of heterotrophic nitrifiers are small compared to those of autotroph ic 

nitrifiers (Robertson and Kuenen, 1988).  

 

I.10. The hydrogen-metabolizing prokaryotes 
 

Hydrogen is an important and widespread metabolite among prokaryotes living in oxic as 

well as in anoxic habitats. The physiological role of H2 in microbes is dual. Firstly, H2 is a 

growth substrate, i.e., a source of energy and reductant. Prokaryotes of different metabolic 

types, such as methanogens, anoxygenic phototrophs, and aerobic knallgas bacteria, use H2. 

Secondly, H2 production is a means of dispersing excess reductant from fermentative 

metabolism. Hydrogen is among the fermentation products of both facultative fermenters, 

such as Escherichia coli, and obligate fermenters such as Clostridium pasteurianum. 

The list of H2-metabolizing prokaryotes (Tables 7 and 8) shows as H2 metabolism is not 

limited to specialized microbes grouped in a few taxonomic units.  
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Table 7. H2-metabolizing Bacteria. From Schwartz and Friedrich, 2006 
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Table 8. H2-metabolizing Archaea. From Schwartz and Friedrich, 2006 

 

The common denominator of the disparate taxonomic and physiological groups treated in 

this paragraph is the presence of hydrogenase, the main enzyme responsible both for 

hydrogen evolution and consumption. These reactions are not catalyzed by hydrogenases 

alone. Nitrogenase, the enzyme which catalyzes the production of NH3 from atmospheric N2, 

produces H2 as a byproduct of N2 fixation and therefore also N2-fixing prokaryotes give an 

important contribution to the global H2 flux. 

Both biogenic and abiogenic H2 production can support growth of H2-utilizing 

prokaryotes. Many H2-utilizing species profit from fermentative H2 production in anoxic 

sediments. The two most important groups of H2-consumers in such biotopes are the 

methanogenic Archaea and the sulfate-reducing Bacteria. It has been known for some time 
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that methanogens and sulfate reducers compete for H2 (Winfrey and Zeikus, 1977; Winfrey et 

al., 1977; Abram and Nedwell, 1978; Oremland and Polcin, 1982; Lovley et al., 1982; Lovley 

and Klug, 1983). Sulfate reducers outcompete the methanogens in the presence of sulfate, 

because the former have a higher affinity for H2 and a higher growth yield (Kristjansson et al., 

1982; Schönheit et al., 1982). The key factor determining which of the two terminal 

degradation processes—sulfidogenesis or methanogenesis— prevails in a given habitat is 

SO4
2- concentration. In anoxic marine sediments, where there is an abundant supply of SO4

2-, 

sulfate reduction is the dominant process consuming most of the available H2 and acetate. The 

sulfate level in lakes varies depending on their trophic state, but in general is lower than in 

seawater. The thickness of the zone of sulfate reduction varies accordingly. In eutrophic lakes 

the sulfate concentration in the sediment drops sharply. Here the zone of sulfate reduction is 

only a few centimeters thick. In lakes with lower nutrient contents the zone of sulfate 

reduction extends deeper into the sediment (Lovley and Klug, 1983). Competition for H2 does 

not mean that sulfate reduction and methanogenesis are mutually exclusive processes. Various 

methanogens can exploit substrates, e.g. methylamine, that are not utilized by sulfate reducers 

(Oremland and Polcin, 1982; Winfrey and Ward, 1983). Therefore, the two groups of 

organisms can coexist in the same biotope, as has been shown for instance for estuarine 

sediments. In sediment from an oligotrophic lake, it was reported that the total flux of 

electrons and carbon routed through sulfate reduction is between 30 and 81% of the total 

terminal metabolism (Lovley and Klug, 1983). Sulfate reduction is also an important process 

in extreme environments, such as the anaerobic sediments of soda lakes. Among the 

specialized, H2-utilizing, sulfate-reducing bacteria found in such sediments are the alkaliphilic 

lithoheterotroph Desulfonatronovibrio hydrogenovorans and the alkaliphilic lithoautotroph 

Desulfonatronum lacustre (Zhilina et al., 1997; Pikuta et al., 1998). 

H2-evolving prokaryotes will be treated more exhaustively in the next paragraph. 

 

I.10.1. Hydrogen-producing bacteria and hydrogenases 
 

The decomposition of organic matter via fermentation is one of the major biotic energy-

yielding processes in anaerobic habitats. Various types of fermentation result in the formation 

of H2 as a terminal product and hence constitute a substantial contribution to the global H2 

balance. Both obligate and facultative anaerobic bacteria produce H2. These microorganisms 

are limited to anoxic zones rich in organic substance, such as marine and lacustrine sediments. 

These habitats are fed by a constant influx of organic material derived from photosynthetic 
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primary producers and from the ensuing food chains. The upper, oxic layer of the sediment 

varies in depth both in marine and freshwater sediments. Below the upper, oxic layer is the 

zone of anoxic decomposition. In this layer, the H2 produced neither accumulates nor does it 

escape in significant quantities to the oxic zone. If H2 were to accumulate, the fermentative 

metabolic processes would soon come to a halt, since these are inhibited by relatively low 

concentrations of H2 in the environment. The inhibitory concentrations vary for the different 

fermentative reactions, depending on their energetics. Fermentation of fatty acids such as 

butyrate and propionate to acetate, H2 and CO2, for instance, is more endergonic than the 

fermentation of ethanol to acetate and H2 and the former process ceases at a much lower 

concentration of external H2 than the latter. 

Hydrogen is generated also as a byproduct of N2 fixation in both oxic and anoxic 

environments. Cyanobacteria and prochlorophytes are probably the most widespread 

diazotrophs on earth. These organisms inhabit the upper, oxic zones of oceans and lakes. The 

anoxygenic photosynthetic bacteria, which occupy deeper zones depleted for O2, also engage 

in N2 fixation. These and other diazotrophs contain uptake hydrogenases and, hence, are 

capable of exploiting at least a part of the H2 generated by nitrogenase. However, 

hydrogenase-free strains are widespread in nature and produce large quantities of H2.  

Bacteria that possess the capability to produce hydrogen include strict anaerobes 

(Clostridia, and species belonging to the groups of methylotrophs, rumen bacteria, 

methanogenic bacteria and Archaea), facultative anaerobes (Escherichia coli, Enterobacter, 

Citrobacter), and even aerobes (Alcaligenes, Bacillus). A comprehensive review on the 

hydrogen-producing characteristics of these bacteria was published (Nandi and Sengupta, 

1998). Among the hydrogen-producing bacteria, Clostridium sp. and Enterobacter are the 

most widely studied. Species of genus Clostridium are gram-positive, rod-shaped, strict 

anaerobes and endospore formers (Holt et al., 1994; Nandi and Sengupta, 1998), whereas 

Enterobacter species are gram-negative, rod-shaped, and facultative anaerobes (Holt et al., 

1994). The hydrogen producing characteristics of these two genera and three thermophilic 

species were reviewed by de Vrije and Claassen (2003). Species of Clostridium and 

Enterobacter genera that have been studied for H2 production include Clostridium sp. 

(Taguchi et al., 1992, 1993, 1994, 1995), Clostridium parapatrificum (Evvyernie et al., 2000, 

2001), Clostridium butyricum (Heyndrickx et al., 1986, 1990), Enterobacter aerogenes 

(Tanisho et al., 1983, 1987, 1989; Tanisho and Ishiwata, 1994; Rachman et al., 1998) and 

Enterobacter cloacae (Kumar and Das, 2000, 2001; Kumar et al., 2000). The thermophiles 
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include Thermotoga maritime (Schr¨oder et al., 1994), Thermotoga elfii (de Vrije et al., 2002), 

and Caldicellulosiruptor saccharolyticus (van Niel et al., 2002). 

Hydrogenases, the enzymes that catalyze the reversible oxidation of molecular H2, are 

widespread in prokaryotic and lower eukaryotic biological systems (Stephenson and 

Stickland, 1931; Vignais et al., 2001). Hydrogenases are diverse in their protein structure and 

in the type of electron carrier they use (e.g. ferredoxins, rubredoxins and quinines etc.).  

Early classification schemes, which had mainly biochemical data to go on, grouped 

hydrogenases on the basis of metal content or redox cofactors (Fauque et al., 1988; Przybyla 

et al., 1992). A rapidly growing base of nucleotide sequence data was used to attempt a 

classification on the basis of comparisons of deduced amino-acid sequences (Voordouw, 

1992). In a similar study, Wu and Mandrand (1993) went a step further. These authors 

generated multiple alignments for full-length amino acid sequences and performed cluster 

analysis on the pairwise alignment scores. On the basis of the resulting dendrograms, 30 

hydrogenases were grouped in six classes. Recently, Vignais and coworkers have refined and 

extended this classification system, including a greatly expanded database (Vignais et al., 

2001; Vignais and Billoud, 2007). They carried out cluster analyses using both complete 

amino acid sequences and segments corresponding to functional domains.  

The results of these important studies have led to the identification of three 

phylogenetically distinct classes of proteins, the [NiFe]-hydrogenases, the [FeFe]-

hydrogenases, and the iron-sulfur-free hydrogenases, initially called metalfree and now 

renamed [Fe]-hydrogenases.  

 

I.10.1.1. [NiFe]-hydrogenases  
 

The revised system of Vignais and coworkers subdivides the [NiFe]-hydrogenases into 

four groups (Vignais et al., 2001): 

 Group 1. Energy-transducing hydrogenases: 

Enzymes which couple the oxidation of H2 to electron-transport phosphorylation. This 

group includes both membrane-bound hydrogenases attached to the periplasmic side of the 

cytoplasmic membrane and nonmembrane-bound, periplasmic hydrogenases. The group 

breaks down into two subclusters. One contains the membrane-bound hydrogenases of the 

Proteobacteria, and the other, archaeal membrane-bound hydrogenases. 

 Group 2. Sensory hydrogenases: 
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These soluble proteins are components of signal-transmitting circuits governing the 

expression of hydrogenase genes. Specialized hydrogenases of this type have to date been 

identified in Bradyrhizobium japonicum, and strains of Ralstonia and Rhodobacter. The group 

includes a second subcluster containing cyanobacterial uptake hydrogenases. 

 Group 3. Multimeric cytoplasmic hydrogenases: 

These are enzymes of complex subunit composition, which interact with soluble 

cofactors. The four subclusters contain F420- reducing hydrogenases of methanogenic 

Archaea, F420-nonreducing hydrogenases of Methanothermobacter and Methanococcus 

strains, sulfhydrogenases of thermophilic Archaea, and cytoplasmic NAD-reducing 

hydrogenases of Ralstonia eutropha, Rhodococcus. opacus and Cyanobacteria. 

 Group 4. Escherichia coli hydrogenase 3 and relatives: 

Escherichia coli hydrogenase 3 is an H2-evolving enzyme, which is part of the 

multisubunit formate-hydrogen lyase complex. Similar enzymes have been identified in 

various Bacteria and Archaea including Rhodospirillum rubrum, Carboxydothermus 

hydrogenoformans, Methanosarcina barkeri, Methanobacterium thermoautotrophicus and 

Pyrococcus furiosus. 

 

I.10.1.2. Iron-sulfur cluster-free hydrogenase (Hmd) 
 

Another class of hydrogen-activating enzymes functions as H2-forming 

methylenetetrahydromethanopterindehydrogenase (Hmd). Originaly discovered in 

Methanothermobacter marburgensis, Hmd enzymes have been found in other methanogenic 

Archaea including Methanococcus voltae and Methanopyrus kandleri (Thauer et al., 1996).  

 

I.10.1.3. [FeFe]-hydrogenases 
 

Unlike [NiFe]-H2ases, composed of at least two subunits, many [FeFe]-H2ases are 

monomeric and consist of the catalytic subunit only (although dimeric, trimeric and tetrameric 

enzymes are also known (Vignais et al., 2001)). The smallest [FeFe]-H2ases (ca 45-48 kDa) 

have been found in green algae (Happe and Naber, 1993; Happe et al, 1994). The catalytic 

subunit of [FeFe]-H2ases vary considerably in size. Besides the conserved domains of 

approximately 350 residues containing the active site (H-cluster, Adams, 1990), they often 

comprise additional domains, which accommodate Fe-S clusters. The H-cluster consists of a 
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binuclear [FeFe] center bound to a [4Fe-4S] cluster by a bridging cysteine and attached to the 

protein by four cysteine ligands. Non-protein ligands, CN- and CO, are attached to both iron 

atoms (Peters et al., 1998; Peters, 1999; Nicolet et al., 1999).  

[FeFe]-H2ase is found in anaerobic prokaryotes, such as clostridia and sulfate reducers 

(Adams, 1990; Atta and Meyer, 2000 and Vignais et al., 2001) and in eukaryotes (Florin et 

al., 2001, Forestier et al., 2003). Several hydrogenases have been sequenced and characterized 

from Clostridium species, including C. pasteurianum (Meyer and Gagnon, 1991), C. 

acetobutylicum (Santangelo et al., 1995; Gorwa et al., 1996), C. perfringens (Kaji et al., 

1999), and C. paraputrificum (Morimoto et al., 2005). [FeFe]-H2ases are the only type of 

H2ase to have been found in eukaryotes, and they are located exclusively in membrane-

limited organelles, i.e. in chloroplasts or in hydrogenosomes. While [NiFe]-H2ases is mainly 

involved in H2 consumption, [FeFe]-H2ases are usually involved in H2 production. However, 

the periplasmic [FeFe]-H2ase of Desulfovibrio vulgaris has been demonstrated to function as 

an uptake H2ase (Pohorelic et al., 2002). Recently, components of an [FeFe]-H2ase have been 

found associated with formate dehydrogenases from Eubacterium acidaminophilum 

(Graentzdoerffer et al., 2003).  

The genetic information for [FeFe]-H2ases is contained, judging by the available 

sequence data, in simple transcriptional units consisting of 1–3 genes. The [FeFe]-H2ase of D. 

vulgaris, the first hydrogenase ever to be cloned and sequenced, is encoded by a pair of genes 

(hydAB genes) for the large and small subunits (Voordouw and Brenner, 1985). The structure 

of the hydAB operon of the closely related strain Desulfomicrobium norvegicum (formerly 

Desulfovibrio desulfuricans strain Norway) is the same (Hatchikian et al., 1999). Owing to 

the lack of transcript data on the one hand and to the paucity of sequence data on the other, it 

cannot be ruled out that additional genes belong to the same transcriptional unit or that 

hydrogenase accessory genes are present at other sites. The monomeric hydrogenase (CpI) of 

C. pasteurianum is encoded by a solitary gene which appears to be a fusion of the paired 

genes which normally code for the two hydrogenase subunits (Meyer and Gagnon, 1991). The 

same applies to the monomeric hydrogenase of Megasphera elsdenii (Atta and Meyer, 2000). 

The set of genes encoding the [FeFe]-hydrogenase of the hyperthermophile T. maritima is a 

singular case. Three genes, designated “hydC,” “-B” and “-A,” determine the γ, β, and α 

subunits of the trimeric enzyme (Verhagen et al., 1999).  
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Chapter II: Molecular approaches to the assessment of 
biodiversity in lake microbial communities 

 

I.I.1. General introduction  
 

Traditionally, the occurrence of microorganisms in a given environment has been studied 

by a pure cultures–based approach. However, several studies performed on different 

environments estimated that more than 99% of organisms observed microscopically are not 

cultivated on traditional culture media, demonstrating that microbial diversity is much greater 

than that previously anticipated, and that culture techniques are insufficient for exploring the 

enormous “reservoir” of hidden diversity in natural habitats (Amann, 1995; Muyzer, 1999). In 

the last years, the increased development and routine application of molecular-based 

techniques has made possible a more accurate evaluation of the biodiversity of microbial 

communities. Since its introduction in the mid-1980s, PCR has become a fundamental aspect 

of molecular ecology, and several PCR-based techniques have been developed to study 

microbial communities. These methods involve an initial PCR amplification step achieved by 

means of primers that are specific for the organisms of interest. The second step involves the 

detection of sequence variations in the PCR fragments either by a cloning/sequencing 

analysis, which provides a complete characterization of the fragments, or by an 

electrophoretic analysis, which provides a visual separation of the mixture of fragments 

according to sequence polymorphism (denaturing or temperature gradient gel electrophoresis, 

single strand conformation polymorphism) or length polymorphism (terminal-restriction 

fragment length polymorphism, automated ribosomal intergenic spacer analysis) (Fig. 1).  

The PCR-based techniques most widely used for assessing the genetic diversity of 

microbial communities will be discussed in this chapter to illustrate the principles, advantages 

and shortcomings of each of them.  
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Figure 1. Diagram of the different molecular approaches for assessing the genetic diversity of natural microbial 
communities (Dorigo et al., 2005) 
 
 
I.I.2. Bacterial community diversity based on 16S rDNA 
 

At first, phylogenetic identification has been performed by comparing the primary 

structures of macromolecules such as cytochromes and ferredoxins (Zuckerkandl & Pauling, 

1965; Ambler et al., 1979). Subsequently, the bacterial rRNA operon became the most 

frequently used molecular marker to assess the diversity of microbial communities. 

Ribosomal RNA, that together with proteins forms the ribosomes, plays a structural 

function and also a role in ribosomal binding of mRNA and tRNAs. Three types of rRNA are 

classified by their sedimentation rates during ultracentrifugation as 23S, 16S and 5S. They 

have lengths of approximately 3300, 1650 and 120 nucleotides, respectively. The rRNAs 

genes are typically organized as a cotranscribed rrn operon (Fig. 2). One or more copies of 

this operon may be present in the genome.  
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Figure 2. Diagram of the ~6 kbp rRNA operon in prokaryotes (on A. tumefaciens MAFF301001 example). 
Ribosomal RNA genes and tRNA genes are illustrated as shaded boxes drawn to scale in kbp. Internal 
transcribed spacers (ITS) are shown with brackets. An arrow above each rRNA gene reveals the direction of 
transcription (Bautista-Zapanta et al., 2002). 

 

Initially, the analysis of microbial diversity relied on direct extraction, purification, and 

sequencing of 5S rRNA molecules from environmental samples (Lane et al. 1985; Stahl et al. 

1984, 1985). Even though these studies offered new insights, the information content of the 

120-nucleotide 5S rRNA is quite small, and its low number of independently varying 

nucleotide positions limits its usefulness in the study of distant phylogenetic relationships 

(Olsen et al. 1986). By contrast, the 16S rRNA (small-subunit SSU) is large enough for 

phylogenetic inference. Though the 23S (large-subunit LSU) contains about twice as much 

information as the 16S and should provide more possibilities to pinpoint phylogeny, it is the 

SSU that has become the established phylogenetic reference because of its ease to sequence. 

16S rRNA gene offers also other advantages. First of all, it is ancient and at the same 

time stable over long evolutionary times, i.e. during 40-50x106
 years the primary structure 

will change by 1% (Stackebrandt and Pukall, 1999). Moreover, all bacteria (and all living 

organisms) harbour this gene in which the presence of both conserved and highly variable 

regions permits the discrimination of taxa at different taxonomic levels (Amann, 1995). 

Finally a comprehensive sequence data set (approximately 30,000 entries in 2002) is available 

in widely accessible databases (Maidak et al., 2001; Stoesser et al., 2002; Van de Peer et al., 

2000), and the number of entries is permanently increasing. It is also widely accepted to apply 

the 16S rRNA technology as an integrated part of a polyphasic approach for new descriptions 

of bacterial species or higher taxa (Ludwig et al., 1998; Stackebrandt & Goebel, 1994).  
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Figure 3. The secondary structure model of prokaryotic 16S rRNA molecule. The 5’-terminus is symbolized by 
a filled circle and the 3’-terminus by an arrowhead. Helices are numbered in the order of occurrence from 5’- to 
3’-terminus. Helices bearing a single number are common to the prokaryotic model. Relatively conserved areas 
are drawn in bold lines, areas of sequence – and length variability in thin lines. Eight variable areas (V), 
numbered V1 to V9, are distinguished, V4 being absent in prokaryotic rRNAs. Helices drawn in broken lines are 
present in a small number of known structures only (Neefs et al., 1990). 
 

Microheterogeneities in the nine hypervariable regions of the 16S rRNA molecule (Fig. 3) 

may account for some of the variability, particularly among very closely related genes 

(Britschgi and Giovannoni, 1991). The heterogeneity that sometimes occurs among the rRNA 

operons of a single organism may also be a problem, because significant 16S ribosomal DNA 

(rDNA) interoperon differences have been detected in different bacterial species (Amann and 

Ludwig, 2000). The intragenomic heterogeneity can influence 16S rRNA gene tree topology, 

phylogenetic resolution and operational taxonomic unit (OTU) estimates at the species level 

or below (Case et al., 2007). In virtually all species, the sequences of multicopy rRNA genes 

are identical or nearly identical and the homogeneity is thought to be governed by concerted 

evolution, which may originate from stringent selective pressure on the primary sequences of 
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rRNA molecules to maintain their precise interactions with components of the complex 

protein-synthesizing machinery (Ueda et al., 1999). Several recent studies using rDNA 

sequencing have reported the existence of divergent 16S rDNA sequences within a single 

organism. These studies clearly showed the presence of sequence heterogeneity between rrn 

operons in single genomes, but it has not been elucidated whether such intra-rRNA 

heterogeneity is peculiar or general. To clarify this, the extent of such sequence heterogeneity 

should be systematically studied (Ueda et al., 1999). It is generally considered that mutations, 

such as random base anomalies, depend on a number of factors, including mis-incorporation 

and misrepair by DNA polymerase and the number of PCR cycles used during DNA 

replication or sequencing (Speksnijder et al., 2001). In case of estimating the natural 

microbial diversity, it is useful to know, that the 16S rRNA gene may be too well-conserved 

to discriminate between closely related populations. Indeed, different species may have 

almost identical 16S rDNA sequences. For example, studies on Burkholderia species 

demonstrated that analysis of PCR-amplified 16S rDNA is limited in its ability to differentiate 

the B. cepacia complex, since nucleotide sequence variation within this gene is not sufficient 

to identify all current genomovars. Therefore, other genes, such as recA (Mahenthiralingam et 

al., 2000), have been used in bacterial taxonomy to circumvent this problem. In some cases, 

the 23S rRNA may be also useful (Case et al., 2007).  

 

I.I.3. Single-strand conformation polymorphism 
 

Single-strand conformation polymorphism (SSCP) analysis detects sequence variations 

among amplified DNA fragments, which are usually 16S rRNA gene sequences. SSCP was 

originally described by Orita et al. (1989), and was first used to assess the diversity of natural 

microbial communities by Lee et al. (1996). At low temperatures, single-stranded DNA will 

adopt a three-dimensional conformation determined by the intramolecular interactions that 

influence their electrophoretic mobility in a non-denaturing polyacrylamide gel. PCR 

fragments of the same size, but with different nucleotide sequences will be separated due to 

their differing electrophoretic mobility. Differences in mobility are detected on 

autoradiograms (radioactive detection) by silver staining of the gel or using fluorescently 

labeled primers that are subsequently detected by an automated DNA sequencer (non-

radioactive detection) (Widjojoatmodjo et al., 1995).  
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There are a few publications that report studies on microbial diversity in lake ecosystems 

using the SSCP method. Lee et al. (1996) studied the differences between bacterial 

populations in an oligotrophic lake and in a eutrophic pond, using SSCP pattern analyses of 

16S rRNA genes. More recently, Wenderoth and Abraham (2005) compared the microbial 

communities of 14 acidic lakes by their 16S rDNA-based SSCP fingerprints. Moreover, SSCP 

analysis, applied to the study of the C23O gene, proved to be a powerful tool for assessing the 

diversity of specific populations involved in the aromatic catabolism of contaminated sites 

(Junca and Pieper, 2004). 

The detection of sequence variation using SSCP is generally good, but the detection 

sensitivity tends to decrease as the fragment length increases (Hayashi and Yandell, 1993). 

Phylogenetic assignation of the bands is possible by sequencing, if the fragment separation is 

carried out in gel. However, it has been demonstrated that a single band may consist of 

several sequences, and that the electrophoretic conditions may therefore affect the resolution 

of genetic profiles and thus the estimated diversity (Schmalenberger and Tebbe, 2003).  

 

I.I.4. Terminal restriction fragment length polymorphism 
 

Terminal-restriction fragment length polymorphism (T-RFLP) analysis is a fingerprinting 

technique based on the restriction digest of double-stranded fluorescently end-labeled PCR 

fragments (Liu et al., 1997; Marsh, 1999). One primer is labeled at the 50 terminus with a 

fluorescent dye. As a general rule, a single species will contribute a single terminal fragment 

of a given size, although several species may have terminal fragments of identical size. T-

RFLP is a high-throughput, reproducible method that can be used to carry out both qualitative 

and quantitative analyses of specific members of a microbial community. Usually the 16S 

rRNA is the target gene. The fragments are separated by gel electrophoresis in non-denaturing 

polyacrylamide gels or by capillary electrophoresis, and distinguished by laser induced 

fluorescent detection. These fluorescence data are converted into electropherograms, in which 

the peaks represent fragments differing in size, and the areas under the peaks indicate the 

relative proportions of the fragments. The advantage of this technique is its ability to detect 

even the rarest members of a microbial community. In addition, phylogenetic assignments can 

be inferred from the sizes of the terminal restriction fragment (T-RF) using web-based 

resources that predict T-RF sizes for known bacteria (Kent et al., 2003). 
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T-RFLP technique has been often used to compare the dynamics both between and within 

microbial populations in lake ecosystems (Nusslein et al., 2002; Konstantinidis et al., 2003; 

Kritzberg et al., 2006; Schwartz et al., 2007). The limitations and pitfalls that have been 

identified for this technique include the formation of pseudoterminal restriction fragments, 

which can result in the overestimation of microbial diversity (Egert and Friedrich 2003). The 

choice of the primers and restriction enzymes also seems to be very important to obtain an 

accurate evaluation of the microbial diversity (Engebretson and Moyer, 2003; Lueders and 

Friedrich, 2003). In addition, it has been reported that T-RFLP is very useful for estimating 

diversity in communities characterized by low-to-intermediate species richness, but is not 

suitable for complex microbial populations (Engebretson and Moyer, 2003). 

 

I.I.5. Ribosomal intergenic spacer analysis and automated 
ribosomal intergenic spacer analysis 

 

Ribosomal intergenic spacer analysis (RISA) was developed by Borneman and Triplett 

(1997) and was firstly applied to study the microbial diversity in soils. The method involves 

PCR amplification of the intergenic region between the 16S and 23S rRNA genes. This region 

is extremely variable in size (ranging from 50 bp to more than 1.5 kb) and nucleotide 

sequence. The polymorphism revealed by RISA is linked to the length heterogeneity. 

Amplification products different in length are separated on polyacrylamide gels on the basis 

of their size and visualized by silver staining. This tool has been used successfully to assess 

community fingerprints with each band corresponding to at least one organism. As in other 

fingerprinting techniques, these gel bands can be isolated and sequenced. A sequence 

database exists for ribosomal intergenic spacers (IGS) region of the rRNA operon rrl, thus, 

theoretically, the sequenced bands can be taxonomically identified. However, this database is 

not as large or comprehensive as the 16S rDNA database. Therefore, species identification 

from RISA bands is much less likely than with other methods that use 16S rDNA. Other 

potential problems with RISA arise from PCR biases. The preferential amplification of shorter 

sequences is of particular concern, since IGS amplicons cover such a broad range of sizes 

(Fisher and Triplett, 1999). Biases imposed by secondary structures in the rDNA genes 

flanking the amplified region may also pose a problem. The main advantage of RISA is its 

rapidity and simplicity compared with other rDNA fingerprinting methods. It requires no 

denaturing gradients or long electrophoresis times and no restriction digestion or the 

associated optimization procedures.  
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An automated version of RISA, named ARISA, was developed in order to assess 

bacterial community diversity more rapidly and more efficiently (Fisher and Triplett, 1999). 

PCR amplification of the 16S–23S region is performed using a fluorescently labeled, forward 

primer, which makes it possible to detect the amplicons by automated capillary 

electrophoresis. The total number of distinct fluorescent peaks in the ARISA data within a 

given sample is taken as an estimate of species diversity, and the sizes of the fragments can be 

compared to those present in the GenBank database. 

Recently, ARISA was successfully applied to investigate the influence of geographic and 

environmental variables on the diversity of bacterial communities in different lakes (Fisher et 

al., 2000; Graham et al., 2004; Yannarell and Triplett, 2005). 

 

I.I.6. Denaturing gradient gel electrophoresys 
 

I.I.6.1. Theoretical and practical aspects of PCR-DGGE fingerprinting 
method 

 

Denaturing gradient gel electrophoresis is a method that separates PCR-amplified DNA 

fragments, according to their melting properties, on the basis of their differential mobility 

through a DNA-denaturing gel. DGGE has been introduced into microbial ecology by Muyzer 

et colleagues (1993), and is frequently used to assess the diversity of microbial communities, 

and to monitor their dynamics (Green et al., 2009). 

In this method, PCR-amplified DNA from different taxonomic microbial groups is run on 

a special polyacrylamide gel, which has embedded a gradient of DNA-denaturing compounds, 

usually urea and formamide. As DNA passes through a concentration gradient (i.e., from low 

to high) of denaturant, it comes under increasing pressure to separate into single strands. The 

DNA is unable to denature completely because of the presence of a GC clamp, which is 

included in one of the primers for the PCR reaction. However, DNA becomes increasingly 

denatured as it passes through the gel and its mobility decreases. The DNA comes to rest 

when it is almost fully denatured. The position along the gradient at which this occurs is 

determined primarily by the relative proportions of G+C and A+T in a given amplicon, since 

G-C bonds are more difficult to denature than A–T bonds. Thus, differences in sequence 

between amplicons, based on differences in G-C content, will result in DNA migration to 

different positions in the gel. Properly calibrated, DGGE is sensitive enough to detect even 

single base-pair differences between amplicons (Miller et al. 1999). Each isolated fragment or 
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“melting domain” represents a predominant population of the environmental sample. Nucleic 

acid fragments from individual domains, isolated on gradient gels, can be eluted from excised 

DGGE bands, reamplified and sequenced to identify individual constituents of the DNA or 

RNA extracted from environmental samples (Muyzer and de Waal, 1994). 

Innovations in the use of DGGE include the use of double-gradient DGGE (i.e. the 

combined application of a gradient of acrylamide and a gradient of denaturants to obtain a 

better resolution), the use of terminally labeled fluorescent PCR products and of fluorescent 

intra-lane standards to detect community members, and the use of functional genes as 

molecular markers to discriminate between closely related but ecologically different 

populations (Muyzer, 1999). 

 

I.I.6.2. Microbial community diversity analysis using DGGE banding 
patterns 

 

DGGE fingerprint interpretation assumes that each band represents a single species and 

that the band intensity is directly related to the species abundance (Nubel et al., 1999). 

‘Species’ is the most commonly used unit in biodiversity studies, but in Microbiology it 

is not easy to define (Mayden, 1997). Microbial taxonomists have equated species with OTUs 

(Achtman and Wagner, 2008), usually defined as the number of distinct 16S ribosomal RNA 

sequences at a certain cut-off level of sequence diversity. 

The variations between DGGE profiles are described visually on a single gel by the 

disappearance, appearance or the changes in the intensity of specific bands. Banding pattern 

similarity can be compared using dendrograms, showing the degree of intra-group similarity 

(Stamper et al., 2003). The number of bands visible in the DGGE gels provides an estimate of 

richness, and the relative band intensity allowes to calculate the proportional abundance 

(“evenness”) of each population. Several software packages are employed to estimate the 

relative band densities necessary to calculate diversity indices (Fromin et al., 2002; Stamper et 

al., 2003). Most microbial diversity indices are based on indices developed for plant and 

animal studies, for example the Shannon Weaver (H’) and Simpson (S) indices. These indices 

incorporate aspects of both species richness and species evenness, weighting individual 

classes by their relative abundances, and are the most common diversity indices used by 

microbial ecologists. 

DGGE has been used in a huge number of studies of eubacterial, archaeal and eukaryotic 

populations in freshwater and coastal waters (Øvreas et al., 1997; van Hannen et al., 1998; El 
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Fantroussi et al., 1999; Casamayor et al., 2000, 2001, 2002; Lindstrom, 2000; Riemann and 

Middelboe, 2002; Zwart et al., 2002; Lyautey et al., 2003; Schauer et al., 2003), allowing to 

obtain a considerable amount of information about the dynamics of aquatic microbial 

communities diversity also in relation to spatio-temporal variations. 

 

I.I.6.3. Advantages, limitations, and complementarity 
 

DGGE is perhaps the most commonly used method to study biodiversity of natural 

microbial communities, appearing in approximately the 15% of the articles that deal with this 

topic (Spiegelman et al., 2005). DGGE technique allows rapidly the screening of multiple 

samples to study the diversity of microbial communities in relation to temporal and 

geographical differences and the phylogenetic affiliation of the community members (Muyzer 

and Smalla, 1998; Muyzer et al., 1993). It also allows to obtain taxonomic information by 

excising, re-amplifying and sequencing specific DNA fragments or by hybridization analysis 

with taxon-specific oligonucleotides probes (Heuer et al., 1999; Riemann and Winding, 

2001). Furthermore, this technique is reliable, reproducible, rapid and inexpensive. In spite of 

the advantages of DGGE, there are a few problems associated with the specialized 

electrophoretic system needed for this method and with the potential number of bands that can 

be produced from complex environmental samples. Indeed, before a community sample can 

be properly subjected to DGGE analysis, careful calibration must be done to ensure the 

optimal gradient and electrophoretic duration (Muyzer et al. 1993; Muyzer and Smalla 1998). 

Moreover, a DGGE experiment is limited to DNA fragments typically below 500 bp in size 

(Myers et al. 1985a, 1985b). Since a common complementary technique involves the isolation 

of DGGE bands for sequencing (for taxonomic identification of bands of interest), this size 

limit restricts the amount of sequence available for identification or for oligonucleotide probe 

design (Muyzer and Smalla 1998). Another limitation of DGGE concerns the rather large 

quantities of DNA required for effective resolution, often in the order of 500 ng of PCR 

product for complex environmental samples (Nakagawa and Fukui 2002).  

Although DGGE is a useful method for visualizing the major members of a microbial 

community, some limitations exist also in this regard. The brightest bands in a DGGE profile 

are often assumed to represent the dominant members of the community (Forney et al. 2004). 

However, the biases associated with PCR could cause relative under- or over-representation 

of a given taxon in the DGGE profile. Consequently, quantitative inferences about species 

richness must be confined to general statements about species predominance (Bonin et al. 
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2002; Nakagawa and Fukui 2002; Stephen et al. 1999). On the other side of the spectrum of 

abundance, the limit of resolution of this method seems to be about 1% of the community 

population, that is, only DNA from organisms comprising 1% or more of the community 

sample can be visualized (Muyzer et al. 1993; Murray et al. 1998). In addition, this method 

can be difficult to apply to extremely complex communities that produce hundreds of bands 

on a DGGE profile, which become difficult to visualize individually. Some ambiguities could 

exist in associating a single band in the community DGGE profile with a single microbial 

species due to the possibility that multiple amplicons co-migrate to the same location in the 

gel (Nübel et al. 1997). However, the opposite problem of multiple bands for a single species, 

due to the existence of multiple copies of rRNA genes in a single organism, introduces an 

unavoidable element of ambiguity in DGGE (Nübel et al. 1997). 

In spite of the described limitations of this technique, several studies suggest that the 

results of DGGE are readily amenable to statistical analysis, provided there is sufficient 

standardization of analytical procedures (Fromin et al., 2002). This could provide not only 

statistical validation of observational conclusions, but also allow researchers to approach 

questions of causality by testing the correlation of DGGE profiles with environmental 

variables. 

 

I.I.7. Random sequencing in clone libraries 
 

Species identification of individual community members by random sequencing in clone 

libraries involves cloning of the PCR products and the subsequent sequencing of the obtained 

clones. Sequence analysis allows to identify the dominant species present in the PCR 

products. Comparison of these sequences with those available in sequence databases 

(GenebankTM or EMBL) yields information about the identity or relatedness of the sequences 

to known species. The most incisive way to infer phylogenetic relationship from molecular 

sequence data is to construct phylogenetic trees (Olsen et al., 1986; Woese, 1987). The 

sequence information can be used to compare species richness or diversity in different 

samples. This approach has been widely used to study bacterial diversity in different lakes, 

revealing that planktonic bacteria of predominant bacterial divisions are distributed world-

wide (Eiler and Bertilsson, 2004; Glockner et al., 2000; Hiorns et al., 1997) and that 

freshwater systems have specific bacterial communities which are distinct from those 

occurring in soil and in sediments (Zwart et al., 2002) 



[Part 2] 

67 

I.I.7.1. Advantages and limitations 
 

The main limitations and drawbacks of the PCR-cloning and sequencing approach are 

essentially technical. It is time-consuming since as many as a few thousand clones must be 

analyzed in order to cover the phylogenetic richness hidden in a prokaryotic gene library (Loy 

et al., 2006). As a result, wide application of gene library surveys has generally been limited 

in the past (Borneman and Triplett, 1997; Dunbar et al., 1999), irrespective of the continuous 

advances in high-throughput sequencing that made the application of clone libraries easier but 

more expansive. Therefore, clone libraries are generally constructed in parallel to 

fingerprinting techniques like DGGE, T-RFLP or SSCP, that describe the complexity of the 

community and allow well-informed decisions on the number of clones to be sequenced 

(Duthoit et al., 2003; Handschur et al., 2005; Delbe` s et al., 2007; Juste´ et al., 2008). 

Alternatively, restriction digestion of the clones may be helpful for initial screening of the 

clone library and distinguishing different restriction types which then can be sequenced 

(Lagace´ et al., 2004; Kim and Chun, 2005). Another limit of this technique could be bias due 

to the PCR (i.e. choice of primers, annealing temperature and numbers of cycles, inhibition of 

the enzyme by humic compounds, formation of chimaeric PCR products) or the cloning 

strategy used, both of which could have a direct impact on the sampling of the cloned DNA 

sequences and their identification. Consequently, the analysis of diversity of bacterial 

communities may not be totally reliable. However, despite the numerous biases that can occur 

in the PCR cloning method, many studies showed that PCR of DNA fragments, followed by 

cloning assisted sequence analysis, allowed a fine identification of bacteria as well as an 

estimation of their relatedness to known species (Kowalchuk et al., 1997; Ranjard et al., 

2000). 

 

I.I.8. Use of functional genes to target populations involved in 
specific metabolic processes 

 

Most of the molecular techniques uses 16S rDNA gene to assess biodiversity of microbial 

communities. It is obvious that the phylogenetic properties of 16S rDNA gene, as well as the 

large amount of sequences available, offer a considerable advantage, but there are also 

disadvantages. For example, the heterogeneity of 16S rDNA gene between multiple copies 

within one bacterial species (Klappenbach et al., 2001; Shimizu et al., 2001) can lead to a 

wrong interpretation of molecular results so that, caution and thoroughness are extremely 
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important if this gene is used to draw ecological conclusions concerning diversity and 

abundance (Zhou et al., 2002). 

Different microbial communities may be composed of quite different groups of species 

performing the same processes. When a specific microbial process is of interest, the 

functional diversity in a given environment may be monitored by assessing the diversity of 

so-called ‘functional genes’, encoding key enzymes in the process of interest, and the 

identification of predominant gene polymorphisms. Therefore, functional genes can be used in 

microbial diversity studies, especially to investigate the relationships between microbial 

community structure and microbial functioning. Their use requires that the gene sequence be 

conserved (to allow group-specific probes or primer design) and, ideally, contain phylogenetic 

information. Several functional genes have proven amenable for studying bacterial functional 

processes in different environments. Some examples include the genes involved in the 

nitrogen fixation (nifH), denitrification (nirS, nirK, nosZ, narG), nitrification (amoA), 

methanogenesis (pmoA, mmoX), and methanotrophy (Affourtit et al., 2001; Steward et al., 

2004; Smith et al., 2007; Cebron et al., 2004; Banning et al., 2005; Kalyuzhnaya et al., 2005). 

For example, this approach was applied to study changes in the distribution of different 

diazotrophs along a salinity and nitrate concentration gradient (Affourtit et al., 2001; Steward 

et al., 2004), using PCR amplification, cloning, and sequencing of nifH gene.  

PCR-DGGE using functional genes as molecular target is also suited to investigate the 

temporal and spatial distribution of bacterial populations with specific metabolic activity 

(Jeffrey et al., 1996; Paul, 1996). This approach was used to detect particulate methane 

monooxygenase (pmoA) and methanol dehydrogenase (mxaF) of methanotrophs or to target 

the dissimilatory (bi) sulfite reductase β subunit-encoding gene (dsrB) to describe sulfate-

reducing prokaryotes diversity (Henckel et al., 1999; Lin et al., 2005; Geets et al., 2006; 

Miletto, 2007). The diversity of Nitrobacter species, based on the functional gene nxrA 

encoding the catalytic subunit of the nitrite oxidoreductase in nitrite-oxidizing bacteria, and 

the differential expression of the [NiFe]-hydrogenase gene from different Desulfovibrio 

populations, were also investigated by PCR-DGGE method (Wertz et al., 2008; Wawer et al., 

1997).  
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I.I.8.1. Use of [FeFe]-hydrogenases gene to investigate the diversity of 
H2-producers communities 
 

Many molecular techniques (DGGE, cloning, T-RFLP) were used to determine microbial 

composition of H2-producers communities (Fang et al., 2002; Ueno et al., 2001a; Ueno et al., 

2001b; Sung et al., 2002), using 16S rDNA as target gene. However, this approach is not 

sufficient to reveal detailed information on the contribution of specific microbial populations 

to particular metabolic activities, such as the H2 production, because of the great biodiversity 

of the studied ecosystems and the consequent complexity of the obtained results. Thus, an 

efficient strategy to overcome this limit is the direct amplification of genes encoding [Fe]-

H2ases (hyd) that offers a more complete view of the bacterial populations associated with H2 

production. Indeed, it was demonstrated that not all H2-producing bacteria (HPB) identified 

by hyd sequences had been previously described by studies based on the 16S rRNA gene 

(Xing et al., 2008).  

Many HPB belong to the genus Clostridium (Chang et al., 2006). The hydrogenase of 

several Clostridium species have been sequenced and characterized, including C. 

pasteurianum (Meyer and Gagnon, 1991), C. acetobutylicum (Santangelo et al., 1995; Gorwa 

et al., 1996), C.perfringens (Kaji et al., 1999) and C. paraputrificum (Morimoto et al., 2005). 

On the basis of these sequences available in the Gen Bank database, primers specific for 

genes encoding [Fe]-H2ases were designed to investigate the diversity of HPB. Subsequently, 

hydrogenase-gene-targeted molecular biology approaches such as RT-PCR, fluorescence in 

situ hybridization (FISH) and DGGE analysis have been used to investigate the diversity of 

consortia in anaerobic H2 biofermentation systems (Fang et al., 2006; Chang et al., 2006).  
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Chapter III: Vertical distribution of bacterioplankton in 
Lake Averno in relation to water chemistry 

 

III.1. Introduction  
 

Prokaryotes are key organisms in lakes as they play an important role in the 

biogeochemical cycling of elements such as carbon and nitrogen (Wetzel, 2001). 

Furthermore, these microorganisms play a relevant role in processes controlling the water 

quality of lacustrine ecosystems since they are involved in biodegradation of pollutants 

deriving from urban, industrial and agricultural activities (Briée et al., 2007). Investigations 

on the relationships between the diversity of microbial community and environmental factors 

offer useful information which lead to a better understanding of the process of 

biogeochemical cycling of nutrient elements and offer the possibility to predict ecosystem 

responses to environmental changes (Fuhrman et al., 2006). In fact, bacterioplankton 

community composition (BCC) is clearly affected by certain environmental factors, such as 

pH, water temperature, water chemistry, nutrient condition, geographical and seasonal 

variations (Lindstrom et al., 2005; Hahn, 2006; Zeng et al., 2009). 

Several studies have investigated the depth-related changes in entire microbial 

communities in lakes water column (Øvreas et al., 1997; Bosshard et al., 2000; Hollibaugh et 

al., 2001; Humayoun et al., 2003; De Wever et al., 2005; Jiang et al., 2008; Dimitriu et al., 

2008;). However, only a few studies have related these changes to the depth gradient of 

physicochemical properties taking into account a considerable number of environmental 

factors (Salcher et al., 2008; Wei et al., 2008; Zeng et al., 2009) and using multivariate 

methods to correlate them with BCC composition (Wei et al., 2008). 

In the present study, the in situ distribution, abundance, and diversity of prokaryotes 

along the water column of Lake Averno, a volcanic lake close to Naples (Southern Italy), 

were investigated. Furthermore, the relationships between changes in BCC and some 

environmental parameters were explored to identify which factors have a significant impact 

on the BCC vertical distribution. The microbial ecology of Lake Averno is of interest because 

it is an almost water closed basin, polluted by waste waters from nearby communities and 

agricultural activities, in which water overturn occurred occasionally in the past, causing an 

increase in toxic levels of H2S with consequently a fish kill event (Caliro et al., 2008). 

Previously reported data concerning depth-related changes in the physico-chemical 

parameters of Lake Averno water column, indicate that it generally comprises two distinct 
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water masses, an oxic epilimnion and an anoxic hypolimnion with evident zonation of the 

microbial processes along the entire water column. Breaking of the vertical/thermal 

stratification occurs in the winter periods when temperatures of epilimnetic waters remain 

below 7 °C for a long time (Caliro et al., 2008). However, no investigations have been carried 

out on the BCC of this lake. In the present study, the diversity of bacterial and archaeal 

communities along the stratified water column has been studied by means of DGGE 

technique. The correlation between the presence of specific taxonomic groups and some 

physico-chemical parameters, such as temperature (T), pH, redox potential (Eh) and water 

chemistry has been investigated using the principal component analysis (PCA). Moreover, the 

isolation and sequencing of DGGE bands offered information concerning the phylogenetic 

characterization of Eubacteria and Archaea occurring naturally in Lake Averno. 

 

III.2. Material and methods 
 

III.2.1. Site and sampling 
 

Lake Averno fills the mouth of one of several volcanic craters in the Phlegrean Field 

region, about 15 Km West of Naples, in Southern Italy (40° 50’ N, 14° 04’ E, 1.10 m above 

sea level). It is almost elliptic (100 m long and 700 m wide) covering a surface of 0.54 Km2, 

and is 34 m deep in the centre, with a total volume of approximately 6x106 m3. A canal, 

almost 1 km long, links the lake to the sea. The chemical and isotopic composition of its 

waters suggests that it originates from mixing of shallow waters with a Na-Cl hydrothermal 

component coupled with an active evaporation process. The lake is normally stratified, with 

an oxic epilimnion (from the surface to 6 m depth) and anoxic hypolimnion (from 6 m to 33 

m). The water overturn is an unusual phenomenon, occurring in the winter periods, when 

temperatures of epilimnetic waters remain below 7°C for a long time (Caliro et al., 2008). 

Over the last few years, the surrounding area has been subjected to considerable human 

impact, such as construction works, recreation facilities and agriculture. In addition, Lake 

Averno has been affected, for a long time, by intermittent organic enrichment from sewage 

discharges (Improta et al., 2004). 

Water samples (250 ml) were collected from various depths (1, 3, 5, 6, 9, 15, 21, 27, 32, 

33 m below the surface) at the site of maximal depth. Sampling was carried out in May 2006, 

using a Niskin water sampler. The samples collected were kept in a cooler until processed 
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(within 6 h from sampling). Samples were filtered through 0.22 µm pore-size membranes 

(diameter 50 mm, Millipore) to recover the microbial biomass for subsequent DNA 

extraction. Filtres were placed in cryovials and stored at -80°C until processed. 

 

III.2.2. Physico-chemical analyses of water column 
 

All the physicochemical analyses of water column were performed by the group of 

Environmental Biology and Nature Conservation of ENEA. 

The temperature, conducibility, Eh and pH were measured by means of a multiprobe 

logger (Hydrolab CTD). The nominal precisions are as follows: depth ± 0.05 m; Eh ± 20 mV; 

T ± 0.01°C; pH ± 0.05 pH-units. The samples for nutrients and SO4
2- were immediately 

transferred to 500 ml flasks and taken to the laboratory in cool boxes, filtered through a 0.22 

µm cellulose acetate membrane (GSW-Millipore) and stored at -18°C until processed. 

Nutrient concentrations were measured with a spectrophotometric technique, using the 

automated colourimetric analysis Easychem Plus (Systea Scientific LCC). In particular, 

orthophosphates were determined by ascorbic acid reduction, nitrites by the colourimetric 

method of sulphanylamide diazotization, nitrates by a cadmium-reducing column and 

ammonia by the phenate method (A.P.H.A., 2005). SO4
2- was assessed by ion 

chromatography. For sulphide analysis, oxygen-free 125 ml serum bottles, sealed with butyl 

rubber stoppers and containing 0.4 ml 2M zinc acetate solution, were filled completely with 

water samples and stored at 4°C. Sulphide was assessed by the iodimetric method (A.P.H.A., 

2005). Water sampling and analysis for the methane, CO2, HCO3
-and SO4

2-determination 

were performed using a method described by Caliro et al., (2008). 

 

III.2.3. DNA extraction and PCR amplification 
 

Total DNA was extracted from each filtre containing bacterial cells using the 

phenol/chloroform/isoamyl alcohol extraction and sodium acetate-ethanol precipitation 

methods described by Vetriani et al., 2003. The pellet of nucleic acid was resuspended in 

sterile deionized water, to a final volume of  200 µl.  

Crude extracts were further purified using the Wizard DNA clean-up system (Promega) 

according to the supplier’s instructions. Quantity and purity of DNA were checked 

fluorospectrometrically by NanoDrop (NanoDrop Technologies). 
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A nested PCR approach was used to amplify eubacterial and archaeal 16S rRNA gene 

fragments from total DNA samples. For members of the Eubacteria domain, a first PCR 

amplification was performed with 20 ng of DNA using the forward primer 27F and the 

reverse primer 1495R (Table 4) as described by Di Cello et al., (1997). Dilutions 1:100 (2 µl) 

of PCR products of 1450 bp were then used as template for nested PCR using the forward 

primer 63F-GC-clamp and the reverse primer 518R (Table 1) to produce 495 bp fragments 

suitable for DGGE analysis (El Fantroussi et al., 1999). Both PCRs were performed in Qiagen 

Taq buffer (10X) containing 1.5 mM MgCl2, with 150 ng of each primer, 250 µM (each) 

deoxynucleoside triphosphates, and 0.5 U of Taq DNA polymerase (Qiagen) in 25 µl reaction 

volume. Cycling parameters for PCR with primers 27F-1495R and with primers 63F-GC and 

518R were as those previously described by Di Cello et al. (1997) and El Fantroussi et al. 

(1999), respectively.  

Amplification of the almost-complete archaeal 16S rRNA gene was carried out with 20 

ng of total DNA using the primers S-D-Arch-0025-a-S-17) and S-*-Univ-1517-a-A-21 (Table 

1) (Vetriani et al., 1999). In contrast to the original procedure, a touchdown thermal program 

was used, with an initial denaturation step (95°C, 2 min), followed by 30 cycles of touchdown 

amplification [denaturation (94°C, 30 s), annealing (56°C, 30 s with 0.5°C decrease each 

cycle to 45°C) and extension (72°C, 30 s)], 5 cycles of amplification [denaturation (94°C, 30 

s), annealing (45°C, 30 s) and extension (72°C, 30 s)], and a final extension (7°C, 7 min). A 

dilution 1:100 of this PCR product (1500 bp) was used as template (2 µl) for the amplification 

of a 456-bp fragment using the primers A934F and 1390R-GC (Table 1) and the touchdown 

thermal program previously described by Wu et al. (2001). Both archaeal PCRs were 

performed in Qiagen Taq buffer (10X) containing 1.5 mM MgCl2, with 0.1 µM (each) of 

primers, 200 µM (each) of deoxynucleoside triphosphates and 2.5 U of Taq DNA polymerase 

(Qiagen) in 25 µl reaction volume. 
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Table 1. Primers used in this study. 
 
a. Target gene of all primers used in this study is 16S rRNA 
b. This primer has the following GC clamp at its 5’end:  
5’CGCCCGCCGCGCGCGGCGGGCGGGGCGGGGGCACGGGGGG3' (Øvreas et al.,1997)  
c. This primer has the following GC clamp at its 5’end: 5’CGCCCGGGGCGCGCCCCGGGCGGGGCGGGGGC3’ (Wu et 
al., 2001) 
 
 
 

   

Primer a Sequence (5’ to 3’) Specifity 
   

27F GAGAGTTTGATCCTGGCTCAG Most Bacteria 
1492R CTACGGCTACCTTGTTACGA Most Bacteria 
63F-GC b AGGCCTAACACATGCAAGTC Most Bacteria 
518R ATTACCGCGGCTGCTGG Most Bacteria 
S-D-Arch-0025-a-S-17 CTGGTTGATCCTGCCAG Most Archaea 
S-*-Univ-1517-a-A-21 ACGGCTACCTTGTTACGACTT Most Archaea 
A934F AGGAATTGGCGGGGGAGCA Most Archaea 
1390R-GC c ACGGGCGGTGTGTGCAA Most Archaea 
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III.2.4. DGGE 
 

Eubacterial fragments were resolved by double gradient denaturing gradient gel 

electrophoresis (DG-DGGE) as described by Cremonesi et al., (1997), in a DCode universal 

mutation detection system (Bio-Rad). A 6%-12% polyacrylamide (acrylamide: N,N-

methylenebisacrylamide, 37.5:1) gel with denaturing gradient ranging from 30% to 60% was 

used. For the domain Archaea, PCR products were screened by DGGE as reported by Muyzer 

et al., (1993). PCR samples were loaded onto 6% polyacrylamide gel prepared with a 

denaturant gradient ranging from 40% to 60%. A 100% denaturing solution contained 7 M 

urea and 40% deionized formamide. Approximately 700 ng of the purified PCR products 

were loaded in each well. The gels were run for 16 h at 75 mV in 1X TAE buffer at 60°C, 

stained with 50 µg/ml ethidium bromide for 30 min, destained in water and photographed 

with the UVIpro Platinum Gel Documentation System (GAS7500/7510). 

 

III.2.5. Cluster analysis and diversity indices 
 

The statistical comparison of the different DGGE patterns, run on the same gel, was made 

with Quantity One software package (Bio-Rad). The similarity between the band patterns was 

calculated using the Dice coefficient and, the clustering analysis was performed with the 

unweighted pair-group method using arithmetic averages (UPGMA) for dendrogram 

construction. Relative signal intensities of detected bands, in each gel track, were determined 

using the Quantity One software package (Bio-Rad) and calculated from the peak area of the 

densitometric curves.  

The number of DGGE bands present in each sample was used to measure the richness 

index (R). The Shannon-Weaver index of general diversity (H’) was calculated using the 

following equation (Shannon and Weaver, 1963; Andreoni et al., 2004): 

 

H’ = −∑ Pi log Pi 

 

The Simpson index of dominance, S (Simpson, 1949) was also calculated using the following 

function: 

 

S = ∑ Pi
2 
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For both indices Pi  was the relative signal intensity of the bands in a track.  

Correlations between physical and chemical parameters and all the above-mentioned 

indexes of biodiversity were performed using PCA with the Unscrambler 9.8 software 

package (PCA, Unscrambler® version 9.8, CAMO 2008). PCA was also used to define the 

relationships between bacterial shifts, as determined by DGGE, and environmental variables. 

All DGGE bands were treated as “passified variables” in order to study their correlation with 

environmental variables, and to avoid their possible influence as category variables on the 

PCA model (Martens and Martens, 2001). 

 

III.2.6. Extraction, sequencing and phylogenetic analysis of DGGE 

bands 

 

Prominent DGGE bands were excised from the gels with a sterile scalpel, transferred into 

50 µL sterile water and incubated overnight at 4 °C to allow diffusion of the DNA. Eluted 

DNA from each band was reamplified as described above and submitted again to a DGGE run 

to confirm electrophoretic mobility.  

Sequencing reactions were prepared from PCR products amplified with unclamped 

primers using an Applied Biosystem Big Dye® Terminator sequencing kit version 3.1, 

according to the manufacturer’s instructions and analysed using a 3730 DNA Analyzer 

Applied Biosystem apparatus. Each sequence was submitted to the CHECK_CHIMERA 

program of the Ribosomal Database Project (RDP) 

(http://rdp.cme.msu.edu/cgis/chimera.cgi?su=SSU) to detect the presence of possible chimeric 

artifacts. Sequence similarity searches were performed using the BLAST network service of 

the NCBI database and Seqmatch tool of the RDP (http://www.ncbi.nlm.nih.gov/BLAST/ and 

http://rdp.cme.msu.edu/, respectively). For the phylogenetic analysis, identification of 16S 

rRNA gene sequences was performed using the RDP Classification Algorithm 

(http://rdp.cme.msu.edu/classifier/classifier.jsp). Phylogenetic trees showing the relationships 

between sequences of DGGE bands and reference sequences obtained by BLAST analysis 

were constructed using Neighbour Joining with Kimura 2 parameter distances in MEGA 

software version 4 (Tamura et al. 2007).  

Nucleotide accession number 

The sequences generated in this study have been deposited in the Gen Bank database under 

accession numbers. GU224058 to GU224089 
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III.3. Results 
 

III. 3.1. Physico-chemical parameters of the lake 
 

Results of the physico-chemical analysis of the Lake Averno water column are reported 

in Table 2. The vertical profiles of T, pH and dissolved oxygen (DO) indicated that this lake, 

in May 2006, was made up of two distinct water masses. The DO concentration decreased 

rapidly from 3 to 9 m depth. However, complete hypolimnetic anoxia was not reached at the 

bottom of the lake. The interface between the oxic and anoxic layer is characterized by strong 

variations in redox potential (Eh), T and pH. The nitrate concentration was approximately 1 

µM in the entire water column with the exeption of a maximum value at 5 m, where the 

vertical gradient of DO decreased, and at 9 m, where the vertical gradient of Eh increased 

slightly. Nitrite concentration was detectable only at a depth of 9 and 33 m. Ammonia 

concentration increased towards the bottom with the highest value being 643 µM at 33 m and 

it displayed a concave up distribution between 15 and 5 m. Inorganic phosphorus showed an 

identical profile of ammonia with the highest value at 33 m and a step gradient between 15 m 

and 9 m. Methane concentration showed a progressive increase from the upper water column 

to the bottom. Sulphide concentration increased with depth reaching a maximum value of 

1507.7 µM at 33 m, whereas sulphate concentrations showed constant values with the 

exception of a slight decrease at 3 m and a sharp decrease at 32 and 33 m. HCO3
- also showed 

a slight increase, from 1 to 6 m, in the epilimnion, a constant concentration from 6 to 22 m, 

and a sharp increase at 33 m. pCO2 values varied between 0.22 and 4.61 mbar in the 

epilimnion and between 8.18 and 10.5 mbar, from 9 to 32 m, with the exception of a value of 

14.6 mbar measured at a depth of 15 m. The maximum pCO2 value (45.69 mbar) was 

observed at 33 m. 
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Table 2. Physico-chemical properties along Lake Averno water column 

 

 

 

 

 

 Samples 

 1 m 3 m 5 m 6 m 9 m 15 m 21 m 27 m 32 m 33 m 
           

T (°C) 26.0 22.5 14.6 11.9 9.8 9.0 8.8 8.7 8.8 9.1 

pH 9.19 9.15 8.01 7.70 7.73 7.59 7.56 7.55 7.54 7.00 

Eh (mV) 117.2 128.9 178.9 -184.9 -165.8 -298.0 -300.0 -300.00 -301.8 -305.2 

DO (mM) 352.8 531.2 98.3 14.24 10.05 7.89 7.11 6.65 5.94 4.69 

E.cond.(mS/sec) 2.84 2.85 2.96 3.00 3.02 3.08 3.08 3.08 3.08 3.48 

NO2
- (µM) 0.0 0.0 0.0 0.0 3.0±0.03 0.0 0.0 0.0 0.5±0.02 1.5±0.05 

NO3
2-(µM) 1.0±0.02 0.8±0.01 1.5±0.01 0.8±0.01 3.8±0.03 1.1±0.02 0.8±0.02 0.9±0.03 0.8±0.02 1.2±0.03 

NO2
-+NO3

2- 1.0 0.8 1.5 0.8 6.8 1.1 0.8 0.9 1.3 2.7 

NH4
+ (µM) 3.2±0.01 3.1±0.11 6.3±0.22 16.5±0.27 77.0±1.01 171.0±16.5 160.6±8.18 179.0±2.39 328.4±12.8 643.1±15.1 

NOX/NRID 0.31 0.26 0.23 0.05 0.09 0.01 0.00 0.01 0.00 0.00 

PO4
3- (µM) 0.3±0.01 0.3±0.01 0.4±0.02 0.4±0.01 0.4±0.03 3.3±0.01 3.4±0.01 3.4±0.01 9.2±0.01 25.7±0.23 

H2S(µM) 11.3 92.8 59.9 5.75 5.81 76.9 65.5 79.8 347.8 1507.7 

SO4 (mM) 1.8 1.7 1.8 1.8 1.8 1.8 1.8 1.9 1.4 0.3 

HCO3 (mM) 4.3 4.3 5.4 6.1 6.3 6.4 6.5 6.5 7.2 11.2 

CH4 (µM) 0.37 0.54 0.9 1.46 2.08 17.4 22.6 31.3 304.2 2958.8 

pCO2 (mb) 0.22 0.21 1.72 4.61 8.18 14.6 6.29 6.60 10.5 45.7 
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III.3.2. DGGE fingerprints and PCA 
 

The eubacterial and archaeal communities recovered at various depths showed different 

DGGE profiles based on the number and distance of migration of the PCR products (Fig. 1A 

and Fig. 1B). In the DGGE profile, these correspond to 16S rRNA fragments that differ in 

nucleotide sequence. Thus, the bands reflect distinct numerically dominant microbial 

populations in the community. 

For both domains, the microbial communities were divided into two main groups as a 

function of depth: eubacterial patterns of the upper samples (1 to 9 m) clustered together and 

were separated from those of the zone from 15 to 33 m, archaeal profiles of the anoxic zone (6 

to 33 m) were grouped into a cluster distinct from that comprising samples from 1, 3 and 5 m 

depths (Fig. 1A and Fig. 1B). The averages of all similarity coefficients among eubacterial 

and archaeal communities were 0.66 ± 0.16 and 0.45 ± 0.33, respectively. 
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Figure 1. DGGE fingerprints of 16S rDNA fragments and cluster analysis by UPGMA of eubacterial (A) and 
archaeal (B) communities from different depths of Lake Averno water column. Arrows indicate sequenced 
bands. 
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The diversity indices from all the DGGE patterns were also calculated (Table 3). The 

values of the richness index (R) ranged from 29 to 39 in the eubacterial communities, whereas 

lower values, from 1 to 7 were observed in the archaeal communities. Dominance (S) and the 

general index of biodiversity (H’) were calculated on the basis of the number and relative 

intensities of bands on the gel track. Eubacteria appeared to show the highest microbial 

diversity (1.38<H’<1.56) associated with the lowest concentration of dominance 

(0.031<S<0.051). Conversely, Archaea exhibited the lowest diversity indexes (0<H’<0.82) 

associated with high dominance indexes (0.15<S<1) (Table 3). In the Eubacteria banding 

patterns, H’ remains relatively constant throughout the water column, while for Archaea it 

tends to increase with the depth (Fig. 2).  
 

Sample 
Richness index (R) Shannon diversity (H’) Simpson index (S) 

Eubacteria Archaea Eubacteria Archaea Eubacteria Archaea 
              

1 m  29  1  1.38  0  0.051  1  
3 m  29  1  1.41  0  0.044  1  
5 m  36  3  1.52  0.36  0.032  0.51  
6 m  34  4  1.5  0.34  0.034  0.6  
9 m  39  6  1.56  0.66  0.031  0.25  

15 m  31  6  1.43  0.54  0.042  0.32  
21 m  29  3  1.4  0.44  0.046  0.39  
27 m  29  4  1.38  0.5  0.048  0.37  
32 m  35  7  1.51  0.82  0.033  0.15  
33 m  34  7  1.48  0.78  0.037  0.18  

              

 
Table 3. Diversity indexes calculated from eubacterial and archaeal DGGE fingerprints shown in Fig. 1A and B. 

 

 

Figure. 2. Vertical changes of Shannon-Weaver index of diversity (a) and Simpson index of dominance (b) 
based on the number and relative intensities of the bands identified by DGGE of PCR-amplified 16S rRNA. 
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PCA was used to correlate diversity indices with environmental parameters. The first two 

principal components (PC1 and PC2) were able to explain 83–11% and 81–12% of the 

variance for the eubacterial (Fig. 3A) and archaeal (Fig. 3B) samples, respectively. The 

indices R, S and H’ of Eubacteria did not significantly influence on the first 2 components. H’ 

and R were positively correlated but showed a negative correlation with S. H’ and R measured 

from archaeal banding patterns were positively correlated with the PC1, while S was 

negatively correlated. S was positively correlated with the DO, T and pH, influencing 

primarly the distribution of samples D1 and D3, while H’ and R were strictly correlated with 

depth, Eh, HCO3
-, NH4+, pCO2

 and Nox/Nred, influencing the distribution of samples D32 

and D33 in the score plot. 

The results of PCA applied to environmental variables and to the presence/absence of 

eubacterial and archaeal bands within 16SrDNA patterns are shown in Figs. 4A and 4B, 

respectively. Due to the use of passified variables (DGGE bands), PC1 and PC2 explained 

83% and 11% of the total variance, for both eubacterial and archaeal domains. PCA separated 

the samples into 4 distinct groups, according to the physico-chemical characteristics of the 

water column. Significant correlations between some groups of eubacterial and archaeal 

populations and some environmental factors were found, reflecting the separation of the upper 

layers (1 m, 3 m, 5 m, corresponding to D1-D3-D5) and deeper samples (32 m, 33 m 

corresponding to D32-D33) in two main individual clusters. PCA revealed that eubacterial 

upper samples are separated from the others due to their positive relationship with the 

physico-chemical parameters such as T, DO and pH, which, in turn, showed the same 

correlation loading (on PC1) of some specific eubacterial DGGE bands of the oxic layer (1 to 

9 m) (Fig. 4A). On the contrary, the complete absence of a relationship between these 

physico-chemical parameters and the archaeal populations revealed that samples D1, D3, and 

D5 were correlated mainly on the basis of the similarity of their physico-chemical 

characteristics (Fig 4B). 

Deeper samples (D32 and D33) were correlated with chemical parameters such as pCO2 

and concentration of CH4 and H2S, as well as with specific eubacterial and archaeal DGGE 

bands (Figs 4A and 4B). 
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Figure 3. PCA results (for the first two principal components) of diversity indexes based on DGGE profiles and environmental parameters, showing Score plot and 
Correlation loadings of the Eubacteria (A) and Archaea (B) domains.. 
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Figure 4. PCA results of the DGGE bands (in grey) and environmental parameters, showing Score plot and Correlation loadings of the Eubacteria (A) and Archaea (B) 
domains. DGGE bands were treated as passified variables. Eubacterial and archaeal sequenced DGGE bands are indicated by the letters E and A, respectively, whereas bands 
not sequenced are indicated by the letter B for both domains. 

. 
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III.3.3. Phylogenetic analysis 
 

Of 44 excised eubacterial bands, 22 (from E1 to E22 in Fig. 1A) and 10 out of 22 

archaeal bands (from A1 to A10 in Fig. 1B) produced useful and reliable sequences without 

ambiguous positions, showing close similarity (sequence identity ≥ 95%) to 16S rDNA 

sequences present in the NCBI databases, in most cases belonging to uncultured relatives 

(Table 4). These sequences, corresponding for each lane to an average of 40% and 85% of the 

total intensity of eubacterial and archaeal bands, respectively, have been included in the 

phylogenetic trees (Fig. 5 and Fig. 6) whereas all the other bands present in the gel were 

assigned to an “unidentified” class (Fig. 7A and 7B). Eubacterial sequenced bands were 

assigned to five phylogenetic groups (Fig. 5): sequences related to δ Proteobacteria (bands E6 

and E7) were present in the upper part of the Lake (from 1 m to 9 m), while Bacteroidetes 

(band E22) and Firmicutes (band E12) were found only in the deepest part of the water 

column at a of depth 15 m. β-proteobacteria (bands E2, E5, E11, E13, E14, E15 E20 and 

E21) and α Proteobacteria (bands E1, E3, E4, E8, E9, E10, E16, E17, E18, and E19) were 

homogeneously distributed throughout the water column. All the archaeal DGGE bands 

analysed were affiliated to euryarchaeotal sequences. Within this phylum, phylogenetic 

analysis showed two clusters of methanogens, belonging to Methanomicrobiales (bands A1, 

A4, A5, A7, A10) and Methanosarcinales (bands A2, A3, A6, A8, A9) orders (Fig. 6). 

Vertical changes in archaeal communities were observed in DNA-based DGGE analyses: 

bands A6 and A8 (affiliated with Methanomethylovorans and Methanotrix, respectively), and 

A7 (not affiliated with any known genus), were found only in the anaerobic depths analysed, 

while bands A1, A2 and A3 (with close similarity to the uncultured relatives, not identified at 

genus level) disappeared in the deepest part of the water column. 
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Table 4. 
a. Sequence similarities between rRNA sequences of DGGE bands and those of the closest relatives retrieved from NCBI database 
b. Identification performed using the RDP Classification Algorithm. Bootstrap confidence values are given in brackets (classification is well supported for confidence > 80%). 
 

Bands Closest relativea Accession 
no.  

Identity  Band phylogenetic affiliationsb 
Order Family Genus 

Eu
ba

ct
er

ia
 

       
E1 Roseomonas frididaquae strain CW67 EU290160 98% Rhodospirillales [100%] Acetobacteraceae [99%] Roseomonas [58%] 
E2 Uncultured bacterium clone S23_830 EF572731 97% Burkholderiales [100%] Incertae sedis [100%] Ideonella [70%] 
E3 Unidentified bacterium clone K2-S-3 AY344379 100% Rhodobacterales [100%] Rhodobacteraceae 100%] Rhodobacter [49%] 
E4 Unidentified bacterium clone K2-S-3 AY344379 100% Rhodobacterales [100%] Rhodobacteraceae 100%] Rhodobacter [74%] 
E5 Uncultured bacterium clone S23_830 EF572731 97% Burkholderiales [100%] Incertae sedis [100%] Ideonella [67%] 
E6 Uncultured bacterium clone T106D AM158388 99% Myxococcales [78%] Nannocystaceae [27%] Plesiocystis [21%] 
E7 Uncultured bacterium clone T106D AM158388 99% Myxococcales [87%] Polyangiaceae [44%] Sorangium [23%] 
E8 Uncultured bacterium clone FRC-FBR-69d-10.31-96 DQ646440 99% Rhodobacterales [100%] Rhodobacteraceae [99%] Paracoccus [78%] 
E9 Uncultured bacterium clone 3C003151 EU801779 100% Rhodobacterales [100%] Rhodobacteraceae [100%] Rhodobacter [90%] 
E10 Uncultured bacterium clone 3C003151 EU801779 100% Rhodobacterales [100%] Rhodobacteraceae [100%] Rhodobacter [95%] 
E11 Uncultured bacterium clone X-132 AM905635 99% Burkholderiales [100%] Comamonadaceae [100%] Malikia [69%] 
E12 Uncultured bacterium clone E07 EF590062 98% Clostridiales [96%] Ruminococcaceae [96%] R. Incertae Sedis [41%] 
E13 Uncultured bacterium clone RB7C2 AF407381 99% Burkholderiales [100%] Comamonadaceae [100%] Rhodoferax [100%]   
E14 Uncultured bacterium clone RB7C2 AF407381 99% Burkholderiales [100%] Comamonadaceae [100%] Rhodoferax [100%]   
E15 Uncultured bacterium clone d123 AF422672 100% Burkholderiales [100%] Comamonadaceae [100%] Simplicispira [96%]   
E16 Uncultured Rhodobacteraceae TDNPBbc97_72_2_135 FJ516819 99% Rhodobacterales 100%] Rhodobacteraceae [100%] Rhodobacter [69%] 
E17 Uncultured bacterium clone 3C003151 EU801779 99% Rhodobacterales[100%] Rhodobacteraceae [100%] Rhodobacter [89%] 
E18 Uncultured bacterium clone 3C003151 EU801779 98% Rhodobacterales 100%] Rhodobacteraceae [100%] Rhodobacter [96%] 
E19 Uncultured bacterium clone TH_a72 EU272948 99% Sphingomonadales[100%] Sphingomonadaceae [100%] Novosphingobium [92%]   
E20 Rhodoferax antarcticus strain Fryx1 AY609198 98% Burkholderiales [100%] Comamonadaceae [100%] Rhodoferax [100%]   
E21 Uncultured bacterium clone LE201B11 FJ694328 99% Burkholderiales [100%] Comamonadaceae [100%] Rhodoferax [100%]   
E22 Uncultured bacterium D242_27F_BAC2_013 AB447719 97% Bacteroidales [100%] Porphyromonadaceae [100%] Paludibacter [100%]   

        
        

Ar
ch

ae
a 

A1 Uncultured archaeon clone F5 EU910621 99% Methanomicrobiales[100%] Methanomicrobiaceae [89%] Methanoculleus [48%]   
A2 Uncultured archaeon clone L7A6 EF644786 100% Methanosarcinales [94%] Methanosaetaceae [54%] Methanothrix [54%]   
A3 Uncultured archaeon clone L7A4 EF644784 100% Methanosarcinales [99%] Methanosarcinaceae [66%] Methanolobus [26%]   
A4 Uncultured euryarchaeote clone F5 EU910621 99% Methanomicrobiales [100%] Methanomicrobiaceae [92%] Methanoculleus [47%]   
A5 Uncultured euryarchaeote clone F18 EU910620 99% Methanomicrobiales [100%] Methanomicrobiaceae [99%] Methanoculleus [80%]   
A6 Methanomethylovorans sp. Z1 EF174501 100% Methanosarcinales [100%] Methanosarcinaceae [100%] Methanomethylovorans [100%] 
A7 Uncultured Methanospirillaceae ME-17 AB288683 96% Methanomicrobiales 100%] Methanomicrobiaceae [81%] Methanoculleus [34%]   
A8 Uncultured bacterium clone mbII-a9 AB426163 100% Methanosarcinales [100%] Methanosaetaceae [100%] Methanothrix [100%]   
A9 Methanomethylovorans sp. Z1 EF174501 99% Methanosarcinales [100%] Methanosarcinaceae [100%] Methanomethylovorans [100%] 
A10 Uncultured euryarchaeote clone F5 EU910621 96% Methanomicrobiales [100%] Methanomicrobiaceae [77%] Methanofollis [31%] 
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Figure 5. Phylogenetic tree based on the comparative analysis of the eubacterial 16S rDNA sequences from 
excised DGGE bands (see Fig. 1A) and their closest relatives. Black circles indicate the sequences obtained in 
this study..
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Figure 6. Phylogenetic tree based on the comparative analysis of the archaeal 16S rDNA sequences from 
excised DGGE bands (see Fig. 1B) and their closest relatives. Black triangles indicate the sequences obtained in 
this study. 
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Figure 7. Relative abundance of eubacterial (A) and archaeal (B) groups at different depths of Lake Averno 
water column. Quantitative data were obtained from band intensities in the gels (see Fig. 1A and B) 
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III.4. Discussion 
 

Cluster analysis of the DGGE fingerprints of Eubacteria and Archaea showed that the 

microbial composition shifts with depth. These results are in agreement with those of previous 

studies carried out in other stratified lakes showing vertical heterogeneity of the microbial 

assemblages (Konopka et al., 1999; Casamayor et al., 2000; Dominik and Höfle,  2002; 

Koizumi et al., 2004). Similarity values in the eubacterial DGGE profiles, indicate that some 

populations are not restricted to either aerobic or anaerobic locations, whereas, the low 

similarity values between archaeal communities of the oxic and anoxic zone, indicate that 

different archaeal populations occur at different depths. 

Several diversity indices were calculated from DGGE banding patterns and the 

correlation between these and the physico-chemical parameters of water samples was 

investigated by means of PCA to establish whether the shifts of microbial assemblages along 

the water column could be related to vertical changes of the environmental variables. The lack 

of a significant correlation between the eubacterial diversity indices and the physico-chemical 

parameters, suggests that eubacterial diversity could depend primarily on inter-specific 

interactions and/or competition. On the contrary, the significant correlations between physical 

parameters and the archaeal diversity indices suggests that some defined parameters could 

influence the diversity of the archaeal community and/or vice versa. 

PCA was also used to correlate the presence/absence of eubacterial and archaeal bands to 

environmental variables. The significant taxonomic units-environment correlations obtained 

formed two main clusters corresponding to those found by UPGMA, thus, demonstrating that, 

as reported by Zeng et al. (2009), sampling sites with similar water qualities, also have similar 

BCC. Indeed, for both eubacterial and archaeal domains, samples from the upper part of the 

Lake (1-5 m) were clearly separated from those of the deeper part (32-33 m) revealing that 

variations in microbial composition can be attributed in part, to environmental variables. In 

particular, DO, pH, and T, as already reported by other authors (Lindström et al., 2005; 

Martinez-Alonso et al., 2008; Zeng et al., 2009), emerged as significant environmental factors 

affecting the composition of eubacterial superficial microbial communities, while the 

correlation between H2S and CH4 with the deeper samples, could be related to the presence of 

specific archaeal and bacterial populations living in the anaerobic compartment which are 

probably involved in the sulphate reduction and methanogenetic processes (Caliro et al., 

2008).  
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Previous studies demonstrated that Proteobacteria and Bacteroidetes are the most 

abundant bacterial groups in eutrophic freshwater ecosystems (Jasper et al., 2001; Trusova 

and Gladyshev, 2002) where they are considered to play important roles for global 

biogeochemical cycling. In our study, most of the sequenced eubacterial DGGE bands 

retrieved from the various sampling depths, were affiliated with the α-and β-Proteobacteria 

and grouped in several different phylogenetic clusters, thus confirming the ecological success 

and the extreme metabolic diversity of these phyla in freshwater ecosystems. In contrast to 

Jasper et al. (2001) and Kondo et al. (2009), who reported that members of the phylum 

Bacteroidetes were the dominant bacterioplankton populations in eutrophic and meromictic 

lakes, we found only one sequence, restricted to a deep location, belonging to this group. This 

sequence was related to the novel genus Paludibacter, a strictly anaerobic, chemo-

organotrophic bacterium that uses various sugars and produces useful bioactive compounds, 

such as acetate and propionate (Ueki et al., 2006). We cannot exclude, however, the presence 

of other Bacteroidetes species, in this lake, below the DGGE threshold limit (0.5-1% of the 

total targeted gene pool, Casamayor et al., 2000), since several faint bands could not be 

recovered from the gels and sequenced. We did not detect members of Actinobacteria, which 

are common in freshwater ecosystems (Kolmonen et al., 2004; Hahn, 2006; Martinez-Alonso 

et al., 2008). This absence could be explained by the fact that this group is relatively more 

prevalent in oligo-trophic lakes than in eutrophic lakes (Kolmonen et al., 2004; Zeng et al., 

2009). We retrieved members of the Firmicutes and δ Proteobacteria groups, that rarely 

occur in freshwater samples (De Wever et al., 2005). Sequences belonging to δ 

Proteobacteria sub-phylum were recovered from the upper part of Lake Averno and, 

according to PCA results, they were gathered in the group of bands which were positively 

correlated with DO. The low bootstrap confidence values obtained for their classification at 

the family level, by the RDP Classification Algorithm, suggested that they could belong to 

previously uncharacterized taxonomic units. Although most of the δ Proteobacteria present in 

lakes are expected to be sulphate reducers restricted to the anoxic layer (Karr et al., 2005, 

Lehours et al., 2005), we were unable to identify this functional microbial group in sequences 

belonging to this sub-phylum. However, PCA results revealed a strong positive correlation 

between a group of 10 faint, not sequenced bands, present only at 32 and 33 m of depth, and a 

high concentration of H2S, thus suggesting involvement of these populations in sulfate 

reduction processes. 

The archaeal sequenced bands retrieved from the various sampling depths were related to 

methanogen sequences belonging to the Orders of Methanosarcinales and the 
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Methanomicrobiales. This finding is consistent with the results of earlier studies on lake water 

samples (Øvreas et al., 1997; Lehours et al., 2005; Lehours et al., 2007)., Lehours et al., 

(2005), in particular, observed that methane concentrations in the anoxic zone of Lake Pavin 

correlated with the presence of methanogens belonging to Methanosarcinales. In agreement 

with this finding, two of our sequences, that belong to this order and were identified as 

Methanomethylovorans  (bootstrap confidence value of 100%), clustered positively with the 

presence of methane, as revealed by PCA. However, in our study, methanogen-related 

sequences were found not only in the anaerobic methane-rich waters, but also in the aerobic 

layer. Although it is possible that communities from different zones could have become 

mixed due to sedimentation of organisms in large aggregates of cells, the buoyancy of cells 

with gas vesicles or transportation with gas bubbles, the presence and relative abundance of 

archaeal groups found in the surface waters of Lake Averno make this explanation unlikely. 

Moreover, although the finding of these microorganisms, in the oxic layer, could be explained 

by the presence of transient anoxic microzones (De Long, 1992) or endosymbiotic niches 

(Vogels et al., 1980), the low bootstrap values for the phylogenetic placement, at genus level, 

of these sequences and the fact that they exhibit a strong similarity only with sequences of 

uncultured organisms of unknown physiology and metabolism, support the hypothesis that 

they could represent unknown mesophilic aerobic members of Archaea. In contrast with the 

considerable contribution of Archaea, to the methanogenesis process, occurring through 

decomposition of organic matter, neither sequencing of DGGE bands, nor taxonomic units-

environment correlations, demonstrated by PCA, revealed the presence of Archaea involved 

in the reduction of sulphate.  

In summary, the results of the present study offer the first description of the bacterial and 

archaeal communities in the Lake Averno. Sequencing of the predominant bands, in the 

DGGE gels, revealed the presence of bacterial groups commonly found in freshwater 

ecosystems, but also the presence of members not included in the typical freshwater cluster. 

Moreover, our results suggest the presence of archaeal and eubacterial populations not 

previously characterized. Furthermore, the use of PCA demonstrated the relationships 

between BCC and environmental factors providing information regarding the presence of 

microorganisms involved in important microbial processes. 
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Chapter IV: Microbial community composition of surface 
sediment from Lake Averno revealed by 16S rDNA and 
[FeFe]-hydrogenase genes-based approaches 
 

IV.1. Introduction  
 

Lake sediment represents one of the most complex microbial habitats on Earth being a 

heterogeneous ecosystem which gives rise to many different environmental niches even on a 

millimeter scale (Spring et al., 2000). One of its most important characteristic is that it is not 

spatially separated from adjacent habitats, but is part of complex ecosystems. Therefore, it 

harbors highly complex microbial communities with regard to species composition and 

metabolic activity, that are largely infuenced by interactions with surrounding aquatic and 

terrestrial habitats. 

Prokaryotes play a key role in metabolic processes in the surface layers of lake sediment, 

such as methanogenesis (Chan et al., 2005) sulphate reduction (Li et al., 1999) and ammonia 

oxidation (Hastings et al., 1998), influencing the nutrient cycles of freshwater lakes. They also 

contribute to the biodegradation of pollutants deriving from urban, industrial and agricultural 

activities. Consequently, investigating the microbial communities and their function in 

freshwater sediment will greatly enhance our understanding of lake ecosystem (Tamaki et al., 

2005). However, the biogeochemical processes associated with microorganisms living in 

sedimentary environments are poorly understood partially because the majority of sediment 

dwelling microorganisms are uncultivated and most are phylogenetically distinct from those 

in better characterized terrestrial environments (Nelson et al., 2007). Therefore, much remains 

to be learned about the diversity, distribution, and function of sediment microbial 

communities. Moreover, the identification of unknown prokaryotes could provide information 

about the presence in sediment of microorganisms useful for biotechnological applications. 

From this point of view, as hydrogen-evolving microorganisms have been attracting great 

interest due to their potential in biological hydrogen production by utilizing renewable 

biomass, and since Kawagoshi et collegues (2005) demonstrated that lake sediment represents 

an efficient inoculum for an appreciable hydrogen production, it is useful to assess the 

diversity of H2 producing bacteria naturally occurring in this habitat. Lake Averno sediment, 

anoxic and abundant in organic matter (Caliro et al., 2008), could represent an important 

source of microorganisms of such biotechnological interest. Up to now, no investigation have 

been conducted to determine the diversity of prokaryotes inhabiting this ecosystem.  
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The objective of this study was to characterize the overall microbial community in the 

superficial layer of the sediment of Lake Averno by 16S rDNA-based DGGE and to 

investigate the diversity of hydrogen-producing populations naturally occurring in this habitat 

by PCR amplification, cloning and sequencing of [FeFe]-hydrogenase gene.  

 

IV.2. Material and methods 
 

IV.2.1. Sample collection 
 

In May 2006, upper sediment (0-10 cm) was sampled aseptically with an orizontal ENEA 

core sampler at the site of maximal depth of Lake Averno (33 m). The physico-chemical 

characteristics of this lake have been described in chapter III. After collection, the sample was 

cooled on ice for transport back to the laboratory where it was stored at -80°C until microbial 

analysis. 

 

IV.2.2. DNA extraction 
 

Five grams of sediment sample were used to obtain total DNA by phenol/chloroform 

extraction and isopropanol precipitation methods according to the procedure described by Zhou et 

al., 1996. The pellet of nucleic acid was resuspended in sterile deionized water, to give a final volume 

of 500µl. 
Crude DNA extract was further purified using the Wizard DNA clean-up system (Promega, WI, 

USA) according to the supplier’s instructions. Quantity and purity of DNA were checked 

fluorospectrometrically by NanoDrop (NanoDrop Technologies, USA). 

 

IV.2.3. PCR amplification of the 16S rRNA gene and DGGE 
 

PCR amplification of the eubacterial and archaeal 16S rRNA genes and DGGE 

procedures were performed as described in the paragraphs III.2.3 and III.2.4 
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IV.2.4. Recovery, cloning and sequencing of excised DGGE bands 
 

Individual bands were cut from eubacterial and archaeal DGGE gels using a razor blade, 

placed in 50 µL of sterile distilled water, and incubated overnight at 4 °C to allow diffusion of 

the DNA.  

Eluted DNA from each band was reamplified and run on a new DGGE gel to confirm its 

melting behavior. Sequencing reactions were prepared from PCR products amplified with 

unclamped primers using Applied Biosystem Big Dye® Terminator sequencing kit version 

3.1, according to the manufacturer’s instructions and analyzed using a 3730 DNA Analyzer 

Applied Biosystem apparatus. The obtained sequences were checked for the presence of PCR-

amplified chimeric sequences by the check_chimera program of the Ribosomal Database 

Project (RDP) (http://rdp.cme.msu.edu/cgis/chimera.cgi?su=SSU). 

Eubacterial bands whose sequences did not reveal a specific and unique bacterial 

population were cloned. Two microlitres of a 1:10 dilution of their PCR product were cloned 

using the StrataCloneTM PCR Cloning Kit (Stratagene) according to the manufacturer’s 

instructions. Ten clones were selected randomly from each band and sequenced.  

The 16S rRNA gene sequences obtained in the present study have been submitted to Gen-

Bank database and are being processed to obtain the accession numbers. 

 

IV.2.5. Phylogenetic analysis of sequenced DGGE bands 
 

The analysis of the partial eubacterial and archaeal 16S rRNA gene sequences and the 

construction of Neighbor-Joining phylogenetic trees, showing the relationship between 

sequences of DGGE bands and those of their closest relatives retrieved by BLAST analysis, 

were performed as described in the paragraph III.2.6. 

 

IV.2.6. Primer design and PCR hydrogenase gene amplification 
 

A new primer, named HydA1-F, was designed by the alignment of six DNA sequences of 

clostridial [FeFe]-hydrogenase genes (FHGs) (accession numbers AB016775, U09760, 

AB159510, M81737, AF148212, and AY827554 in the GenBank database) previously used 

by Fang and collegues (2006) to construct the primer set HydA-F and HydA-R. This primer 
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was used together with the primer HydA-R (Fang et al., 2006) to amplify the FHG from 

sediment sample total DNA. 

PCR amplification of the FHG from total DNA of the sediment sample was carried out in 

Qiagen Taq buffer (10X) containing 1.5 mM MgCl2, 1.5 µM each primer (HydA1-F and 

HydA-R), 200 µM each deoxyribonucleoside triphosphate, 1 U of Taq DNA polymerase 

(Qiagen), 20 ng of the DNA extract, and sterile deionized water to reach the final volume of 

20 µl. 

Cycling parameters were as previously described by Fang et al. (2006). 

 

IV.2.7. Cloning, sequencing and phylogenetic analysis of FHG 
fragments 
 

The PCR-amplified products of the FHG were used to construct a clone library using the 

StrataCloneTM PCR Cloning Kit (Stratagene) according to the supplier’s instructions. Clones 

were selected randomly and sequenced. Nucleotide and amino acidic sequences of FHG 

fragments obtained from this study were aligned with those of their closest relatives and with 

the six sequences of clostridial FHGs used to design primer HydA1-F, for the construction of 

respective phylogenetic trees using Neighbour Joining with Kimura 2 parameter distances in 

MEGA software version 4 (Tamura et al. 2007).  

 

IV.3. Results and discussion 
 

IV.3.1. Eubacterial DGGE profile and sequence analysis of excised 
bands 
 

Eubacterial DGGE analyses of the 16S rDNA fragments obtained by PCR from lake 

sediment generated a complex fingerprint, reflecting the high biodiversity of the microbial 

community (Fig. 1). Among the only five clearly visible and distinct bands (indicated by 

letters) that were excided and directly sequenced (Fig. 1), only band A revealed a unique OTU 

showing a similarity of 100% to the sequence of an uncultured bacterium clone isolated from 

Baltic Sea sediment. The other bands resulted in a co-migration of heterogeneous DNAs on 

DGGE. For each one of these bands, a clone library was constructed from which 10 clones 

were randomly picked and sequenced.  
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Figure 1. DGGE analysis of the eubacterial community of Lake Averno sediment. 

 

Sequences obtained from band A and clones are shown in Table 1, and the phylogenetic 

tree showing their relationship with sequences of closest relatives is shown in Fig. 2.  

Most of the sequences showed low values of similarity (<97%) with known sequences 

indicating that they could represent new species or genera (Stackebrandt and Goebel, 1994). 

This result was confirmed by the RDP phylogenetic classification of these sequences, at the 

Order, Family or Genus level, that was not well supported by high bootstrap confidence 

values (Table 1). 

Phylogenetic analysis showed that 35 of 41 eubacterial sequences were affiliated with 7 

known taxa of Bacteria. Most sequences were allocated into the Proteobacteria phylum 

(58.5% of the total number of clones), in which the dominant organisms were placed in the δ, 

and γ classes (29.5, and 22%, respectively), whereas β and α classes account only for 4.8 and 

2.4%, respectively. The second most dominant group, represented by 12.2% of the total 

number of clones, was classified into the phylum Chlorobi. The other groups of the clone 

library were determined to be, in order of abundance, in the Firmicutes and Acidobacteria 

phyla. The remaining six clone sequences (B14, C42, D1, D14, D28 and E4) could not be 
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clearly affiliated to any described bacterial division, because of the low bootstrap values 

obtained for their classification.  

Proteobacteria represent the most predominant phylum in freshwater sediments (Miskin 

et al., 1999; Spring et al., 2000; Wise et al., 1997; Tamaki et al., 2005; Wobus, 2003). In 

particular, δ Proteobacteria has been indicated as the representative bacterial group in benthic 

environments (Spring et al., 2000, Tamaki et al., 2005; Miskin et al., 1999), since it was more 

frequently recovered from sediments than from water samples, in which α, β, and γ 

Proteobacteria, Bacteroidetes and Actinobacteria are the dominant groups (Hiorns et al., 

1995; Lindstrom and Leskinen, 2002; Spring et al., 2000). Moreover, in our study, as well as 

in previous reports (Purdy et al., 1997; Li et al., 1999; Spring et al., 2000), the most abundant 

group within the δ Proteobacteria was allocated to strictly anaerobic organisms such as 

syntrophic bacteria (Smithella) capable of using butyrate, propionate, malate, and fumarate in 

syntrophic association with H2- or formate-utilizing microorganisms. On the contrary, we did 

not find the other frequently detected δ Proteobacteria group of sulfate reducers belonging to 

Desulfococcus, Desulfomonile, and Desulfonema genera. We cannot exclude, however, the 

presence of these species in this lake, since several faint or not well separated bands could not 

be recovered from the gels and sequenced. 

The presence of phototrophic green sulphur bacteria (Chlorobiaceae) and purple non-

sulfur bacteria (Rhodospirillales) in the dark sediment was unexpected. This could be 

explained by the sedimentation of these bacteria from the bacterioplankton. In addition, it has 

been argued that genomic DNA of dead cells can be very stable, surviving for a long periods 

of time (Spring et al., 2000). However, Chlorobiaceae has also been observed in the sediment 

of Lake Kaiike (Koizumi et al., 2004) and Lake Kinneret (Schwarz et al., 2007). Sierevag and 

Ormerod (1977) showed that Chlorobium thiosulfatophilum is able to survive in the dark by 

obtaining energy from the degradation of intracellular polyglucose as a storage material 

(Schwarz et al., 2007). 

Most of the retrieved Firmicutes clones (B32, C2, E9 and E27) showed low sequence 

similarity (<97%) to known sequences and may represent new taxa.  

In conclusion, these results indicate that the eubacterial community in the freshwater 

sediment of Lake Averno is remarkably diverse and it could be also composed of unknown 

bacterial species. 
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Table 1. 
a. Sequence similarities between rRNA sequences of DGGE bands/clones and those of the closest relatives retrieved from NCBI database 
b. Identification performed using the RDP Classification Algorithm. Bootstrap confidence values are given in brackets (classification is well supported for confidence > 80%). 

 

Band 
/Clone 

Closest relativea Accession 
no.a 

Identitya Phylogenetic affiliationb 
Order Family Genus 

A Uncultured bacterium 307c2 EF459997 100% Chromatiales [100%]  Chromatiaceae [100%] Lamprocystis [46%]   
B1 Uncultured bacterium AV9-8  AM1818114 87% Burkholderiales [95%]  Incertae sedis [30%] Xylophilus [21%] 
B2 Uncultured bacterium ORSFAM_h05 EF393287 98% Syntrophobacterales [100%]  Syntrophaceae [100%] Smithella [89%]   
B7 Uncultured bacterium 628_H15 EU644370 91% Chromatiales [81%]  Chromatiaceae [75%] Rhabdochromatium [41%]  
B12 Uncultured bacterium C5Lks29 AM086120 92% Syntrophobacterales [25%]  Syntrophaceae [22%] Smithella [19%]   
B13 Uncultured bacterium C5Lks2 AM086120 92% Syntrophobacterales [31%]  Syntrophaceae [29%] Smithella [26%] 
B14 Uncultured bacterium cs14 DQ088239 97% Cystobacterineae [29%]  Cystobacteraceae [29%] Archangium [25%] 
B20 Uncultured bacterium ORSFAM_h05 EF393287 97% Syntrophobacterales [98%]  Syntrophaceae [98%] Smithella [79%] 
B26 Uncultured bacterium R1_4 AJ876724 99% Oceanospirillales [74%]  Oceanospirillaceae [72%] Thalassolituus [51%] 
B32 Uncultured bacterium SHD-209 AJ278163 92% Clostridiales [99%]  Ruminococcaceae [97%] Acetanaerobacterium [23%] 
B43 Uncultured bacterium Pav-026 DQ642339 97% Syntrophobacterales [99%]  Syntrophaceae [99%] Smithella [73%]   
C2  Uncultured bacterium  35-56 DQ833493 98% Clostridiales [88%]  Ruminococcaceae [42%] Acetivibrio [35%] 
C10 Chlorobium limicola DSM 245 CP001097 96% Chlorobiales [100%]  Chlorobiaceae [100%] Chlorobium [79%] 
C24 Chlorobium limicola DSM 245  CP001097 99% Chlorobiales [100%]  Chlorobiaceae [100%] Chlorobium [100%] 
C27 Uncultured bacterium LaC15L8 EF667819 87% Syntrophobacterales [27%]  Syntrophaceae [27%] Smithella [21%]   
C32 Uncultured bacterium Pav-026 DQ642339 97% Syntrophobacterales [99%] Syntrophaceae [99%]   Smithella [78%] 
C35 Chlorobium limicola DSM 245 CP001097 100% Chlorobiales [100%]  Chlorobiaceae [100%] Chlorobium [93%] 
C39 Chlorobium limicola DSM 245 CP001097 100% Chlorobiales [100%]  Chlorobiaceae [100%] Chlorobium [92%] 
C40 Uncultured bacterium WS159JS0307 EU707315 93% Alteromonadales [37%]  Incertae sedis [37%] Saccharophagus [15%]   
C42 Uncultured bacterium Amb16S1280 EF018810 87% Syntrophobacterales [27%]  Syntrophobacteraceae [27%] Desulforhabdus [22%] 
C45 Chlorobium limicola DSM 245 CP001097 94% Chlorobiales [56%]  Chlorobiaceae [56%] Chlorobium [48%]   
D1 Uncultured bacterium d6-25 AM409986 96% Syntrophobacterales [28%]  Syntrophobacteraceae [24%] Desulforhabdus [16%] 
D6 Uncultured bacterium 307c2  EF459997 99% Chromatiales [100%]  Chromatiaceae [100%] Thiocystis [26%]   
D10 Uncultured bacterium STU13  EU700155 97% Burkholderiales [98%]  Incertae sedis [38%] Schlegelella [15%] 
D14 Uncultured bacterium 2N1-21 EU160002 89% Syntrophobacterales [57%]  Syntrophaceae [57%] Smithella [57%]   
D20 Uncultured bacterium NGD32 EF614052 97% Acidobacteriales [100%]  Acidobacteriaceae [100%] Gp6 [100%]   
D25 Uncultured bacterium HM64 AM909864 91% Syntrophobacterales [97%]  Syntrophaceae [97%] Smithella [96%]   
D28 Uncultured bacterium C5Lks1 AM086102 90% Acidithiobacillales [15%]  Thermithiobacillaceae [15%] Thermithiobacillus [15%] 
D30 Uncultured bacterium ORSFAM_h05  EF 393287 97% Syntrophobacterales [99%]  Syntrophaceae [99%] Smithella [86%] 
D44 Uncultured bacterium 109b1  EF459899 93% Syntrophobacterales [42%]  Syntrophaceae [42%] Smithella [16%] 
D46 Uncultured Acidobacteria BGC.0081  EF457415 94% Acidobacteriales [100%]  Acidobacteriaceae [100%] Gp13 [100%]   
E1 Uncultured bacterium 63F518R-27 EU703582 100% Enterobacteriales [100%]  Enterobacteriaceae [100%] Shigella [87%] 
E4 Uncultured bacterium Pav-121 DQ785307 95% Nitrospirales [32%]  Nitrospiraceae [32%] Magnetobacterium [32%] 
E6 Uncultured bacterium EB11 EU334526 96% Syntrophobacterales [99%]  Syntrophaceae [99%] Smithella [97%]   
E9 Uncultured bacterium RA13C8  AF407407 95% Clostridiales [98%]  Ruminococcaceae [95%] Ruminococcaceae Incertae Sedis [42%] 
E13 Uncultured bacterium LiUU-5-144  AY509400 93% Rhodospirillales [81%]  Acetobacteraceae [81%] Paracraurococcus [40%] 
E19 Uncultured bacterium Kas202B EF203209 95% Methylococcales [39%]  Methylococcaceae [39%] Methylococcus [23%] 
E21 Uncultured bacterium anSA06  EF034815 94% Chromatiales [87%]  Ectothiorhodospiraceae [42%] Alkalilimnicola [26%]   
E23 Uncultured bacterium ORSFAM_h05 EF393287 97% Syntrophobacterales [98%]  Syntrophaceae [98%] Smithella [73%] 
E25 Uncultured bacterium anSA06  EF034815 94% Chromatiales [88%]  Chromatiaceae [63%] Rhabdochromatium[ 40%]   
E27 Uncultured bacterium 234b2  EF459933 90% Clostridiales [83%]  Ruminococcaceae [77%] Acetivibrio [69%]   
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Figure 2. Neighbor-joining tree showing relationship between eubacterial 16S rRNA gene sequences from 
sediment (red circles) and reference sequences obtained through BLAST analysis. Strains out of the circles, with 
less than 80% confidence, are displayed under an “unclassified” taxon.  
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IV.3.2. Archaeal DGGE profile and sequence analysis of excised 
bands 

 

DGGE profile of sediment archaeal community revealed a distinct profile with six well 

distint bands that were excised from the gel (Fig. 3). 

 
Figure 3. DGGE analysis of the archaeal community of Lake Averno sediment. 

 

Archaeal PCR amplification of the DNA eluted from bands A5 and A6 failed, whereas 

the other bands that were successfully sequenced showed high similarity (sequence identity 

99-100%) to sequences belonging to uncultured relatives present in the NCBI databases 

(Table 2). With the exception of band A3, the RDP phylogenetic classification of these 

sequences, at Genus level, was well supported by the bootstrap confidence values. 
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Table. 2.  
a. Sequence similarities between 16S rRNA gene sequences of bands and those of the closest relatives in the 
NCBI database 
b. Identification performed with RDP Classification Algorithm. Bootstrap confidence values are given between 
brackets (classification is well supported for confidence > 80%). 
 

 

Previous studies suggested that Archaea may account for only a minor fraction 

(approximately 1%) of the total prokaryotic community of the sediment (0–10 cm) (Sharz et 

al., 2007). This is in agreement with our study, in which we observed a less archaeal diversity 

in comparison with results obtained for the eubacterial domain. Comparative sequence 

analysis revealed that all the detected archaeal 16S rRNA genes were affiliated to 

euryarchaeotal group and clustered into the Methanomicrobiales (bands A1, A2, A3) and 

Methanosarcinales (band A6) divisions (Fig. 4) 

 

 

Figure 4. Neighbor-joining tree showing relationship between archaeal 16S rRNA gene sequences from 
sediment (red circles) and sequences of their closest relatives obtained through BLAST analysis. 
 

These sequences were linked to known hydrogenotrophic methanogens (methane 

production from H2 and CO2) of the Methanomicrobiaceae family and to the acetoclastic 

(methane production from acetate) Methanosaetaceae (Table 2). This dominance of 

Methanosaetaceae and Methanomicrobiales among the total sedimentary archaeal community 

Band  Closest relativea 
(accession number) Identity

a
 

Phylogenetic affiliation (b) 
Order Family Genus 

A1 Uncultured clone SD69  
(EU283044) 99% Methanomicrobiales [100%]  Methanomicrobiaceae 

[100%] Methanoculleus [84%]   

A2 Uncultured clone 
MHLsu47_1B (EU155933) 100% Methanomicrobiales [100%] Methanomicrobiaceae 

[100%] Methanoculleus [83%]   

A3 Uncultured clone MVP-7A-1 
(DQ676255)  99% Methanomicrobiales [100%] Methanomicrobiaceae 

[99%] Methanoculleu s[77%]   

A4 Uncultured Archaea mbII-a9  
(AB426163)  100% Methanosarcinales [100%]  Methanosaetaceae [100%] Methanothrix [100%]  

Methanomicrobiales 

Methanosarcinales 

Methanomicrobiales 
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has also been shown for other meso- to eutrophic freshwater lakes, e.g. Lake Biwa in Japan 

(Koizumi et al., 2003), Lake Soyang in South Korea (Go et al., 2000), Lake Dagow in 

Germany (Glissman et al., 2004). Although the different detection methods used, all these 

studies indicated that Methanomicrobiales and Methanosaetaceae are the most widespread 

Archaea in freshwater sediments. This could suggests that Methanomicrobiales and 

Methanosaetaceae are efficient syntrophic partners (removal of hydrogen and acetate) in the 

complete degradation of organic biomass in freshwater sediments. 

 

IV.3.3. Diversity of FHGs in sediment sample and phylogenetic 
analysis 

 

The new primer HydA1-F (5’-CATGTAATAGTTGCTATGGC-3’, Tm 56.3), enabled to 

amplify a longer nucleotide fragment of the clostridial FHG (~650 bp), in comparison to that 

previously obtained with the set of primers HydA-F/HydA-R (Fang et al., 2006). Sequences 

analysis of PCR products fully confirmed the specificity of the used primer pairs. 

The nucleotide sequences of the 33 selected clones were compared with all available 

[FeFe]-hydrogenase sequences in the GenBank database, showing low similarity values (< 

87%) in most cases, except for clones HydA-10, HydA-21, HydA-28 and HydA-32 (99-100% 

of identity) (Table 3). Similar low identity values were obtained by the comparison between 

the amino acid sequences, deduced from the corresponding DNA sequences of these [FeFe]-

hydrogenases, and their closest relatives (Table 4)  
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Clone Closest relative Accession no. Identity 

HydA1 Clostridium paraputrificum AB159510 82% 

HydA4 Clostridium paraputrificum AB159510 81% 

HydA12 Clostridium paraputrificum AB159510 82% 

HydA15 Clostridium paraputrificum AB159510 82% 

HydA17 Clostridium paraputrificum AB159510 82% 

HydA19 Clostridium paraputrificum AB159510 80% 

HydA22 Clostridium paraputrificum AB159510 82% 

HydA16 Clostridium butyricum strain FBR1 EU689097 80% 

HydA23 Clostridium butyricum strain FBR1 EU689097 81% 

HydA33 Clostridium butyricum strain FBR1 EU689097 81% 

HydA34 Clostridium butyricum strain FBR1 EU689097 81% 

HydA35 Clostridium butyricum strain FBR1 EU689097 81% 

HydA44 Clostridium butyricum strain FBR1 EU689097 81% 

HydA46 Clostridium butyricum strain FBR1 EU689097 81% 

HydA84 Clostridium butyricum strain FBR1 EU689097 81% 

HydA91 Clostridium butyricum strain FBR1 EU689097 81% 

HydA103 Clostridium butyricum strain FBR1 EU689097 81% 

HydA104 Clostridium butyricum strain FBR1 EU689097 81% 

HydA105 Clostridium butyricum strain FBR1 EU689097 81% 

HydA10 Clostridium perfrigens str. 13 BA000016 99% 

HydA21 Clostridium perfrigens ATCC 13124 CP000246 100% 

HydA28 Clostridium perfrigens ATCC 13124 CP000246 99% 

HydA8 Clostridium acetobutylicum ATCC 824 AE001437 86% 

HydA27 Clostridium acetobutylicum ATCC 824 AE001437 86% 

HydA32 Clostridium perfrigens SM101 CP000312 99% 

HydA24 Uncultured Clostridium sp. PCR-KE3-2 AY660727 89% 

HydA26 Clostridium butyricum strain DSM10702 EF627973 82% 

HydA2 Clostridium sp. IBUN 13A GQ180215 82% 

HydA5 Clostridium sp. IBUN 13A GQ180215 80% 

HydA6 Clostridium sp. IBUN 13A GQ180215 80% 

HydA31 Clostridium sp. IBUN 13A GQ180215 80% 

HydA3 Clostridium saccharobutylicum P626 U09760 80% 

HydA13 Clostridium botulinum B str. Eklund 17B CP001056 80% 

 
Table 3. Similarities between FHG nucleotide sequences of bands and those of the closest relatives in the NCBI 
database 
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Clone Closest relative Accession no. Identity 

HydA1 Clostridium paraputrificum BAD29951 82% 

HydA4 Clostridium paraputrificum BAD29951 81% 

HydA12 Clostridium paraputrificum BAD29951 82% 

HydA15 Clostridium paraputrificum BAD29951 82% 

HydA17 Clostridium paraputrificum BAD29951 82% 

HydA19 Clostridium paraputrificum BAD29951 81% 

HydA22 Clostridium paraputrificum BAD29951 82% 

HydA16 Clostridium cellulovorans 743B ZP_04803630 83% 

HydA33 Clostridium cellulovorans 743B ZP_04803630 83% 

HydA46 Clostridium cellulovorans 743B ZP_04803630 81% 

HydA84 Clostridium cellulovorans 743B ZP_04803630 82% 

HydA103 Clostridium cellulovorans 743B ZP_04803630 81% 

HydA104 Clostridium cellulovorans 743B ZP_04803630 81% 

HydA105 Clostridium cellulovorans 743B ZP_04803630 81% 

HydA10 Clostridium perfrigens CPE str. F4969 ZP_02638882 97% 

HydA28 Clostridium perfrigens CPE str. F4969 ZP_02638882 98% 

HydA21 Clostridium perfrigens E str. JGS1987 ZP_02631180 100% 

HydA8 Clostridium acetobutylicum  ATCC 824 NP_346675 90% 

HydA27 Clostridium acetobutylicum  ATCC 824 NP_346675 90% 

HydA32 Clostridium perfrigens SM101  YP_699606 97% 

HydA24 Clostridium pasteurianum P29166 83% 

HydA26 Clostridium sp. 7_2_43FAA ZP_05132432 88% 

HydA2 Clostridium sp. 7_2_43FAA ZP_05132432 88% 

HydA5 Clostridium sp. 7_2_43FAA ZP_05132432 86% 

HydA6 Clostridium sp. 7_2_43FAA ZP_05132432 86% 

HydA23 Clostridium sp. 7_2_43FAA ZP_05132432 86% 

HydA31 Clostridium sp. 7_2_43FAA ZP_05132432 85% 

HydA34 Clostridium sp. 7_2_43FAA ZP_05132432 82% 

HydA35 Clostridium sp. 7_2_43FAA ZP_05132432 82% 

HydA44 Clostridium sp. 7_2_43FAA ZP_05132432 83% 

HydA91 Clostridium sp. 7_2_43FAA ZP_05132432 83% 

HydA3 Clostridium butyricum  AB042543 81% 

HydA13 Clostridium sp. 7_2_43FAA ZP_05132432 87% 
 
Table 4. Similarities between FHG amino acid sequences of bands and those of the closest relatives in the NCBI 
database 
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Table 5 shows the calculated similarities of amino acid sequences between the thirty-

three new identified [FeFe]-hydrogenase fragments and the six known Clostridium species 

used to design primer HydA1-F. A similar table was also compiled for the similarity analysis 

of DNA sequences (Table 6). Results show that clones found in this study were rather similar 

to each other, with similarity values ranging from 69 to 100% and from 19 to 99.7% based on 

amino acid and nucleotide sequences, respectively. These values are bigger than the 

similarities found among the amino acid sequences (33-75%) and among the nucleotide 

sequences (8-66%) of the 6 known hydrogenase genes alone. The highest similarity value 

(100%) among amino acid sequences was found among HydA-1, HydA-12 and HydA-22 

clones. The clone sequences obtained in this study have low similarities to C. 

saccharoperbutylacetonicum and C. thermocellum, i.e. 37-58% based on amino acid 

sequences and 7-18% based on DNA sequences. Instead, these clones were more closely 

related to C. pasteurianum, C. paraputrificum, C. saccharobutylicum and C. perfringens, with 

values of similarity ranging from 73 to 100% and from 13 to 97.8% based on amino acid and 

nucleotide sequences, respectively. 
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Clostridium species: 1. C. perfringens; 2. C. saccharobutylicum; 3. C. pasteurianum; 4. C. paraputrificum; 5. C. thermocellum; 6. C. saccharoperbutylacetonicum 

 
Table 5. Similarity comparison of amino acid sequences of FHG fragments obtained in this study and those of Clostridium species used for the primer design. 
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Clostridium species: 1. C. perfringens; 2. C. paraputrificum; 3. C. thermocellum; 4. C. saccharoperbutylacetonicum; 5. C. pasteurianum; 6. C. saccharobutylicum 

 

Table 6. Similarity comparison of nucleotide sequences of FHG fragments obtained in this study and those of Clostridium species used for the primer design. 
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Phylogenetic relationships of the new identified FHG fragments and the six above 

mentioned known species, according to their DNA and amino acid sequences, are illustrated 

in Fig. 5 and Fig. 6, respectively. Some general features are found from these trees. As 

evidenced by the high bootstrap values, the thirty-three clones were classified into six main 

groups that formed distinct branches within the Clostridium genus, being not related to any 

known reference sequence, with the exception of the clones, belonged to Cluster V, closely 

affiliated to Clostridium perfringens. 

                 
Figure 5. Neighbor-joining tree showing relationship between nucleotide FHG gene sequences from sediment 
(red circles) and those of Clostridium species used for the primer design (green triangles). 
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Figure 6. Neighbor-joining tree showing relationship between amino acid FHG gene sequences from sediment 
(red circles) and those of Clostridium species used for the primer design (green triangles)  
 

Phylogenetic trees, showing the relationships between thes new identified FHG fragments 

and their closest relatives, with the addition of the six Clostridium species used to design 

primer, were also constructed on the basis of the DNA and amino acid sequences (Fig. 7 and 

Fig. 8). 

HydA nucleotide sequences of the clones retrieved in this study fell into the same six 

main groups previously evidenced (Fig. 5). Clones of cluster II, cluster IV and Cluster V, 

were affiliated, with high values of bootstrap, to Clostridium acetobutylicum, Clostridium sp 

and Clostridium perfringens, respectively. Clones of cluster VI were weakly related to 

Clostridium paraputrificum (low bootstrap value), whereas cluster I and cluster III were not 

related to the reference sequences and formed distint branches. Similar groups were obtained 
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from the tree based on the amino acid sequences, with the exception of cluster IV, in which 

clone HydA-24 was not related to any amino acid reference sequence (Fig. 8) 

In conclusion, these results evidenced not only the presence of well known hydrogen-

producing bacteria such as Clostridium acetobutylicum, Clostridium sp., Clostridium 

perfringens and Clostridium paraputrificum, but also the existence of new species of putative 

hydrogen-producer in the natural environment of lake sediment. 
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Figure 7. Neighbor-joining tree showing relationship between FHG gene sequences from sediment (red circles) 
and reference sequences obtained through blastn analysis, with the addition of the six Clostridium species used 
to design primer (green triangles). 
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Figure 8. Neighbor-joining tree showing relationship between FHG gene sequences from sediment (red circles) 
and reference sequences obtained obtained through blastx analysis, with the addition of the six Clostridium 
species used to design primer (green triangles)

Cluster I 

Cluster VI 

Cluster IV 

Cluster V 

Cluster III 

Cluster II 



[Part 3] 

122 

References 
 

Caliro, S., Chiodini, G., Izzo, G., Minopoli, C., Signorini, A., Avino, R., Granieri, D. 2008 Geochemical and 
biochemical evidence of lake overturn and fish kill at Lake Averno, Italy. J Volcanol Geother Res 178: 305-
316. 

Chan, O. C., P. Claus, P. Casper, A. Ulrich, T. Lueders, Conrad, R. 2005. Vertical distribution of structure and 
function of the methanogenic archaeal community in Lake Dagow sediment. Environ. Microbiol. 7, 1139-
1149. 

Fang, H H P; Zhang T.; Li C. 2006. Characterization of Fe-hydrogenase genes diversity and hydrogen-producing 
population in an acidophilic sludge. Journal of biotechnology. 126(3):357-64. 

Glissmann, K., Chin, K. J., Casper, P., Conrad, R. Methanogenic pathway and archaeal community structure in 
the sediment of eutrophic Lake Dagow: effect of temperature, Microbial. Ecol. 48 (2004) 389–399. 

Go, Y. S., Han, S. K., Lee, I. G., Ahn, T. Y. 2000 Diversity of the domain Archaea as determined by 16S rRNA 
gene analysis in the sediments of Lake Soyang, Arch. Hydrobiol. 149, 459–466. 

Hastings, R. C., Saunders, J. R., Hall, G. H., Pickup, R. W., McCarthy, A. J. 1998. Application of molecular 
biological techniques to a seasonal study of ammonia oxidation in a eutrophic freshwater lake. Appl. Environ. 
Microbiol. 64, 3674-3682 

Hiorns, W. D., Hastings, R. C., Head, I. M., McCarthy, A. J., Saunders, J. R., Pickup, R. W., Hall G. H. 1995. 
Amplification of 16S ribosomal RNA genes of autotrophic ammonia-oxidizing bacteria demonstrates the 
ubiquity of nitrosospiras in the environment. Microbiology 141:2793–2800. 

Kawagoshi Y., Hino N., Fujimoto A., Nakao M., Fujita Y., Sugimura S., Furukawa K. 2005. Effect of inoculum 
conditioning on hydrogen fermentation and pH effect on bacterial community relevant to hydrogen 
production. Journal of Bioscience and Bioengineering. Vol. 100; pp. 524-530 

Koizumi, Y., Kojima, H., Fukui, M. 2004. Dominant microbial composition and its vertical distribution in saline 
meromictic Lake Kaiike (Japan) as revealed by quantitative oligonucleotide probe membrane hybridisation, 
Appl. Environ. Microbiol. 70  4930–4940. 

Koizumi, Y., Takii, S., Nishino, M., Nakajima, T. 2003. Vertical distributions of sulfate-reducing bacteria and 
methane-producing Archaea quantified by oligonucleotide probe hybridization in the profundal sediment of a 
mesotrophic lake, FEMS Microbiol. Ecol. 44 101–108. 

Li, J. H., Purdy, K. J., Takii, S., Hayashi, H. 1999. Seasonal changes in ribosomal RNA of sulfate-reducing 
bacteria and sulfate reducing activity in a freshwater lake sediment. FEMS Microbiol. Ecol. 28:31–39.  

Lindstrom, E. S., Leskinen, E. 2002. Do neighboring lakes share common taxa of bacterioplankton? Comparison 
of 16S rDNA fingerprints and sequences from three geographic regions. Microb. Ecol. 44:1–9. 

Miskin, I. P., Farrimond, P., Head, M. 1999. Identification of novel bacterial lineages as active members of 
microbial populations in a freshwater sediment using a rapid RNA extraction procedure and RT-PCR. 
Microbiology 145:1977–1987. 

Nelson D. M., Ohene-Adjei S., Hu F. S., Cann I. K O, Mackie R. I. 2007. Bacterial diversity and distribution in 
the holocene sediments of a northern temperate lake. Microbiol. Ecol. 54(2):252-63. 

Purdy, K. J., Nedwell, D. B., Embley, T. M., Takii, S. 1997. Use of 16S rRNA-targeted oligonucleotide probes 
to investigate the occurrence and selection of sulfate-reducing bacteria in response to nutrient addition to 
sediment slurry microcosms from a Japanese estuary. FEMS Microbiol. Ecol. 24:221–234. 

Schwarz, J. I. K., Eckert, W., Conrad, R. 2007 Community structure of Archaea and Bacteria in a profundal 
sediment, Lake Kinneret (Israel). Syst. Appl. Microbiol. 30, 239-254. 

Spring, S., Schulze, R., Overmann, J., Schleifer, K. 2000. Identification and characterization of ecologically 
significant prokaryotes in the sediment of freshwater lakes: molecular and cultivation studies. FEMS 
Microbiology Reviews, 24: 573-590 

Stackebrandt, E., Goebel, B. M. 1994. A place for DNA–DNA reassociation and 16S rRNA sequence analysis in 
the present species definition in bacteriology. Int J Syst Bacteriol 44, 846–849. 

Tamaki, H., Sekiguchi, Y., Hanada, S., Nakamura, K., Nomura, N., Matsumura, M., Kamagata, Y. 2005. 
Comparative analysis of bacterial diversity in freshwater sediment of a shallow eutrophic lake by molecular 
and improved cultivation-based techniques. Appl. Environ. Microbiol. 71, 2162-2169. 

Tamura, K., Dudley, J., Nei, M., Kumar, S. 2007. MEGA4: molecular evolutionary genetics analysis (MEGA) 
software version 4.0. Mol Biol Evol. 24: 1596-1599. 

Wise, M. G., McArthur, J. V. Shimkets, L. J. 1997. Bacterial diversity of a Carolina Bay as determined by 16S 
rRNA gene analysis: confirmation of novel taxa. Appl. Environ. Microbiol. 63:1505–1514. 

Wobus, C., Bleul, S., Maassen, C., Scheerer, M., Schuppler, E., Jacobs, Roske, I., 2003. Microbial diversity and 
functional characterization of sediments from reservoirs of different trophic state, FEMS Microbiol. Ecol. 46 
331–347. 

Zhou, J.-Z., Bruns, M. A. Tiedje, J. M. 1996. DNA recovery from soils of diverse composition. Appl. Environ. 
Microbiol. 62:461–468. 



[Summary] 

123 

Summary 

 

The diversity of lake microbial communities has been investigated for many years using 

methods based on isolation of microorganisms on culture media. However, as the proportion 

of cells from environmental samples which can be cultured is estimated to be 0.1% or at most 

10% of the total population, this method provides partial data concerning the composition of 

these communities. Recent advances in the field of molecular biology (extraction of nucleic 

acids, polymerase chain reaction (PCR) amplification, fingerprinting methods) allowed the 

development of techniques which no longer require the isolation and cultivation of bacteria. 

Denaturing gradient gel electrophoresis (DGGE) analysis of 16S rRNA gene fragments 

has been widely used to assess the diversity of complex microbial communities. Several 

cultivation-independent studies of microbial diversity in sediments and water column of lakes 

have been conducted, but the importance and role of microorganisms in these ecosystems 

require further investigation, especially with respect to their potentially important 

partecipation in the significant biogeochemical cycling of elements such as carbon and 

nitrogen. For this purpose it could be also useful to characterize the bacterial population with 

specific metabolic activities, such as nitrification/denitrification, sulfate reduction, methane 

production and hydrogen production, on the basis of their functional genes. 

In particular, in the last years, hydrogen-evolving microorganisms have attracted much 

attention due to their potential in biological hydrogen production from renewable biomass. 

Since it was demonstrated that lake sediment represents an efficient inoculum for an 

appreciable hydrogen production (Kawagoshi et al., 2005), it is useful to assess the the 

diversity of H2 producing bacteria naturally occurring in this habitat. 

In the present study PCR-DGGE technique was employed to assess the microbial 

diversity along the water column of Lake Averno in relation to environmental parameters, and 

to investigate the bacterial community composition of its superficial sediment. 

Moreover, the diversity of H2 producing bacteria from lake sediment was assessed by 

PCR amplification and subsequent cloning and sequencing of the FHG fragments. 
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